A Methodology to Study Cell Deformation Behaviour within Native and Tissue Engineered Cartilage Subjected to Incremental Compression Using Confocal Microscopy by Kwan, Choi Kwan
A Methodology to Study Cell Deformation Behaviour within Native 
and Tissue Engineered Cartilage Subjected to Incremental 
Compression Using Confocal Microscopy  
 
 
Kwan Choi Kwan  
 
Submitted in accordance with the requirements for the degree of  
Doctor of Philosophy 
 
 
The University of Leeds 






The candidate confirms that the work submitted is his own and that appropriate credit has been 
given where reference has been made to the work of others. 
 
This copy has been supplied on the understanding that it is copyright material and that no 
quotation from the thesis may be published without proper acknowledgement. 
 
© 2020 The University of Leeds and Kwan Choi Kwan 
- ii - 
Acknowledgements 
Firstly, I would like to thank my supervisors Professor Jennifer Kirkham, Dr Scott Finlay, Dr 
Bahaa Seedom and Professor David Wood for providing me with their tremendous academic 
guidance and support throughout the years. I have really enjoyed working with all of you and I 
can’t believe I have got here in the end. I wouldn’t have got here without all of your help, 
especially during the last eight months! 
I would like to thank the colleagues from Xiros Ltd, the Department of Oral Biology, the 
institute of Mechanical and Biological Engineering (iMBE), the St James’s Flow Cytometry 
and Imaging Facility, Nikon Instruments and the Henry Moseley X-ray Imaging Facility, 
University of Manchester for giving me their time and support over the years. I would like 
to specially thank the numerous individuals that have provided me with their expertise and 
advice within this thesis. Thanks to Dr Martin Stanley for his advice and assistance on the 
designs of the compression device. Thanks to Mrs Jackie Hudson for the specialised 
training and support on confocal microscopy and histology techniques. Thanks to Dr Sarah 
Myers and Mr Matty Percival for their help and support in the lab. Thanks to Dr Adam 
Davidson for his expertise and invaluable advice on confocal microscopy. Thanks to Mr 
Philip Wood and Mr Irvin Homan for their help with tissue ordering. Thanks to Dr Ruikang 
Xue for introducing me to the software, Amira. 
I would like to thank Xiros Ltd for providing the scaffolds used throughout the study. 
Thanks to Kirkstall Precision for fabricating the compression device. Thanks also Covance 
Ltd for the embedding and sectioning of produced cartilage constructs and harvested 
osteochondral plugs. 
Thank you to the Centre of Doctoral Training for Tissue Engineering and Regenerative 
Medicine (CDT TERM) and Xiros Ltd for funding my study and providing me the 
opportunity to broaden my knowledge in the field that I feel very passionate about.  
Finally, I would like to give special acknowledgment to my family and friends. I am 
grateful to my family for always being there for me and supporting me throughout this 
journey. I would not be where I am without my mum, dad and brother. The biggest thank 
you to my partner Mary for always believing in me, especially during some tough times in the 
last eight months. I am very grateful that you are always there for me and thank you for your 
help with the figures. A big thank you to Cathie and Mark for putting me up over the last 
month. Special mention to Jonah, Harry, Mike, Damien, Matt and Katie for being brilliant 
friends and provided me with great memories in Leeds that I will cherish forever.  
 
- iii - 
Abstract 
In cartilage tissue engineering, it is vital that an appropriate amount of stress is received by the 
cells to favour for the promotion of a chondrocyte-like phenotype and induction of deposition of 
an appropriate matrix for tissue maturation. The aim of this thesis was to determine the effects 
of incremental tissue compression on cell deformation in native and tissue engineered cartilage, 
in an attempt to better understand Finlay’s hypothesised mechanism in developing cartilage-like 
constructs [1]. 
A novel compression device was developed to apply compressive tissue strains and 
simultaneous allow visualisation of cells within native and tissue engineered cartilage disks in 
real time. A dual staining method of Hoechst 33342 and CellMask Green plasma membrane 
stains with superior retention of fluorescence signal following the capture of sequential images 
was developed and used to visualise, track and image cell morphology in native and tissue 
engineered cartilage. Both were used to address the aim of this thesis.  
Significant changes in deformation of superficial zone chondrocytes within cartilage disks were 
observed under 10 % and 15 % compressive strains and it is believed that these changes were 
largely influenced by the local ECM environment as well as the pericellular matrix.  
For engineered constructs, limited amount of cartilage-like matrix was seen in contrast to Finlay 
et al. (2016) [1]. The reason for the differences could be related to the starting scaffold porosity 
used in the constructs, emphasising the need to understand the relationships between scaffold 
porosity, cell seeding density and time to cell differentiation. Limited change in synoviocyte 
morphology was observed within loaded constructs under the estimated strain experienced by 
the construct during mechanical loading and under 28 % compressive strain. The observed 
effects were likely be influenced by the microenvironment around the measured synoviocytes. 
It is concluded that a novel methodology capable to visualise, track, image and quantify changes 
in cell morphology within native cartilage disks and tissue engineered cartilage constructs under 
static compressive tissue strains has been achieved. This provides a platform upon which to 
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Chapter 1 - General Introduction  
This chapter outlines the scope of the thesis and reviews the literature relevant to its subject. It 
first discusses articular cartilage composition and structure and how these relate to the tissue’s 
unique mechanical properties, which enable its main functions of load bearing and near 
frictionless articulation. The effect of mechanical loading on cartilage and chondrocyte 
response are then reviewed. Cartilage damage and current repair strategies are then 
considered, along with discussion of a promising strategy of tissue engineering for cartilage 
regeneration. Cartilage tissue engineering is then addressed, describing its key elements and 
discussing the recent approaches used to create constructs that could be used for cartilage 
repair.  
1.1 Composition of Articular Cartilage 
Articular cartilage (also called hyaline cartilage) is a specialised connective tissue that covers 
the ends of articulating bone in diarthrodial joints, such as the hip and knee [2], [3] and is an 
essential component for the normal function of synovial joints. Articular cartilage is typically 
glassy smooth, glistening and bluish-white in appearance with a thickness ranging from 0.5 to 5 
mm in human joints [3], [4]. It is an anisotropic tissue of many components [5]. It consists of a 
dense functional extracellular matrix (ECM), with a relatively small number of specialised cells 
called chondrocytes that are sparsely distributed within the matrix [6]. Chondrocytes usually 
constitute around 1-5 % of the total volume of articular cartilage [5], [7], [8]. Chondrocytes 
synthesise, secrete, organise and maintain matrix components [5], [8]. Although the 
chondrocyte number per volume unit varies from tissue to tissue, the chondrocyte density within 
hyaline cartilage is approximately 15 x 103cells/𝑚𝑚3 [9], [10]. The ECM is mainly composed 
of collagen, proteoglycans (PGs) and glycosaminoglycans (GAGs) [11]. GAGs are highly 
hydrophilic which attracts water molecules and favours tissue hydration [10], [12]. These 
components contribute approximately 20-35% of the total cartilage weight [5]–[7], [12], [13]. 
The remaining weight is represented by water (65-80 % wet weight). Within the ECM, an 
extensive network of dense collagen fibrils (15-25 % wet weight of cartilage) are enmeshed in a 
concentrated gel of PGs (5-10 % wet weight) and GAGs [5]–[7], [9], [12], [13].  
Unlike the majority of tissues in the body, cartilage is an aneural and avascular connective tissue 
and therefore nutrient and waste transfer doesn’t rely on the circulatory system [7], [8], [13]–
[15]. Instead, both nutrient transportation and waste removal occur by diffusion through the 
synovial fluid [16]–[18]. The interstitial fluid flows through the cartilage matrix to transport and 
distribute nutrients to the embedded chondrocytes [8]. The absence of vascularisation 
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contributes to the limited capacity for spontaneous repair and remodelling which may result in 
progressive damage and degeneration following tissue damage [14].  
1.1.1 Chondrocytes  
Despite the sparse distribution and low number of chondrocytes in articular cartilage, they play 
a critical role in the development, maintenance and repair of the tissue’s ECM infrastructure [5], 
[7], [8], [19]. Chondrocytes synthesise all of the matrix components, including type II collagen 
and PGs and regulate matrix metabolism [7], [20]. The cells vary in shape, number and size 
throughout the depth of the tissue (as discussed in Section 1.2) [8]. Chondrocytes present near 
the articular surface are usually flatter and smaller and have a greater density than those located 
deeper in the matrix [19]. 
Each chondrocyte is associated with its own specialised microenvironment and determines the 
turnover of its own local ECM [8]. The microenvironment basically traps individual 
chondrocytes each within their own matrix, restricting any migration to adjacent areas of the 
tissue [8]. In articular cartilage, chondrocytes respond to a variety of stimuli, such as growth 
factors, mechanical loads and hydrostatic pressures, to regulate their metabolic and biosynthesis 
activities [8], [21], [22]. In addition to low cellularity, they have limited capacity to divide and 
proliferate, a factor that contributes to the intrinsic inability to repair in response to injury, 
which in turn, makes cartilage defects very difficult to heal [8], [23], [24].  
1.1.2 Collagen  
The main structural component of articular cartilage ECM is collagen [25], [26]. The collagen 
fibrillar network formed within the ECM acts as a framework to provide sufficient resistance to 
tensile and shear stresses, thus supporting the tissue structure [8]. A typical fibrillar collagen 
molecule compromises three polypeptide α strands coiling around each other to form a right-
handed triple helical structure [5], [9], [12], [27]. Each polypeptide α chain is composed of a 
basic repeating amino acid sequence of [glycine-X-Y] n, where X is often proline and Y is often 
hydroxproline [9], [12].  
The primary collagen type found in the ECM of articular cartilage is type II collagen, 
accounting for 90-95% of the tissue’s collagen content [6], [28]. This type of collagen is 
composed of three identical α polypeptides wound into a triple helical structure [28]. The 
network of collagen fibrils is formed by assembling type II collagen molecules laterally and 
longitudinally and through intramolecular and intermolecular cross-linking between lysine 
residues in adjacent molecules [28]. The triple helical structure and the cross-linking between 
adjacent chains contribute to articular cartilage’s excellent tensile stiffness and strength [8], 
[12]. Collagen type II content is often used as a marker for hyaline cartilage because it is one of 
the major components of hyaline cartilage [25].  
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Apart from type II collagen, a minor proportion of different collagens, such as type III, VI, IX, 
X, XI, XII and XIV, can also be found within the cartilage ECM [8], [28]. Collagens IX and 
XI both interact with collagen type II through covalent cross-links on the surface of the collagen 
type II fibrils to form a network of heteromeric fibrils [29]–[32]. These interactions help to form 
and stabilise the organisation of the collagen network and therefore provide increase stability 
and mechanical integrity to articular cartilage [12], [29], [31]. In addition to interfibrillar cross-
linking, this allows the collagen fibril network to resist the swelling pressure from PGs and the 
tensile and shear stresses developed within the matrix when the tissue is loaded in situ, along 
with restraints fibrils to entrap PGs [28], [33].  
Collagen III is usually found to be co-polymerised and linked to collagen II as a regular but a 
minor component in the matrix [34]. A large concentration of collagen III tends to be found in 
the superficial and upper middle zones of osteoarthritic cartilage [34]. It has been speculated 
that collagen III is involved in a wound healing role as it is produced by chondrocytes in 
response to matrix damage [34]. Type X collagen is found in the calcified zone of articular 
cartilage and thought to be responsible for matrix calcification [9], [35]. It is also found in 
osteoarthritic cartilage [9].  
Type VI collagen is primarily presented in the pericellular region of articular cartilage to form a 
highly branched filamentous network around the chondrocytes [36]. It also exists throughout the 
matrix for binding to hyaluronans (GAG) and decorins (small PG) [36]. Both collagen type XII 
and XIV are members of the fibril-associated collagens with interrupted triple helices (FACIT) 
collagen subfamily [37]. Collagen XII is found mainly on the articular surface and collagen XIV 
exists throughout the matrix [38]. These two types of collagen are not covalently polymerised in 
the matrix and their functions are unknown [37]. 
1.1.3 Proteoglycans and Water 
Proteoglycans are the other major components in articular cartilage. The second largest group of 
marcomolecules in the ECM accounts for 5-10 % of total cartilage wet weight [5]–[9], [12], 
[13]. They are vital for matrix assembly and structure of articular cartilage. Their primary 
function is to maintain high water capacity in cartilage which endows the tissue with the 
required mechanical properties (compressive strength) to carry out the function of load bearing 
[39]. Proteoglycans are formed with a core protein and one or more covalently attached GAGs 
chains [9]. The most abundant PG found in articular cartilage is the large aggregating PG, 
aggrecan [7], [12], [40]. Other PGs also exist in the ECM including the smaller PGs decorin, 
biglycan and fibbromodulin[7], [12], [40]. Aggrecan is the largest PG in size (1–4 × l06 kDa) but 
even the smaller PGs present in articular cartilage are quite large (approximately 1 × 104 kDa) 
[5]. The common types of GAGs present in cartilage include chondroitin sulphate, keratan 
sulphate, dermatan sulphate and hyaluronan [7], [12].  
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Aggrecan is characterised by the ability to form large aggregates and contributes as much as 80 
% to 90% of the overall PG content in articular cartilage [6], [8], [9]. Aggrecan in cartilage is 
found as large PG aggregates of many aggrecan monomers bound non-covalently to a long 
central core of hyaluronan which is further stabilised by the facilitation of small link proteins 
(Figure 1) [5], [39]. Hyaluronan, also known as hyaluronic acid (HA), is not sulphated like the 
other GAGs found in articular cartilage [12]. It is often considered as a PG but it doesn’t have a 
core protein [12]. It consists only of disaccharide repeat units of N-acetylglucosamine linked to 
glucuronic acid. Its main function is to interact with aggrecan and link protein to form large PG 
aggregates that are immobilised within the interfibrillar space of the ECM [41]–[43]. In 
addition, HA has the capacity to link ECM to chondrocytes via interaction with their cell 
surface hyaluronan receptor CD44 [12].    
Aggrecan occupies the interterritorial region of the ECM and provides the cartilage with the 
osmotic properties that are critical for its ability to withstand compressive loading [8]. Each 
aggrecan consists of a protein core and as many as 100 chondroitin sulphate and 50 keratan 
sulphate GAG chains covalently attached (Figure 2) [12]. These subunit side chains of PGs are 
linear unbranched polysaccharides with disaccharide repeat units that consist of large numbers 
of negatively charged sulphate and carboxyl groups.  
Figure 1: Schematic diagram of a proteoglycan (PG) macromolecule. In the matrix, aggrecans 
non-covalently bind to Hyaluronan (HA) to form a PG macromolecule and further stabilised by 
small link proteins. Figure adapted from [5]. 
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Due to the high concentration of fixed negative charges, it gives rise to an ion concentration 
gradient between cartilage and the surrounding synovial fluid, thus creating a fixed charge 
density (FCD) within the tissue and yielding a Donnan osmotic pressure that favours tissue 
hydration [6], [39], [44], [45]. In order to maintain the osmotic equilibrium and electrolyte 
balance inside the matrix, this excess of densely concentrated ions in the matrix attracts counter-
ions and co-ions (i.e. free mobile inorganic ions in water such as sodium, potassium, chloride 
and calcium). The concentration of these ions in the matrix would thus depend on the local 
concentration of PGs and their FCD [6], [46]. As a result, water is drawn into the cartilage and 
held within the collagen fibril network, causing the tissue to swell and expand [6]. As PGs are 
entrapped in the collagen meshwork, the concentration of fixed negative charges surrounding 
the PGs remains high and swelling is constrained in the matrix which results in high osmolarity 
and a high degree of hydration. The resulting hydrated ECM provides the tissue with the 
osmotic properties to resist significant compressive loads during joint loading and carry out the 
function of load bearing [39].  
The water content of cartilage contributes between 65-80 % of cartilage’s wet weight [5], [8]. 
The water concentration is greatest near the articular surface and decreases in a near linear 
fashion towards the deep zone of the matrix [5]. Approximately 30 % of water is associated 
with the intrafibrillar space within the collagen while a small percentage of water resides in the 
intracellular space [5], [8]. The remaining percentage occupies the interfibrillar (pore) space of 
the matrix (not held by PG), is free to move and can be exuded out of the ECM when a pressure 
gradient or load are applied to the tissue [5], [8]. However, a high frictional resistance is 
generated against the flow of water through the ECM as the permeability of cartilage is very low 
[5], [8]. Together with the frictional resistance to interstitial fluid (water) movement and the 
swelling pressure created within the matrix, these two mechanisms are important in controlling 
cartilage mechanical behaviour and joint lubrication [5], [8].  
Besides large PGs (aggrecan), other smaller PGs include decorin, biglycan and fibromodulin, 
present as less than 10 % of all the PGs in the cartilage tissue [8], [9]. These PGs are 
Figure 2: Schematic depiction of aggrecan, which consists of keratan sulphate and chondroitin 
sulphate chains attached covalently to a protein core. Figure adapted from [5]. 
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characterised as a small group of leucine rich PGs (because their core proteins are rich in 
leucine residues) with the ability to interact with collagen [8], [47]. Although they are similar in 
protein structure, their composition and functions are different [8]. Decorin has one 
chondroitin/dermatan sulphate chain attached to its core protein and is mainly found bonding 
directly to collagen type II fibrils in the superficial zone of articular cartilage [9], [48], [49]. 
Decorin is believed to be responsible for the distribution of collagen type II fibrils in matrix 
organisation along with involvement in cell adhesion, migration and proliferation as a result of 
binding to TGF-β [48], [50]. Biglycan, which consists of two chondroitin/dermatan sulphate 
chains linked to a core protein, is localised in the pericellular space of articular cartilage as well 
as on the surface of chondrocytes, suggesting its involvement in modulating morphogenesis and 
differentiation [48], [49]. Fibromodulin interacts with collagen fibres and is involved in the 
structural formation of the matrix by aiding the assembly of collagen network [9].  
1.2 Structure of Articular Cartilage 
The organisation and composition of ECM components and the morphology and distribution of 
chondrocytes are inhomogeneous within articular cartilage and vary with depth from the 
articular surface [12]. Articular cartilage is characterised into four histologically distinct zones: 
the superficial, middle, deep and calcified zones as illustrated in Figure 3 [51]. Each zone has its 
specific organisation and distribution of constituent components which directly influence its 
mechanical properties changing throughout tissue depth and consequently the functions of 
articular cartilage (see Section 1.4).  
1.2.1 Superficial Zone 
This zone is situated at the top of the articular cartilage (i.e. the surface furthest away from the 
underlying bone), and is the narrowest layer representing 10% to 20 % of total cartilage 
thickness [5], [8], [12]. Chondrocytes in this zone have a flattened morphology and are arranged 
parallel to the articular surface [8]. Here, the superficial zone has the lowest level of PGs 
(aggrecan) and the highest water content in articular cartilage [7], [51]. This zone contains the 
highest level of collagen [8]. These fine, densely packed collagen fibres are aligned parallel to 
each other and the articular surface, providing tensile and shear strength sufficient to resist to 
the large tensile, shear and compressive forces encountered during articulation [7], [8].  
1.2.2 Middle Zone 
Directly underneath the superficial zone is the middle zone which provides an anatomic and 
functional bridge between the superficial zone and the deep zone  [8], [28]. This zone, also 
known as the transitional zone, forms 40-60% of the total cartilage thickness [5], [8], [12]. Here, 
the chondrocytes are spherical in shape and evenly distributed. The cell density is lower 
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compared to the superficial zone but higher than the deep zone [28]. The ECM has a higher PG 
(aggrecan) content compared with the superficial zone but lower than the deep zone [7]. In 
addition, the amount of collagen fibrils is lower in this zone compared with the superficial zone 
but higher than in the deep zone [12]. The fibrils are thicker and less tightly packed with more 
random arrangement [7].  
1.2.3 Deep Zone 
In between the middle and calcified zone is the deep zone, occupying approximately 30% of the 
total cartilage thickness [5], [8], [12]. The cell density in this zone is the lowest of all of the 
zones with chondrocytes arranged in columns orientated perpendicular with respect to the 
articular surface and parallel to the collagen fibres [7], [8]. The deep zone also contains the 
highest PG content and the lowest water concentration [7], [8], [28] of all of the cartilage zones, 
as well as the thickest collagen fibres which are organised perpendicular to the articular surface 
[8], [28].  
1.2.4 Calcified Zone 
This mineralised zone lies in between the uncalcified portion of cartilage and the subchondral 
bone, providing intermediate mechanical properties between the two tissues [28]. Slow 
metabolic activity is typical of this zone as a small population of chondrocytes exists which 
express hypertrophic phenotypes [7], [28]. Hypertrophic chondrocytes are specialised cells that 
are at the end state of the chondrocyte differentiation process [52]. These cells are characterised 
by synthesis of type X collagen and are responsible for matrix calcification [28], [52], [53]. This 
zone plays an integral role in providing an interface for structural integration with the 
subchondral bone [7], [28]. The collagen fibrils of the deep zone are anchored to the 
subchondral bone forming an interlocking ‘root’ system in order to secure cartilage to bone,  
[5], [8]. The presence of a layer called ‘tidemark’ distinguishes between the deep and calcified 
cartilage [7], [8].      
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Figure 3: Schematic diagram of chondrocyte and collagen fibres organisation within the four histologically distinct zones of articular cartilage. Figure adapted from 
[5]. 
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1.3 Articular Cartilage Functions  
Its main functions are to provide a smooth surface for articulation between bone ends to allow 
freedom of movement to occur with minimal friction and wear, while facilitating the 
transmission of load across the joint by distributing applied load over a wider contact area, thus 
keeping contact stresses to a minimum [2], [5], [8], [54], [55]. These functions of articular 
cartilage are related to its biomechanical properties, as dictated by its unique composition and 
structure [5], [22]. To date, its remarkable characteristics are still yet to be matched by anything 
man made.  
1.3.1 Near Frictionless and Wear Resistance Characteristics    
Synovial joints are subjected to a variable range of loading conditions during physiological 
loading and articulation occurs under very low friction in the presence of synovial fluid in the 
joint cavity, with minimal wear [5]. Synovial joints have an extremely low coefficient of 
friction (µ), of approximately 0.02 during static measurement [56] but the value of μ measured 
under dynamic conditions is as low as 0.0057 [5], [57]. The minimal friction and wear 
characteristics of cartilage associated with such varied loads demonstrates not only its excellent 
wear resistance properties but also that lubrication processes occur within the joint and within 
and on the bearing surfaces of cartilage  [5]. Numerous theories have been developed depending 
on the applied load and on the sliding velocity (speed and direction of motion) between two 
articular surfaces to describe the lubrication mechanism in the diarthrodial joint [5]. There are 
two fundamental types of lubrication. One is boundary lubrication, which is most effective in 
describing low articulating speed or high load conditions in which both articular surfaces come 
in contact with one another [5], [12], [58]. In the diarthrodial joint, lubricin (a glycoproetin) 
within synovial fluid is absorbed as a monolayer on the bearing surfaces of articular cartilage 
during motion and loading which prevents direct, surface-to-surface contact and minimise 
surface wear [5], [12], [58]. The other is fluid-film lubrication, which best describes lubrication 
with high articulating speed [5], [12]. In this type of  lubrication, a thin film of synovial fluid 
forms between the articular cartilage surface to create a bearing surface separation. The 
frictional properties are dependent on the viscosity of the fluid, the relative articulating speed 
between the two surfaces and the magnitude of the applied load [5], [12]. However, no single 
theory has been able to describe the lubrication mechanism for articular cartilage under all 
loading circumstances. Thus, it is quite possible that a combination of both lubrication types is 
responsible for the lubrication of cartilage under varying loading scenarios and that synovial 
joints would adapt to the mechanism that will most effectively provide lubrication at a given 
loading condition [5], [12].  
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1.3.2 Distribution of Joint Loads  
The joint is exposed to repetitive mechanical loading during daily activities [59]. Without the 
layer of cartilage, the underlying bone would experience extremely high contact stresses that 
would lead to bone destruction and cause a lot of pain [60]. Articular cartilage is a highly 
hydrated tissue which is significantly less stiff than bone and has the ability to deform under 
load which allows high forces to be transmitted over a wider contact area across the joint [54], 
[60], [61]. Thus, this reduces contact stress being transferred to the bone and allows for normal 
load transmission without damage or pain [60]–[63]. 
1.4 Structure-Function Relationships of Articular Cartilage 
The heterogeneous composition and ultrastructural organisation of matrix components in 
articular cartilage are key to its unique functional properties, allowing the performance of its 
functions of load bearing and near frictionless articulation [5], [12]. As described before in 
Section 1.2, the constituent components of articular cartilage are inhomogeneously distributed 
throughout the matrix.  
The highest water content, lowest amount of PGs and highest content of collagen are found in 
the superficial zone in comparison to other zones [61]. The collagen fibrils are orientated 
parallel to articular surface. It is known that this zone experiences the highest tensile and 
compressive stresses [8], [64]. Given the unique organisation and composition of components in 
this zone, it provides high tensile and shear strength that endows the cartilage with the ability to 
resist the large tensile, shear and compressive forces encountered during articulation [7], [8], 
[64]. Given that this zone is the most hydrated part of the tissue, relatively large deformation 
occurs with fluid exuding out of the tissue in response to provide resistance to compressive 
strain.  
In contrast, the content of collagen and water decreases with cartilage depth. Thicker collagen 
fibrils are aligned perpendicular to the articular surface and a large quantity of PGs (and also 
GAGs) are found in the deep zone [8]. Given the rich PG content and the specific collagen 
orientation (perpendicular to the articular surface) that is able to entrap the water laden GAGs 
within the matrix, this zone spreads the applied load across the tissue and provides greatest 
resilience to compressive forces, endowing the articular cartilage with load bearing properties 
[8]. These constituent components are distributed and organised in such a way to accommodate 
the complex mechanical environment that is placed upon cartilage.    
1.5 Mechanical Environment of Articular Cartilage  
Appropriate physiological mechanical loading is known to be essential for the development, 
maintenance and repair of healthy an d functional articular cartilage [65]. Cartilage responds to 
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mechanical stimuli and remodels accordingly [12]. Understanding the mechanical environment 
and its effect(s) on cartilage provides insight into the tissue’s homeostasis and the regulatory 
pathways associated with it. In addition, the response of matrix and chondrocytes to mechanical 
forces needs to be understood as these contribute greatly to the overall tissue response to 
loading.  
1.5.1 Joint Forces and Stresses Imposed on Cartilage in Load Bearing 
Joints 
Articular cartilage, located within the load bearing joint space, is constantly subjected to 
mechanical loading during normal activities [59], [66]. Depending on the activity (e.g. walking 
or running), the forces acting on the joints will vary. The forces measured across the hip joint 
range from 2.5 to 5.8 times body weight (BW) and the tibio-femoral joint experiences an 
average load of 3.9 times BW during level walking [67], [68]. However, the load can exceed to 
8 times BW in the knee during downhill walking [68].  
Previous studies reported that during level walking, the mean contact stresses associated with 
these loads are estimated between 1.5 to 5.5 MPa in the hip, 1.2 to 2.6 MPa in the tibio-femoral 
joint and 0.6 to 2.4 MPa in patella-femoral joint [63], [69]–[74]. Contact stresses in the human 
hip joint have been measured to be as high 20 MPa while standing up from a chair or jumping 
[75]. The frequency of loading during normal walking ranges between 0.8 and 1.1 Hz [76], [77], 
with each loading duration lasting between 620 and 720 ms [78], [79]. For running motion, the 
loading durations are shorter and the peak forces and frequencies increase [76], [78].  
1.6 Effect of Mechanical Loading on Cartilage 
1.6.1 Effect of Mechanical Loading on Extracellular Matrix 
The biomechanical response of cartilage to applied loading is largely determined by the 
interaction between the collagen meshwork, the PGs (entrapped in the collagen meshwork) and 
the water (held by the PGs). Articular cartilage can be considered as a biphasic material 
consisting of two distinct phases; an interstitial fluid phase and a porous-permeable solid phase 
[5], [6], [8], [12]. The fluid phase is composed of mostly water with dissolved solutes and free 
mobile ions. The solid phase consists primarily of collagen (mainly type II), PGs and GAGs [5], 
[6], [8], [12]. The primary determinants of the biomechanical behaviour of cartilage are the 
Donnan osmotic swelling pressure induced by PG molecules in the matrix and the constraining 
tensile stress developed within the collagen fibrillar network [5], [80]. Thus, it is key to 
understand how interstitial water flows through and is exuded from the tissue [80]. 
When cartilage is at the resting state, water flows through the pores of the proteoglycan-
collagen matrix by attraction due to the high fixed charge density (FCD) within the matrix, 
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thereby endowing a high swelling pressure [80]. Water continues to be drawn into the tissue 
causing it to swell and expand until the swelling pressure and the constraining tensile forces 
exerted by the collagen network reach equilibrium [80].  
Under static compressive loading, cartilage initially undergoes elastic deformation as the 
applied stress causes the pressure within the tissue to exceed the swelling pressure [5]. This 
causes interstitial water to be excluded from the tissue. Due to the water loss within the tissue, 
the effective PG (and in turn the FCD) concentration increases, which in turn, initiates water to 
be drawn back into the tissue to restore equilibrium [5]. Upon removal of loading, water 
imbibes back into the tissue to restore the balance between the osmotic swelling pressure and 
the tension developed by the collagen network [5]. As a result, cartilage returns to its originally 
‘non-loaded’ shape [5].   
When the joint is subjected to consistent (i.e. high frequency) loading during physiological 
activities, there isn’t enough time for cartilage to fully recover from the deformation caused by 
previous loading cycles. With a continual applied cyclic loading, a progressive consolidation of 
the matrix occurs causing more water to be exuded than is imbibed [35]. This results in 
successive deformation of tissue which causes a reduction in overall thickness [35]. The 
thinning of cartilage continues with each cycle until the water exuded is equal to that imbibed. If 
the loading magnitude or frequency reduces, the tissue will begin to imbibe water and recover 
from deformation. This eventually leads to full restoration of cartilage thickness obtained in an 
non-loaded state.   
It is well known that the loss of function of osteoarthritic cartilage is due to disruption to the 
macromolecular matrix network [80]. Disruption to the matrix would reduce the constraining 
tension developed in the collagen network, allowing entrapped PGs to be depleted which makes 
it vulnerable to microdamage and hinder its capability to support load [80]. As PG content 
decreases in the osteoarthritic cartilage, this leads to a reduced ability to bear load and 
microcracks may begin to develop and grow propagate within the cartilage, further 
compromising the matrix structural integrity [6], [80]. Should the rate and accumulation of 
microdamage exceed the rate of matrix repair, it will eventually lead to bulk material failure [6]. 
In addition to PG depletion from the matrix, the FCD required to maintain tissue hydration (the 
ability to retain water) is lost. Hence the superficial layer is absent in osteoarthritic cartilage 
[80], [81].   
1.6.2 Effect of Mechanical Loading on Chondrocytes 
Articular cartilage homeostasis is maintained through a process of consistent but slow ECM 
turnover [82]–[84]. Chondrocytes are responsible for the synthesis and organisation of the ECM 
components through their metabolic activity in order to maintain tissue structural integrity and 
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functionality [22]. The metabolism of chondrocytes involves both anabolic and catabolic 
activities and a balance between the two processes maintains the homeostasis of cartilage [12]. 
Anabolic activity is considered to be the synthesis, assembly and organisation of matrix, while 
catabolic activity refers to the breakdown and degradation of matrix [12], [85]. Chondrocytes 
are sensitive to environmental changes and respond through metabolic changes [12], [86]. It is 
well established that chondrocyte activity is regulated by not only genetic and environmental 
factors (e.g. growth factors, cytokines, hormones) but also by mechanical factors (e.g. tensile, 
compressive, shear stresses and strains, fluid pressure and associated electrokinetic effects) [12], 
[21], [22], [66], [82], [83], [86]. This capability enables articular cartilage to alter its matrix 
composition and structure to accommodate changes in physiological joint loading during normal 
activities [21], [66], [87].  
Mechanotransduction is a process that chondrocytes detect and respond to changes in their local 
mechanical environment (e.g. mechanical signals imposed by the ECM) and convert them into 
intracellular biochemical and molecular signals that subsequently affect gene expression and 
regulate cell behaviour (e.g. biosynthetic activity) [83], [86], [88]–[92]. Mechanotransduction 
allows chondrocytes to regulate the rates of matrix synthesis and degradation and therefore 
adjust the composition of the surrounding matrix that give cartilage its strength and the load-
bearing function [22] to better suit its current mechanical environment [93]. 
When mechanical forces impact on articular cartilage, chondrocytes may detect alterations in 
their mechanical environment through cell deformation (change in cell shape) induced by the 
forces acting upon the cell itself and through force transmission from the deformation of ECM 
in conjunction with changes in fluid shear, hydrostatic pressure, electrical streaming potentials 
and osmotic pressure [59], [65], [87], [94], [95]. These are considered to be the primary 
extracellular signalling events of mechanotransduction [59], [65] serving as mechanical signals 
(forces), in which chondrocytes recognise and respond by triggering intracellular mechanisms 
that can alter cellular activity for maintaining healthy and functional articular cartilage [94]. As 
chondrocytes are responsible for matrix turnover and homeostasis of cartilage, understanding 
how the chondrocytes react to mechanical loading within articular cartilage could aid the 
understanding of how cartilage maintains a healthy and functional state [96]. In addition, whilst 
the mechanisms of mechanotransduction are beyond the scope of this thesis, knowledge of the 
cellular response to deformation or strain caused by applied mechanical loading could provide 
insight on how best to utilise mechanical loading to promote the a desired cellular behaviour in 
cartilage tissue engineering.   
There are 3 specific intracellular mechanisms that are thought to be activated by these 
extracellular events including integrin-mediated signalling, stretch-activated ion channels and 
distortion of intracellular structures and organelles [65].  
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Integrin is a transmembrane receptor that mediates cell-matrix interactions [89], [91]. It has two 
main functions: 1) attachment of the cell to the ECM and 2) signal transduction from the ECM 
to the cell [22], [97] as shown in Figure 4. This type of mechanoreceptor contains α and β 
subunits [98]. The β domain is responsible for linking to the external ECM and the α domain 
(the cytoplasmic tail) interacts with the intracellular actin cytoskeleton and various associated 
proteins including vinculin, paxillin, talin and intracellular signalling proteins, such as focal 
adhesion kinase (FAK) [22], [98], [99]. By assembling various cytoskeletal proteins, associated 
proteins and protein kinases together at one site, this forms a large protein complex called “focal 
adhesion” which acts as a physical structural link between the ECM and the actin cytoskeleton 
[22], [99]. Focal adhesion is known to control the regulation of chondrocyte gene expression 
and ECM remodelling [100].  
Upon loading of the ECM, chondrocytes can “sense” the changes in their local mechanical 
environment. Mechanical forces generated internally within and externally from the tissue can 
be transmitted through integrin receptors to the cell cytoskeleton, where an intracellular 
signalling cascade occurs to transduce extracellular mechanical signals into intracellular 
biochemical responses as shown in Figure 5 [98], [101].  
Figure 4: The cell-matrix interactions are mediated by transmembrane integrins (which consist 
of α and β subunits). Focal adhesion complexes (made up of various structural and regulatory 
proteins including vinculin, talin, paxilin and FAK) serve as a structural and signalling link  
between the ECM and the actin cytoskeleton. Figure adapted from [98]. 
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Cell activity is influenced by the activation of stretch-activated ion channels [102]. Upon 
loading of cartilage, cell deformation induces tension across the plasma membrane which can 
cause the membrane to deform and distort the lipid bilayer structure [100], [103]. This can lead 
to changes to the conformation of the stretch-activated ion channels causing an alteration in 
their opening and closing rates [100], [103]. The load-induced changes to the plasma membrane 
trigger ion channels to open which allows an influx/efflux of ions (e.g. Ca2+ , Na+, K+) to occur 
[22]. Changes in ion concentrations, mainly Na+ and Ca2+,  can initiate biochemical signalling 
cascades [22], [100]. An alteration to chondrocyte gene expression and translation may be 
caused by these signalling pathways in response to load-induced deformation of the membrane 
[100]. These ion channels can also be activated by hydrostatic pressure, shear and fluid flow 
[100].  
In addition, cell deformation can lead to deformation of organelles, such as the nucleus, 
endoplasmic reticulum and mitochondria [94]. This is because most intracellular structures 
within the cytoplasm are interconnected by the cytoskeleton [65]. Studies have illustrated that 
distortion of these organelles can trigger mechanotransduction signalling pathways that alter 
gene expression and therefore matrix synthesis [65].  
The cell cytoskeleton is a 3D interconnected filamentous polymer network which is composed 
of actin microfilaments, microtubules and intermediate filaments [104], [105]. Together, these 
cytoskeletal components are responsible for the regulation of cell shape and mechanics [105].  
The cytoskeletal network in chondrocytes consists of actin filaments, tubulin microtubules and 
vimentin intermediate filaments [106]. Several studies have revealed the organisation of the 
three cytoskeletal networks within chondrocytes in many different preparations; chondrocytes in 
articular cartilage explants [107], [108], primary chondrocytes cultured in agarose [109]–[111] 
Figure 5: Schematic diagram of the mechanotransduction process utilising focal adhesions to 
transmit mechanical forces from the ECM to a single cell. Figure adapted from [101].  
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and chondrocyte monolayers [112]. In these studies, actin filaments were seen to be mostly 
distributed at the periphery of the chondrocytes [108]–[112]. The tubulin microtubules were 
observed to form a loose meshwork that is uniformly distributed across the cytoplasm of 
chondrocytes [108], [111]–[113]. Vimentin intermediate filaments formed a highly organised 
network which was distributed between the cell periphery and the nuclear membrane [108], 
[109], [111], [112].  
Actin forms a dynamic network that is able to assemble and disassemble in response to 
mechanical load. It is responsible for the alteration of cell shape [114], cell-cell and cell-matrix 
adhesion [115], organelle transport [116], cellular stiffness and signal transduction [115]. The 
actin cytoskeleton is also involved in maintaining the expression of chondrocyte phenotype and 
ECM synthesis required for cartilage to resist highly repetitive stresses [104]. These functions 
are known to be regulated by cell deformation [104], [115]. In response to mechanical forces, 
actin monomers (G-actin) can assemble (polymerise) into long and highly ordered filaments (F-
actin) and organise into functional networks to provide chondrocytes with the mechanical 
integrity to resist applied forces [104]. Although the function of vimentin intermediate filaments 
is less known, it is suggested that vimentin is involved in mechanotransduction, particularly in 
conveying mechanical signals into downstream biochemical signals responsible for ECM 
production [117]–[119].   
1.6.2.1 Previous Studies on Chondrocyte Deformation and Metabolic Activity 
under Mechanical Loading 
The cellular response to mechanical loading is of particular interest to researchers because the 
mechanical forces impacting upon chondrocytes strongly influence their deformation behaviour 
and metabolic activity which are responsible for the biosynthesis and turnover of the ECM 
(discussed in Section 1.6.2) [82], [120]. Thus, understanding how chondrocytes react to applied 
mechanical stimulation is essential to understanding the homeostasis of healthy cartilage. In 
addition, a knowledge of the cellular response to mechanical loading can have important 
implications in the field of tissue engineering and regenerative medicine.   
Previous studies have demonstrated that mechanical loading regulates the biosynthetic response 
of chondrocytes in vivo  [121], [122] and in vitro [123]–[128], indicating the importance of 
mechanical loading on normal maintenance of articular cartilage. In vitro studies of chondrocyte 
metabolism showed biosynthetic inhibition ensues when cartilage explants were subjected to 
static compression. In contrast, cyclic compression applied to cartilage explants can either 
stimulate or inhibit biosynthetic response of chondrocytes, depending on the frequency, 
amplitude and the duration of the applied load [12], [123], [128]–[131]. Static compression and 
loading below a frequency of 0.001 Hz have been shown to decrease chondrocyte PG and GAG 
synthesis [12], [123], [128], [131], whilst dynamic loading has been shown to promote tissue 
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synthesis [12], [124], [127], [128], [131]. In immobilisation studies, a decrease of matrix 
synthesis and content were observed in the immobilised limbs and the weight-bearing limbs 
showed an increase in matrix components and synthesis [12].  
These studies have illustrated that the magnitude, frequency and the duration of mechanical 
forces strongly affect the biosynthetic response of chondrocytes [12], [132]. Hence, cartilage 
conditions to changes in mechanical loading during normal activities by adaptive matrix 
remodelling. It is proposed that cartilage becomes mechanically conditioned to regularly applied 
stress [93]. Damage to cartilage could result if an increase of prevalent stress was much greater 
than the stress that was previously routinely applied to the cartilage [93]. In response to an 
increased prevalent stress, cartilage will only remodel its ECM to cope with such stress if the 
change is large enough to trigger the anabolic effects of matrix synthesis and yet small enough 
to not trigger the catabolic activities [93]. In addition, a high magnitude of prevalent stress 
would favour catabolic effects and cause chondrocytes to breakdown the ECM, making 
cartilage more likely to sustain damage [12], [93]. The predominant stress to which a cartilage 
site is subjected will vary for each individual because of their weight, age (state of degeneration) 
and physical lifestyles and therefore the stress threshold responsible for anabolic and catabolic 
effects will also vary [93]. 
The deformation behaviour of chondrocytes has been extensively investigated under static 
compression using either confocal microscopy or histological evaluation in cartilage explants 
[21], [51], [87], [133]–[139] and for chondrocytes within other scaffold materials (e.g. isolated 
chondrocytes seeded in agarose) [88], [140]–[144].  
Studies of cartilage explants showed that static loading had significant impact on the shape and 
volume of chondrocytes [21], [85], [87], [137], [145]. Choi et al. (2007) [137] demonstrated 
that chondrocyte height and volume significantly decreased in porcine cartilage explants 
subjected to different magnitudes of compressive tissue strains (10 %, 30 % and 50 %). The 
magnitude of decreased height and volume were dependent on the zone and magnitude of 
compression. In addition, the measured local tissue strain in each zone showed to be highly 
inhomogeneous throughout the tissue depth. Guilak et al. (1995) [87] found that chondrocyte 
height and volume significantly reduced, along with significant lateral expansion in explants of 
canine cartilage subjected to physiological levels of compressive loading (15 % applied strain). 
The results also showed that a greater magnitude of local tissue deformation was observed in the 
superficial zone compared to the other zones at 15 % applied tissue strain, suggesting the 
compressive stiffness of the superficial zone is significantly low. In a study by Madden et al. 
(2013) [85], in which superficial zone chondrocyte deformation was examined in intact cartilage 
attached to its native bone specimens from two regions of the rabbit knee joint (femoral 
condyles and patellae) subjected to physiological and extreme compressive loads (0 % - 80 % 
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applied tissue strains), significant differences in deformation behaviour between chondrocytes 
from different regions under compression were observed. 
Previous studies have provided evidence of the complex and depth-dependent inhomogeneous 
mechanical environment surrounding chondrocytes within native articular cartilage and 
suggested the chondrocyte response (i.e. morphological change) is largely related to the local 
changes in the cell’s biophysical environment, in particular the ECM environment [21], [85], 
[87], [137], [145]. The previous findings suggested that pericellular matrix (PCM) may also 
greatly influence the mechanical environment of the chondrocyte by serving as a non-linear 
mechanical transducer in a zone-dependent manner in articular cartilage [85], [87], [137], [145]. 
PCM is a narrow tissue region that completely surrounds chondrocytes [85], [137]. For studies 
of isolated chondrocytes seeded in agarose gels, it has been shown that the extent of cell 
deformation was determined by the matrix previously elaborated from the chondrocytes [142].  
In attempts to provide insight into the complex mechanical environment around the chondrocyte 
within cartilage, theoretical models have been developed to help study the deformation 
behaviour of chondrocytes [95], [146]–[148]. These models indicated that the relative 
mechanical properties of the chondrocyte, ECM, and the PCM significantly influence cell 
deformation behaviour [95], [146]–[148]. However, the deformation of chondrocytes under 
dynamic loading has not been widely investigated. This is due to the practical difficulties of 
loading in a controlled, physiological, dynamic manner while simultaneously capturing 3D 
morphological changes. Nevertheless, these previous works have provided a better insight into 
cartilage and chondrocyte mechanobiology and served as an important foundation for the 
current study in this thesis. Knowledge of how native articular cartilage is damaged by applied 
mechanical loads and corresponding changes in matrix structure and cell function, is also 
necessary to provide insight into the response of chondrocyte to different loading scenarios that 
could induce damage to cartilage. 
1.7 Articular Cartilage Damage  
The many factors that contribute to cartilage damage can be grouped in to two main categories; 
molecular and mechanical. Molecular factors refer to age related changes. Mechanical factors 
involve abnormal loading (e.g. temporary increase in applied stress to cartilage) in trauma and 
fatigue due to repetitive use. Cartilage defects are very common and have the potential to 
progress to the development of osteoarthritis (OA) [14], [64], [149]. OA is a degenerative joint 
disease that causes pain and inflammation in a joint due to the degeneration of articular cartilage 
[150]. Patients with OA often suffer from joint pain, stiffness, swelling and reduced joint 
movement and function which impact on their quality of life [151], [152]. 
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1.7.1 Molecular Factors Responsible for Cartilage Damage 
Articular cartilage undergoes structural, matrix compositional and mechanical changes with age 
[150]. These changes are believed to be related to progressive changes in cell function that are 
also associated with aging [150]. As the chondrocytes age, their ability to maintain cartilage 
homeostasis is reduced as a consequence of senescence through telomere shortening (which 
occurs with the majority of cells in all other tissues) [150], [153]. This consequently leads to 
abnormal protein synthesis. Alteration in aggrecan size is one of the matrix compositional 
changes observed in older cartilage [150], [154]. The number of aggrecan molecules and the 
length of each aggrecan molecule within the matrix are significantly reduced [150]. This leads 
to reduced water content held in the matrix, thereby decreasing cartilage stiffness and resilience 
to compression [150]. As a result of alteration to matrix structure and composition, the 
mechanical properties of cartilage deteriorate with age [155]. Under physiological loading, the 
resulting reduced water content in the matrix would substantially hinder the cartilage’s ability to 
withstand compression and therefore the collagen network would experience higher levels of  
strain than usual. This could cause disruption to the collagen organisation and eventually lead to 
mechanical failure. In addition, fibrillation forms in the surface zone of cartilage with age. Age-
related changes therefore also increase the risk of injury and progressive degeneration of 
articular cartilage [150].  
1.7.2 Mechanical Factors Responsible for Cartilage Damage 
Cartilage can sustain damage when subjected to a large single load (i.e. such as might be 
experienced in trauma) over short intervals of time, where the load might increase from zero to 
peak value within 1 ms [156]. The single large stresses imparted on the cartilage can lead to 
creation of fissures in the collagen network which consequently weaken the matrix structure, 
thereby reducing cartilage stiffness. With changes in the matrix structure, the ability to sustain 
mechanical loading would be hindered, altering the stress distributions across the joint and 
making cartilage more susceptible to further damage and development of degeneration [155], 
[156]. If the rate of damage is greater than the rate of repair, accumulation of damage would 
progressively lead to OA [93]. Damage to cartilage caused by a single impact will be dependent 
upon the magnitude and rate of the applied load.   
In contrast, fatigue failure can also cause cartilage injury [93]. This is when low magnitude 
cyclic loads (such as might be experienced in daily activities) impact upon cartilage over long 
periods of time. It is possible that fatigue failure within cartilage is likely to occur due to the 
application of repetitive tension to the collagen network within the superficial zone, as this is 
the region where the collagen network is exposed to the highest amount of strain  [93], [157]. 
Fibrillation of the surface layer of cartilage is believed to initiate this fatigue process which is 
seen in early OA [157], [158]. Although cartilage is susceptible to fatigue failure, it is difficult 
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to determine if and when the cartilage will fail due to fatigue because it is not under continuous 
cyclic loading during normal daily activities and it has an inability to repair itself.      
Between the extreme of large trauma load and immobilisation, it is difficult to determine 
whether a particular load could cause damaging effects to the cartilage. Whilst it might not 
damage the matrix, it may alter cellular function. Altered cellular function could lead to changes 
in matrix composition and thereby the cartilage stiffness. As discussed in Section 1.6.2.1, it has 
been previously hypothesised that cartilage conditions its stiffness to cope with the changes in 
applied prevalent stress by ECM remodelling [93]; cartilage that is exposed to a high level of 
prevalent stress will be stiffer than those subjected to a low level of prevalent stress. Previous 
studies have shown that immobilisation and static loading favour catabolic effects and cause 
chondrocytes to decrease PG and GAG synthesis in cartilage, with consequent reduction in 
cartilage stiffness [12], [123], [128], [131]. If normal activities are resumed (i.e. increase 
applied load) to joints that received minimal loading due to immobilisation, the less stiff 
cartilage will be susceptible to large strains and subsequent damage.     
Articular cartilage has a limited intrinsic repair capacity due to the lack of blood supply 
supporting waste and nutrient transfer that is required for effective repair and remodelling, 
which in turn, makes cartilage very difficult to heal once damaged [14]. The primary route for 
cartilage to receive nutrients and remove waste is through diffusion from the synovial fluid [16]. 
In addition, low chondrocyte density within the matrix restricts formation of neo-tissue at the 
damaged site. As a result, minor injury to articular cartilage can lead to progressive damage and 
development of OA [14]. Degenerative changes in osteoarthritic cartilage are mainly due to an 
imbalance between anabolic and catabolic activities of chondrocytes favouring net degenerative 
(catabolic) effects [150]. This consequently leads to progressive thinning and loss of articular 
cartilage [150].  
1.8  Repair of Articular Cartilage Damage 
As the general population continue to age and become more obese,  OA, primarily developed by 
progressive damage to cartilage, is a common clinical condition worldwide which affects a large 
proportion of people. Young and healthy individuals are also prone to a high incidence of 
cartilage damage from sports injuries, given the limited spontaneous repair of cartilage [23]. 
There is a major clinical need to address the healthcare challenge presented by cartilage defects. 
The Arthritis Research UK report (Osteoarthritis in General Practice, [151]) estimated that 
approximately 8.75 million people (13% of the total population) in the UK are affected by OA 
to some degree which presents a massive burden to the NHS [152]. OA has a significant 
negative effect on the UK economy because a large number of the population are affected by the 
condition, with their reduced quality of life, inability to work and their need for health, social 
care and welfare benefits [152]. According to the Global Burden of Disease 2010 study, OA 
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was reported to be the eleventh leading cause of global disability [159]. As life expectancy, 
ageing populations and levels of obesity continue to rise worldwide, OA was predicted to be the 
fourth highest contributor of disability by 2020 and to become a significant problem for health 
care systems globally [159].  
1.8.1 Surgical Treatments for Cartilage Lesions  
There is currently no cure for OA but surgical treatments are available to treat patients with 
severe cartilage lesions [14]. These treatments hope to delay the need for total joint 
replacements (known as the standard treatment for end-stage degenerative diseases [160]) 
especially in young and active patients [14]. The primary aim of these treatments is to relieve 
symptoms such as pain, swelling and joint instability, improve joint congruency, restore joint 
movement and function and prevent further cartilage degeneration [161]. Surgical interventions 
commonly used to repair cartilage include debridement, lavage, bone marrow stimulation 
techniques (drilling and microfracture), direct tissue graft replacement (osteochondral autograft 
transplantation and mosaicplasty) and cell culture-based treatment (autologous chondrocyte 
implantation) [24], [162]–[166].  
1.8.1.1 Debridement and Lavage 
Debridement and lavage are used to remove loose cartilage and fibrin debris from the joint and 
tissue surface in order to provide relief from symptoms and manage pain [165]. Debridement 
shaves off tissue fragments that can cause reactive synovitis and joint effusions [165]. Lavage 
rinses the damaged site with physiologically compatible solutions to remove loose cartilage and 
fibrin debris and reduce inflammatory mediators [165]. However, both treatments can only 
provide short term improvement to the symptoms and do not repair the defect itself [165].  
1.8.1.2 Microfracture  
Microfracture is an arthroscopic surgery that involves shaving off tissue debris and 
punching/drilling small holes into the defect area [24], [167]. This technique is effective in 
treating lesions up to 4 cm2. Multiple small holes penetrate through the vascularised 
subchondral bone inducing bleeding and resulting in fibrin clot formation [24]. Bone marrow 
also migrates into the defect area along with mesenchymal stem cells that are pluripotent and 
able to be induced to differentiate into bone or cartilage when subjected to the appropriate 
chemical or mechanical stimuli [24]. A resulting fibrocartilage is formed as a replacement for 
the damaged cartilage [24], [168]. However, fibrocartilage has inferior mechanical properties in 
comparison to healthy articular cartilage due to its low compressive stiffness and consequently 
lacks the required weight bearing and wear resistance characteristics [168], [169]. Previous 
studies showed microfracture to be effective in short-term improvement on knee function [170]. 
However, a high degree of deformation is seen in the repair cartilage when loaded (low 
- 22 - 
compressive stiffness), which possibly led to the observed variable repair cartilage volume in 
different studies [170]. This suggests fibrocartilage might not be able to sustain physiological 
loading in the long term, making it susceptible to further degeneration and possible functional 
deterioration [168]–[170]. This also highlights the importance of post-operative care and 
physical therapy, in particular with a gradual weight bearing approach, to prevent mechanical 
breakdown of fibrocartilage which could lead to denudation of the repair tissue [171]. In 
addition, removal of tissue debris prior to the drilling process can cause apoptosis, thermal 
necrosis and trauma to the surrounding healthy tissues [167].  
1.8.1.3 Osteochondral autograft transplantation system (OATS) 
OATS is a surgical procedure that involves harvesting of healthy autologous cartilage-bone 
plugs from a less weight bearing site in the joint, such as the retropatellar facet of the femoral 
condyles or the dorsal part of the condyles, and their implantation in to the defect area [165]. 
Upon the removal of residual cartilage and debris, osteochondral plugs with the same height and 
diameter as the defect size are harvested for the procedure [165]. For a large defect site (up to 
8 cm2) , multiple small autologous tissue plugs are used to fill the defect and this process is 
known as mosaicplasty [167]. One advantage of OATS is that the graft is harvested from and re-
implanted in the same individual and therefore it is immunologically compatible [167], [172]. In 
addition, the graft already has all of the essential components required for a good repair, such as 
the presence of hyaline cartilage, intact tidemark (as described in Section 1.2.2) and firm native 
bone which ensures that the graft can also be securely fixed in placed aided by bone healing 
[165], [172]. However, major drawbacks of this procedure are donor site mobility, limited graft 
availability and lack of lateral integration between the chondral surface and the surrounding 
tissue [172]. The donor site would also be damaged from harvesting the graft, therefore creating 
ever more damage to the patient’s joint. In addition, there are limited areas where the graft can 
be harvest from, thus the number and sizes of defects that can be treated are relatively small.   
Allogenic and synthetic materials can also be used as a graft tissue with this procedure [24]. 
Allografts are often obtained from cadavers, therefore there is no donor site morbidity 
associated with this type of graft [167]. In addition, medium to large sized defects (up to 3 cm2) 
can be treated [167]. However, the major drawbacks of using allografts are disease transmission 
and the potential triggering of an immune response [167]. Chondral grafts have been 
investigated to some extent [171]. However, due to the few cartilage donor sites and the 
difficulty in fixing the graft in place, a high probability of failure is associated with chondral 
grafts [171].  
 
1.8.1.4 Autologous chondrocytes implantation (ACI) 
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ACI is a two-stage procedure [167]. The first stage involves debriding the defect site and 
harvesting chondrocytes from the patient, generally from the healthy cartilage located in a low-
weight bearing area [165]. Once harvested, the cells are cultured and expanded in vitro [165]. 
The second stage comprises chondrocyte implantation into the defect site [167]. Once a 
sufficient number of cells has been achieved that is suitable to fill the defect volume, the 
cultured chondrocytes are introduced into the defect site by injection and either a periosteal flap 
or a collagen membrane is used to cover the defect [167], [171]. The cover over the defect is 
sutured to the surrounding articular cartilage and may be secured by additional fibrin glue [167], 
[171]. Over time, transplanted chondrocytes proliferate and lay down cartilaginous matrix 
which subsequently produces a ‘hyaline-like’ repair tissue to fill the damaged site [167], [173]. 
This surgical technique has been demonstrated to have a better clinical outcome than those 
previously described [174]. However, there are limitations. ACI is associated with prolonged 
treatment duration as it is a complex procedure involving two surgeries in multiple sites. This 
could potentially result in increased morbidity and create additional scars in those sites. Other 
major disadvantages of ACI include potential formation of fibrocartilage at the edges of the flap 
and inferior fixation if the cartilage is softened/degenerative [167]. Furthermore, ACI might be 
accessible to only a relative small proportion of patients because of the associated high 
treatment costs as it is a patient specific and requires two surgeries together with a large amount 
of expensive laboratory time.   
1.8.2 Future Repair Strategies 
All of the surgical techniques described in Section 1.8.1 present advantages and disadvantages. 
However, surgical interventions currently available to treat cartilage defects only provide short 
term benefits and are not effective enough to restore the normal function of cartilage for the 
long term. They also present a high probability of failure due to defect reoccurrence [166], 
[175]–[178]. For example, studies have shown that significant decline of clinical improvement 
and increase of failure rate were associated with microfracture after 2 years [166], [170]. Thus, 
there is a need for novel strategies to improve on the current treatments in order to repair 
cartilage defects that could progressively lead to development of OA. Ideally, any new 
strategies would need to be a single stage surgical procedure and be easily implemented. The 
repair tissue generated should have similar biochemical and biomechanical properties to those 
of native cartilage so it can function as articular cartilage. It should also be able to restore long 
term normal joint function and improvement on the symptoms. In addition, it requires to be not 
patient specific (not use recipient’s own cells/tissues), be cost effective and economically viable.   
Since there is no effective treatment clinically available that can provide restoration of normal 
cartilage functions [160], [176], there has been much research conducted to find novel strategies 
for cartilage repair. This has led to the development of an appealing and promising approach 
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based on tissue engineering for cartilage regeneration [160], [166], [175], [176], [179]. The 
engineered cartilage is aimed at repairing the defects in order to restore the joint’s normal 
functions of load bearing and articulation and to relieve pain.  
1.9 Tissue engineering  
The general principle of tissue engineering involves three key components: cells, scaffolds and 
appropriate bioactive factors (i.e. biochemical and physical stimulations) and can be used to 
create new functional tissue for cartilage defects (Figure 6) [14], [75]. The resulting engineered 
tissue is intended to replace the damaged tissue and should ideally have similar biochemical and 
biomechanical properties to those of the original healthy native tissue and the capability to 
perform normal functions for the long term [14], [75].   
1.9.1 Cells 
In tissue engineering, cells must be able to provide a specific ECM for new tissue formation. 
Multipotent/pluripotent stem cells are often used in tissue engineering because of their ability to 
proliferate and differentiate into a variety of cell types including chondrocytes, adipocytes, 
osteoblasts and myogenic and neuronal cells [176], [178]. In addition, primary cells (e.g. 
chondrocytes) that are already differentiated are also utilised due to their existing desired 
phenotype [178]. Both chondrocytes and multipotent stem cells, in particular mesenchymal stem 
cells (MSCs), have been the most investigated sources of chondrogenic cells for engineering 
cartilage tissue (see Section 1.9.4) [175], [176], [180]. Synoviocytes found within the synovial 
fluid have also shown the ability to differentiate into chondrocytes [180], demonstrating its 
potential application in cartilage tissue engineering. However, major concerns such as de-
differentiation (loss of phenotype) during culture expansion, limited sources and donor site 
morbidity associated with the use of chondrocytes have restricted their application in cartilage 
tissue engineering [175], [176], [180]. More recently, the use of MSCs has become the focus of 
many studies because they are easily accessible from different donor tissue types and their 
Figure 6: General components used in cartilage tissue engineering. [166]. 
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chondrogenic differentiation ability [175], [176], [180]. The most studied MSC for this purpose 
is the bone marrow-derived MSC but MSCs can also be isolated from adipose tissue, 
perisosteum, synovial membrane, dermis and blood [176], [178]. The cell sources for tissue 
engineering can be autogenic, allogenic or xenogenic but autologous cells are preferred to 
minimise adverse immunological reactions and cross infection. However, using MSCs as a cell 
source also presents several limitations such as low cell numbers of MSCs in the bone marrow 
or other donor tissue, the necessity of careful characterisation, the presence of several cell 
subpopulations, the time-consuming differentiation procedure and the instability of the 
chondrogenic phenotype [175].  
1.9.2 Scaffolds 
The use of a scaffold is to provide a favourable environment for three dimensional (3D) 
maintenance of a desired phenotype and as well as a structural support to retain the cells and 
promote cellular attachment, proliferation and differentiation for new specific matrix deposition 
[14], [176]. Ultimately, it acts as a template for tissue formation, guiding the growth of new 
tissue [179]. Three dimensional scaffolds such as 3D sponges, nonwoven fibrous constructs, 
gradient fibrous constructs and woven structures are common scaffold architectures used in 
cartilage tissue engineering [160]. Scaffolds should also be porous to enable inward migration 
of seeded cells or infiltration of native cells from the host [14]. Scaffold parameters (i.e. pore 
size, geometry, distribution, accessibility and porosity), that are dependent on the scaffold’s 
physical architecture play a major role in determining cellular functions [160]. These parameters 
also affect the structural mechanical properties of the scaffold [160]. For example, a scaffold 
with high porosity would be expected to have weaker mechanical properties compared to the 
same scaffold with a lower porosity. Thus, there needs to be a balance between scaffold 
parameters, mechanical properties and cellular functions in order to create a functional 
replacement tissue [160]. An ideal scaffold must be biocompatible in order to minimise adverse 
inflammatory and immunological reactions [14], [176]. The scaffold can be designed to 
biodegrade, allowing the secreted new ECM to eventually take over the support for the neo-
tissues and the cells and leaving a scaffold-free repair tissue [14], [176]. However, the 
degradation rate needs to be carefully controlled as it is desirable for degradation to occur 
proportional to new ECM production and deposition, therefore sufficient ECM must be laid 
down to allow support for the neo-tissue and the cells and to be able to transmit external forces 
[160]. Furthermore, the scaffold degradation products need to have minimal undesirable effects 
such as cytotoxicity, tumorigenicity and nephrotoxicity [14]. There are numerous different types 
of biomaterials developed as scaffolds for cartilage tissue engineering including synthetic and 
natural materials [14], [160], [175], [179]. Synthetic polymers such as poly(glycolic acid) 
(PGA), poly(lactic acid) (PLA), their copolymer poly(lactic-co-glycolic acid) (PLGA) and 
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poly(caprolactone) (PCL) have been frequently used as scaffold materials due to their FDA 
approval in medical applications [160], [179], [181], [182]. PLA and PGA are been used in the 
clinics in applications including sutures, screws and pins [179].  Naturally derived polymers 
including collagen, fibrin, agarose, alginate, chitosan and hyaluronan are commonly used in 3D 
cultures, in the form of hydrogels and solid scaffolds, for cartilage regeneration and have shown 
promising results in supporting the growth of chondrocytes [14], [160], [179]. Composite 
scaffolds comprising of both synthetic and natural biopolymers have also been created to 
closely mimic the natural structural properties of cartilage [160]. Most recently, 3D printing 
technology has emerged as a new manufacturing technique to allow researchers to bioprint 
designed scaffolds with biomaterials and cells [160], [166]. Due to its ability to print with 
speed, reproducibility, accuracy and precision, scaffolds with complex shapes and structures can 
be created in an efficient and customised approach in an attempt to treat unique defect patterns 
[160], [166].  
1.9.3 Bioactive factors 
Appropriate bioactive factors are essential to promote new tissue formation and induce tissue 
functionality because cells can sense and respond to many types of stimuli that are then 
transduced into biochemical responses and consequently affect cell behaviour such as matrix 
synthesis. There are two main types of stimuli; biochemical and physical. 
1.9.3.1 Biochemical stimuli 
Biochemical stimuli such as cytokines and growth factors are able to promote and maintain 
cellular phenotypes during in vitro culture of cells and tissues. The ability of biochemical 
molecules to stimulate cells towards a specific cellular phenotype is dependent on the 
concentration used [183], the cell type and the state of cells when the biochemical cue is 
applied; this includes the cell-seeded density [184] and the stiffness of the attached substrate 
[185]. For cartilage tissue engineering, growth factors such as transforming growth factor-beta 
proteins (e.g. TGF-β1 and TGF-β3) and bone morphogenetic proteins (BMPs) or a cocktail of 
these growth factors are commonly used to induce and maintain chondrogenic differentiation of 
adult MSCs [176], [178], [179]. In addition, the classic in vitro culture condition used to 
modulate chondogenesis is a combination of TGF-β3, dexsamethasone and ascorbic acid in 
serum free medium [186].  
1.9.3.2 Physical stimuli 
Physical stimuli are essential for the development and maintenance of functional tissues as 
every tissue is exposed to mechanical forces in vivo in some way. Physical stimuli used in tissue 
engineering are focused on four types of mechanical forces; tension, compression, shear and/or 
hydrostatic pressure [75]. It is typical that only one type of physical stimulation is used for 
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construct (i.e. engineered tissue) development in tissue engineering. The magnitude and 
frequency of physical stimuli should closely resemble the physiological parameters to which 
native tissue is subjected [187]. Application of physiological levels of mechanical stimulation 
can be achieved by using a bioreactor in which the physical stimuli can be carefully controlled 
along with other environmental parameters (e.g. pH, temperature, nutrient levels and gas 
concentration) and subsequently promote functional tissue formation [12], [187]. Thus, a 
bioreactor is basically used to support the formation of functional tissue through applying in 
vivo mechanical conditions.     
Mechanical stimulation used in cartilage tissue engineering has included compression, shear and 
hydrostatic pressure as these are known to impact upon articular cartilage in situ during normal 
joint activity [75], [140], [188]–[191]. Compression is predominantly the type of mechanical 
stimulation used in cartilage tissue engineering approaches because the primary function of 
cartilage is to withstand compressive loading during normal activities. However, studies have 
also attempted to investigate the potential use of both compression and shear (multi axial 
stimulation) for cartilage construct development in order to mimic more closely the complex 
conditions associated with mechanical loading in vivo [75], [121], [140], [192], [193]. The 
cellular response to loading depends on the magnitude, frequency, rate and type of mechanical 
stimuli, the surrounding ECM and the cells attached to ECM [75]. Cells might proliferate then 
differentiate and synthesise cartilage matrix if the appropriate type and amount of mechanical 
loading is applied. In contrast, cell apoptosis might occur as a result of unfavourable applied 
mechanical loading [187], [189]. 
As discussed in Section 1.6.2.1, it is well known that under conditions of sufficient dynamic 
compression, chondrocyte viability, gene expression and biosynthesis of ECM components are 
modulated in cartilage explants [75]. Based on this knowledge, numerous studies have used the 
application of unconfined dynamic compression with a range of frequencies (0.001 to 1 Hz), 
strains (3-15 %) and stresses (0.5-2.5 MPa), on various tissue engineering systems, and 
differentiated, undifferentiated or de-differentiated cells to promote cell proliferation, 
differentiation biosynthetic activity and the deposition of a cartilaginous matrix [75]. Short term 
(hours to days) studies have shown that the application of dynamic compression can enhance 
ECM biosynthesis in a variety of tissue engineering systems, including hydrogels and 
PLA/PGA scaffolds [75], [189], [194], [195]. Lee et al. (2000) [195] applied 15 % dynamic 
compressive strain, at 1 Hz to a chondrocyte-agarose hydrogel system and showed a 50 % 
increase in the GAG content for chondrocytes in the deep-zone. Buschmann et al. (1995) [189] 
found that dynamic compressive loading (3 % strain, 0.01-1 Hz over 10 hrs) increased 
proteoglycan levels by 6-25% and protein synthesis by 10-35 % in agarose systems, depending 
on the frequency of loading. In longer term studies, Mauck et al. (2003) [196] found a 2-fold 
and a 3-fold increase in the PG content and the collagen content in chondrocyte-agarose 
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hydrogels, respectively, with the application of intermittent compressive loading (10 % strain, 1 
Hz, for 3 continuous cycles of 1 hr on/ 1 hr off, 5 days per week) over a two months period.  
The complex mechanical loading applied to articular cartilage involves fluid-induced shear 
forces as well as compression under normal physiological conditions [191]. Waldman et al. 
(2003) [191] developed a custom bioreactor designed to apply dynamic shearing forces to 
cartilage constructs, in an attempt to exploit the use of tissue shear strain as the mechanical 
stimulation to modulate the constructs development in vitro. Cartilage constructs contained 40 
% and 35 % more collagen and PGs, respectively, than those free-swelling controls after 4 
weeks of intermittent shear stimulation. Most interestingly, these changes were obtained with a 
low shear strain amplitude with only a relative small amount of cycles applied per day (2 % 
cyclic shear strain, 1 Hz, 6 min per every second day) [191].   
During mechanical loading, hydrostatic pressure is introduced within the cartilage by the initial 
resistance to fluid flow [75]. Bioreactors were developed to explore the potential of application 
of hydrostatic pressure on regulating the development of cartilage constructs. These were 
designed to apply hydrostatic pressure through pressurising fluid or gas in chambers [35], [190], 
[197]. Carver and Heath found that intermittent hydrostatic pressure (3.44 and 6.87 MPa of 
compression, 5 secs pressurised/15 secs depressurised, applied for 20 min intervals every 4 hrs 
for 5 weeks) applied to chondrocyte-PGA constructs enhanced the amount of GAGs content and 
that a higher level of applied pressure also increased the collagen production [190]. The results 
suggested there may be a minimum level of pressure required to stimulate ECM production. 
Mizuno et al. (2002) [197] also showed the PGs content in chondrocyte-collagen constructs 
increased after subjected them to cyclic hydrostatic pressure (2.8 MPa, 0.015 Hz for 15 days). 
1.9.4 Cartilage Tissue Engineering  
As stated in Section 1.8, the prevalence of OA is increasing due to the ageing population and an 
increase in related factors such as life expectancy and levels of obesity. The current dominant 
activity to tackle cartilage lesions is through the application of tissue engineering. There have 
been increasing efforts focused in the area of cartilage tissue engineering research over the past 
few decades. It offers a promising prospects for cartilage regeneration. It allows precise control 
in scaffold structures and mechanical properties, scaffold material selection, sources of cells and 
biological factors, all of which can be fine-tuned to achieve the biochemical and biomechanical 
properties specific to native cartilage [160].  
There are many studies reporting attempts to engineer cartilage constructs. Most studies focused 
solely on investigating the biochemical properties of cartilage constructs developed using 
different combinations of the principles of tissue engineering [160], [166], [175], [176], [179], 
[198], [199]. Although data on the biosynthetic response of cells and the final histological 
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appearance of developed tissue are highly important evidences to demonstrate appropriate tissue 
production, it is also necessary to demonstrate the functionality of constructs. The functionality 
of cartilage constructs is largely influenced by its mechanical properties because the primary 
function of articular cartilage is to bear load. Thus, comprehensive mechanical testing is 
required to determine whether engineered cartilage constructs can behave similarly to native 
cartilage under mechanical loading. Often, studies claim the production of their tissue 
engineered constructs resemble hyaline-like cartilage [75], [166]. The constructs were shown to 
have upregulated ECM biosynthesis (notably GAGs and collagen content) and altered gene 
expression of the cells, leading to new ECM deposition and neo-tissue production. However, 
compared to native cartilage, they lacked the appropriate mechanical properties or no 
mechanical data was presented to support the claim of hyaline-like cartilage production [75], 
[166].  
One of the main techniques used to create tissue engineered cartilage constructs in vitro is to 
utilise a cell seeded-gel (hydrogel) culture system. In this method, chondrocytes or MSCs are 
encapsulate within a gel scaffold composed of biopolymers (e.g. agarose) which can be 
subjected to biochemical (e.g. TGF-β3, TGF-β1 and BMPs) and/or physical (e.g. cyclic 
compression) stimuli to promote cartilage-like matrix production and tissue formation [75]. 
Hydrogels have considerable benefits (e.g. manipulable mechanical properties and controllable 
degradation rates through variations in their fabrication) that can provide appropriate structural 
matrix support for the encapsulated cells to function [160]. Mauck et al. (2003) [196] utilised 
chondrocyte-seeded agarose hydrogels which were subjected to intermittent deformational 
loading (10 % strain at 1 Hz, 3 consecutive cycles of 1 hr on and 1 hr off per day, 5 days per 
week) for two months. This particular loading regime resulted in constructs with increased 
GAG and collagen contents and a more uniform distribution of collagen type II. In addition, 
constructs achieved a Young’s modulus of approximately 185 kPa and a dynamic modulus of 
approximately 1.6 MPa [196]. Lima et al. (2009) [200] also used an agarose hydrogel system, 
entrapping bovine chondrocytes. The chondrocytes encapsulated in hydrogels were cultured in a 
chemically-defined medium supplemented with biochemical stimuli (TGF-β3) for the first two 
weeks and physical stimulation (10 % unconfined compression initially and tapered to 2 % 
peak-to-peak deformation by Day 42 at 1 Hz, 3 hrs per day) was then applied either parallel 
with or after the period of TGF-β3 supplementation for a further 42 days. The resulting 
constructs following the discontinuation of TGF-β3 showed abundant GAG deposition and a 
uniform distribution of collagen type II. Constructs also obtained a Young’s modulus of 1.3 
MPa and a dynamic modulus of 4.1 MPa [200].  
More recently, Levato et al. (2017) [201] attempted to load bioprintable hydrogels with articular 
cartilage-derived progenitor cells (ACPCs). A progenitor cell has the ability to drive towards a 
specific type of cell lineage (but more specific than a stem cell). ACPCs are isolated from a 
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cartilage source and are suggested to have a high potential to chondrogenic differentiation [201]. 
Gelatin methacryloyl (gelMA) hydrogels were used to encapsulate and culture ACPCs, MSCs 
and chondrocytes and used as bioinks for printing. ACPCs and chondrocytes were harvested 
from equine metacarpophalangeal cartilage while equine bone marrow was used to source the 
MSCs. By combining bioinks of ACPCs and MSCs in gelMA to co-culture the two cell types, a 
superior amount and quality of new cartilage matrix was produced within the bioprinted 3D 
cartilage construct in vitro. Histological findings showed it contained zonal-like architecture 
with defined superficial and deep regions, each with a distinct distribution of cellular and ECM 
(collagens and GAGs) components. The results indicated the possibility of using ACPCs as a 
complementary cell source in cartilage constructs production. However, this study solely 
investigated cell sources for cartilage tissue engineering, in particular the biological 
performance of ACPCs, in relation to MSCs and chondrocytes and did not provide the 
mechanical properties of the developed constructs. Nevertheless, the results in the study 
demonstrated the potential of using ACPC-laden hydrogels for cartilage regeneration as well as 
opened new avenues for the biofabrication of 3D constructs for in vitro tissue models [201].  
Another popular approach in tissue engineering of articular cartilage is to use synthetic 
polymeric scaffolds. A study by Waldman et al. (2004) used a combination of chondrocytes 
seeded in porous calcium phosphate scaffolds and the application of intermittent compression (5 
% strain at 1 Hz, 400 cycles every second day) for 4 weeks to create tissue engineered cartilage 
constructs. These constructs contained approximately 40 % more collagen and 30 % more PGs 
than the unstimulated controls and achieved a Young’s modulus of 80 kPA [202]. In another 
study combining PCL scaffolds with adult human MSCs (hMSCs) to produce engineered 
cartilage constructs. A Young’s modulus range from 100-400 kPA was obtained depending on 
the applied loading method (static or cyclic) [203].  
The cartilage constructs produced by these methods achieved compressive moduli at the lower 
end of the values range for human articular cartilage [204], with the highest dynamic modulus 
reported being 4.1 MPa [200]. These constructs may therefore not be able to resist rigorous 
compressive and shear forces within the joint. Under physiological loading conditions, the 
magnitude of mechanical stresses applied to articular cartilage during light to moderate 
activities ranges between 1 and 6 MPa; therefore these constructs would appear to be 
insufficiently robust to restore cartilage areas that are subjected to higher levels of stress [204], 
[205]. However, post-implantation rehabilitation also needs to be considered and failure due to 
low modulus might only occur if the recipient’s usual activities were resumed immediately after 
implantation of such a construct. Usually, controlled loading such as continuous passive motion 
(i.e. application of slow and low load) is gradually reintroduced to the joint after the surgical 
operation [206]. This gradual rehabilitation regime might promote further tissue formation in 
situ and increase the stiffness of implanted tissue over time. It allows time for integration of the 
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repair tissue to the surrounding native tissue. Thus, with the application of controlled gradual 
loading to the joint, the repair tissue could reach the appropriate moduli values required to 
withstand the high stresses imposed on cartilage at the repair site during normal physiological 
loading. However, engineered cartilage constructs with higher moduli could reduce this 
rehabilitation time and be advantageous in long-term repair but lateral integration of the 
construct with the surrounding native cartilage still needs to be achieved [207]. To date, there 
has been little success in creating functional constructs that have similar biochemical and 
mechanical properties to those of the surrounding native cartilage for implantation.  
A recent method developed by Finlay et al. (2016) [1] used mechanical loading to engineer 
functional constructs in vitro for long term cartilage repair. Bovine synoviocytes were seeded 
onto non-woven polyethylene terephthalate (PET) scaffolds followed by chondrogenic culture 
for 4 weeks, after which cyclic compressive loading was applied for an hour at 1 Hz, 5 days per 
week for a further 84 days as shown in Figure 7. The engineered constructs achieved a cartilage-
like histological appearance comparable to native cartilage. High dynamic compressive modulus 
values, with a mean of 15.2 MPa, were obtained from the constructs after 84 days of mechanical 
stimulation, comparable to the high end values for native cartilage. The high-modulus values 
obtained from the constructs was attributed to the bioreactor set up used in the experiments and 
the nature of the mechanical loading regime applied as the constructs matured. The application 
of compressive loading was achieved by using a force controlled bioreactor and silicone rings. 
The compressive strain applied to the constructs ranged between 13 % and 23 % depending on 
the mechanical properties of the immature constructs after 4 weeks in chondrogenic culture. 
This range of strains appeared to produce suitable stress within the deposited matrix of each 
construct, presumably via mechanotransductive effects on the residing cells, causing an anabolic 
response. 
Figure 7: Schematic of the mechanical loading regime used to create mechanically competent 
tissue engineered constructs. Figure adapted from [1]. 
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Under the conditions determined by the bioreactor set up and the confinement of the constructs 
within silicone rings, construct maturation was believed to cause the applied tissue strain values 
to change during different stages in construct development as shown in Figure 8. In the early 
stage of construct development (Day 0 and Day 28), the vast majority of the applied load would 
be taken up by the silicone ring surrounding each construct but some load would be applied to 
the cells within the construct causing them to experience a physiologically relevant level of 
stress that induces an anabolic response. Cells would react to this by upregulating the 
production and secretion of cartilage-like ECM in an attempt to “resist” the applied load. As the 
construct continued to mature with increased elaboration of cartilage-like ECM, this would 
cause an increase in both thickness and compressive stiffness (between Day 28 and Day 56). 
The accumulation of new ECM would distribute the load away from the cells, thereby reducing 
cellular stress. However, when the construct matures in this way, under the conditions of the 
bioreactor set up, a greater proportion of the 5 N load applied by the bioreactor plunger would 
be taken by the construct as well as increasing the strain applied. Thus, as the stiffness and 
thickness of the construct increase, the stress (and strain) applied would also increase and 
remain at a level that promotes further load-distributing- matrix deposition (Day 56). This 
would continue until the majority of the load is taken by the construct and not the silicone ring 
(at Day 84). At this point, the effect of mechanical loading on the construct would have reached 
a plateau and would mainly serve to maintain tissue composition, akin to the homeostasis of 
native articular cartilage. Finlay hypothesised this to be a “self-adapting” mechanism which 
causes the external stimulation (the applied stress and strain) to increase as the engineered 
cartilage become more robust, thereby subjecting the residing cells with consistent stimulation 
throughout culture to further deposit matrix in maturing the constructs [1]. However, the time 
period taken to produce such constructs was approximately three to four months which limits its 
suitability for translation to the clinic. In order to bring this method one step closer to clinical 
translation, reducing the culture period will increase the feasibility that it will be economically 
viable (as well as reducing the risk that something might go wrong during culture). 
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1.10  Thesis Aims and Objectives 
The ultimate goal of the work in this thesis was to bring the method developed by Finlay et al. 
(2016) [1] to engineer functional cartilage constructs one step closer to clinical translation, by 
accelerating construct development. Reducing the culture period would increase the feasibility 
of the method to become economically viable. By attempting to provide new insight into the 
mechanism(s) underpinning the construct’s development, new, essential information for 
promoting matrix synthesis and deposition in future constructs might be derived. Such 
information could improve efficiency of construct growth with consequential benefits for 
increased potential for clinical translation and ultimately, patient benefit.    
1.10.1 Overall Aim 
The overall (long term) aim of this study was to improve the efficiency of construct maturation 
and accelerate the production of mechanically competent cartilage constructs by generating new 
insights in to the cellular response to applied load.  
The effect of cellular deformation within constructs at different stages in their development, in 
particular the relationship between applied tissue strain and cellular strain, could provide insight 
on how best to modify the loading regime at different time points to accelerate tissue formation. 
In cartilage tissue engineering, it is important that an appropriate level of mechanical stress is 
Figure 8: Finlay's hypothesised mechanism explaining the stages in the development of 
cartilage-like constructs with the application of compressive loading. Adapted from [1]. 
The black dotted line represents the estimated level of strain applied to the construct and silicone 
ring at each development stage.  
 No significant increase in compressive moduli and 
thickness 
 Construct takes entire load and silicone ring no 
longer influences the mechanical loading regime  
 Construct composed of cells and low amount of 
cartilage-like matrix  
 Low stiffness; the vast majority of load is taken by 
the silicone ring 
 Increase in cellularity, cartilage-like matrix and 
compressive moduli 
 Compaction of the construct   
  
 Substantial increase in cartilage-like matrix, 
compressive moduli and thickness   
 Reduction of load and consequent strain applied to 
silicone ring; increased stress applied to the construct 
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received by the cells to favour for the promotion of a chondrocyte-like phenotype and induction 
of deposition of an appropriate matrix for tissue maturation [208]. An appropriate cellular 
response to mechanical signals is also essential for the development of in vitro mechanically 
functional engineered cartilage tissue [209]. Thus, a sufficient amount of cell deformation is 
required to stimulate cells to produce ECM for tissue maturation. It is hypothesised that 
different magnitudes of applied compression are required for immature and mature constructs to 
maintain sufficient amount of cell deformation to induce ECM production (Figure 9). For a 
more mature construct, a greater load might be required to sustain the level of cell stimulation to 
promote further ECM production and deposition compared to an immature construct with 
reduced amount and quality of ECM.  
Finlay et al. (2016) [1] proposed a underlying mechanism operating by which the immature 
constructs are transformed into cartilage-like constructs as a ‘self-adapting’ mechanism (see 
Section 1.9.4). However, the precise mechanism(s) behind the construct’s development, in 
particular at a cellular level has not been investigated. It is of interest to determine the 
mechanical stress experienced by the cells within constructs developed at different time points.  
The specific aim of this thesis was therefore to study cell deformation behaviour in native 
cartilage and tissue engineered constructs developed at different time points under incremental 
compression in an attempt to explore Finlay’s hypothesised mechanism in developing cartilage-
like constructs [1] and to address the relationship between applied tissue strain and cellular 
strain. To achieve this, a methodology for visualising, tracking, imaging and quantifying cell 
morphological changes within native and tissue engineered cartilage constructs whilst applying 
tissue compression needed to be developed.  
 
Figure 9: Schematic of immature and mature constructs after application of different 
magnitudes of compressive load in order to maintain sufficient amount of cell deformation to 
stimulate ECM production. A greater applied load would be required for a more mature 
construct (with different matrix composition compared to immature construct) in order to 
sustain cell stimulation for further ECM deposition. 
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1.10.2 Objectives 
To determine the effects of compressive strains on cell deformation behaviour in native 
cartilage and tissue engineered constructs and to address the relationship between the applied 
tissue strain and cellular strain, the following objectives needed to be achieved: 
 Development of a novel device for the application of accurately measured compressive 
load to native and tissue engineered cartilage constructs with simultaneous live cell 
imaging (Chapter 2).  
 Development of a live cell staining and imaging method for visualisation of cell 
morphology and morphometric quantification in native and tissue engineered cartilage 
constructs (Chapter 3). 
 Use of the novel compression device and staining and imaging methodologies (Chapter 
2 and Chapter 3) to study cell deformation in native cartilage disks under application of 
incremental compressive strains in real time (Chapter 4). 
 Development of cartilage constructs using the method developed by Finlay et al. (2016) 
[1] and use of the novel compression device and staining and imaging methodology 
(Chapter 2 and Chapter 3) to study cell deformation in constructs developed at different 
time points under application of incremental compressive strains in real time (Chapter 
5). 
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Chapter 2 - Development of A Compression Device for the Application 
of Tissue Strain  
This chapter describes the development of a novel compression device capable of applying 
tissue strains to native and tissue engineered cartilage and simultaneously allow real time 
visualisation of the changes in cell morphology. To determine the effects of incremental 
compressive strains on cell deformation behaviour in native cartilage disks (Chapter 4) and 
tissue engineered cartilage constructs (Chapter 5), the device was capable of delivering 
compressive strains in accordance with the range of strains that were hypothesised in Finlay et 
al. (2016) [1] used to engineer cartilage constructs and the physiological levels of applied 
native cartilage strain in situ (0 % - 30 % strain) to permit direct measurement of cell 
dimension in situ via confocal microscopy. The device was successfully optimised and used in 
further investigations as described in Chapter 4 and Chapter 5.  
2.1 Introduction  
To study cell deformation behaviour and its relationship to applied compressive strain in native 
cartilage disks (Chapter 4) and tissue engineered cartilage constructs (Chapter 5), a compression 
device was required for tissue strain application. In this chapter, the main aim was to develop a 
device capable of applying a range of precise tissue strain magnitudes and allow visualisation of 
cell deformation in real time.  
Many types of compression devices had been developed and used in previous studies to assess 
the mechanical behaviour of chondrocytes under static tissue compression in cartilage explants 
[21], [51], [87], [133]–[138], [210], intact cartilage [85], [145]  and isolated chondrocytes 
cultured in agarose gel [88], [142]–[144]. These compression devices were custom-designed 
and built specifically for each study to answer their research questions. In fixed cartilage 
explants studies, Clark et al. (2003) [138] and Choi et al. (2007) [137] compressed cartilage 
explants at a range of static load of physiological magnitudes using a cylindrical, flat ended 
indentor and polysulfone platens, respectively. Compressed cartilage were then fixed prior to 
the examination of cell deformation via confocal microscopy and histological observation, 
respectively. Thus, the compression devices used in these studies were only designed for tissue 
compression load application. In contrast, studies investigated the deformation behaviour of 
chondrocytes in non-fixed native articular cartilage and isolated chondrocytes seeded in agarose 
gel required an apparatus that was able to simultaneously apply tissue compression and allow 
real time visualisation of the changes in chondrocyte morphology [51], [87], [88], [110], [133]–
[135], [137], [142]–[144]. These compression apparatuses only accommodated samples that 
were prepared to semi-cylindrical/strip shapes. However, tissue preparation by 
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cutting/sectioning the cartilage tissue after harvesting would compromise the tissue integrity and 
alter the material properties of the cartilage which consequently would affect the mechanical 
environment around the chondrocytes. In addition, fixed tissue may not reflect on the 
instantaneous properties of chondrocytes within the cartilage tissue. Thus, fixed and cut tissue 
approaches were avoided in this thesis. Due to the specificity in the designs of compression 
device used in previous studies, a novel device was therefore required to be developed 
specifically for non-fixed and non-cut samples (i.e. native cartilage disks and tissue engineered 
cartilage constructs) in this thesis, to allow compressive tissue strain application and 
simultaneous live cell imaging, in order to examine cell deformation behaviour under different 
magnitudes of compressive tissue strains. The different apparatuses used in the previous studies 
illustrated a variety of design characteristics that needed to be carefully considered for the 
development of the compression device in this study.  
Application of dynamic compression would be the ideal for use in a device to be developed in 
this thesis for studying cell deformation behaviour in tissue engineered cartilage constructs 
(Chapter 5), in an attempt to better understand Finlay’s hypothesised mechanism in developing 
cartilage-like constructs and to address the relationship between the applied tissue strain and 
cellular strain. As mentioned in Section 1.9.4, Finlay et al. (2016) [1] used a force controlled 
bioreactor for cyclic compressive loading application to engineer cartilage constructs. The 
bioreactor was developed to simulate, as closely as possible, the physiological demands upon 
cartilage. Compressive loading was applied to the constructs continually by the bioreactor for an 
hour at 1 Hz, 5 days per week during construct development which in itself mimics the 
physiological situation ( see Section 5.2.2 for full methodology). However, experimentally, it is 
difficult to record and quantify the three-dimensional (3D) changes to cell morphology in cyclic 
loading conditions due to the practical difficulties of loading in a controlled, physiological, 
dynamic manner and simultaneously capturing 3D morphological changes. To date, not many 
studies have investigated cell deformation behaviour in native or tissue engineered cartilage 
under dynamic loading. In addition, to the author’s best knowledge, no study has managed to 
determine 3D measurements of cells within native and tissue engineered cartilage under cyclic 
loading. There have only been in silico studies that simulate the mechanical response of 
chondrocytes to cyclic compression loading using finite element modelling [211] and a study 
that measured the 2D deformation of isolated chondrocytes in agarose gel during both static and 
cyclic compressive loading [141]. 
In the previous studies of assessing cell deformation behaviour under static uniaxial 
compression in native cartilage explants or when seeded in agarose gel, chondrocytes were 
subjected to either confined [133], [134], [136] or unconfined [51], [87], [135], [143], [210] but 
unconfined loading has typically been used [87], [128]. In a device that utilised confined 
compression, a cartilage sample was often placed in a rigid chamber so that radial confinement 
was achieved [133], [134], [136]. Ideally, the dimension of the cartilage should be equal to the 
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internal dimension of the chamber to avoid any friction occurring at the interface. A porous 
platen would then be used to compress the cartilage so that exudation of interstitial fluid could 
occur in one direction [133], [134], [136]. Measurements under such loading can be difficult to 
achieve for native cartilage and especially for tissue engineered constructs due to their 
unpredictable growth (in all dimensions). This can be overcome by cutting both native and 
tissue engineered cartilage to size but this would affect the tissue mechanical integrity as 
previously mentioned in this section which would consequently change the local mechanical 
environment around the cells. In unconfined compression devices, two impermeable platens 
would often be used to compress the cartilage [51], [87], [135], [143], [210]. Cartilage samples 
would be allowed to deform radially in its cross-section, leading to fluid exudation from the 
circumference. Unconfined measurements would not be affected by cross-section irregularity, as 
it does with confined measurements and therefore it could be argued that this loading figuration 
is better suited to variable tissue engineered constructs. In addition, unconfined compression 
configuration would better replicate the loading scenario in the bioreactor used in Finlay et al. 
(2016) [1] for compressive loading application to engineer cartilage constructs ( see Section 
5.2.2 for full methodology). During compressive loading, each construct was confined within a 
silicone ring that would be significantly stiffer than the constructs themselves. The compressive 
force generated in the bioreactor was applied to the constructs via impermeable loading platens 
and fluid flow would occur radially inside the constructs during compressive loading, similar to 
that observed in unconfined compression configuration. Thus, in this thesis, unconfined uniaxial 
static compression was selected as the loading method for the device.  
The aim of the work in this chapter was to design and build a novel device for compressive 
tissue strain application and allow simultaneous live cell imaging in order to examine cell 
deformation behaviour within native and tissue engineered cartilage. The ability to apply 
accurate strain values to cartilage tissue/construct disks was a vitally important design aspect of 
the device. In order to have good control on the applied strain, a micrometer head (Mitutoyo, 
Japan, 148-201), with a low graduation of 10 µm step and an accuracy of  ± 5 µm was used for 
compressive tissue strain application. It was also essential to consider the loading configuration 
with respect to the axis of the optical path microscope. 
The aim of this study was approached via the following objectives:  
 To outline the design specification for the compression device. 
 To compare two compression device designs based on loading configuration 
perpendicular and parallel to the axis of the light path, respectively, to determine which 
best suited to the design specification (both designs used a micrometer for compressive 
tissue strain application). 
 To manufacture the final version of compression device 
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 To validate the chosen compression device design; to determine the ability of coverslip 
to withstand a 5 N load, the extent of coverslip flexion under applied load and the 
micrometer accuracy for compressive tissue strains application. 
2.2 Device design specification   
Confocal microscopy was the imaging mode of choice in this thesis for visualisation of cellular 
deformation in native and tissue engineered cartilage constructs under compressive loading 
because of its ability to produce a 3D view of living cells within a given tissue/construct sample 
with minimal destruction (more detail in Section 3.1.1). Quantitative cell morphology 
measurements could be recorded using an image analysis software based on the 3D 
reconstruction of cells captured from the confocal image. The methodology used to visualise 
and quantify the cell deformation behaviour in native cartilage disks and tissue engineered 
cartilage constructs under compressive loading will be described in Chapter 3.  
The aim of this chapter was to develop and build a compression device for the application of 
compressive tissue strain to assess the effects of incremental compressive strains on cell 
deformation in native cartilage disks (Chapter 4) and tissue engineered cartilage constructs 
developed at different time points (with and without loading in the bioreactor) (Chapter 5). 
Thus, the device was designed to allow confocal visualisation of the morphology of the 
respective embedded cells within native and tissue engineered cartilage whilst applying selected 
compressive strain accurately to the tissue or construct. To determine the effects of incremental 
compressive tissue strains on chondrocyte deformation behaviour in native cartilage disks, 
incremental static compressive tissue strain values of 10 % and 15 % were used in Chapter 4 to 
correspond to physiological range of native cartilage strains in vivo of between 0 % and 30 % 
[20], [35], [36]. In Finlay et al. (2016) [1], it was hypothesised that the loading regime was 
continually self-adjusting as the constructs developed i.e. the applied stress and strain increased 
with changes in constructs’ stiffness and thickness (Section 1.9.4). The device being developed 
here therefore needed to be able to apply a range of compressive strains in accordance with the 
range of strains that were hypothesised in Finlay et al. (2016) [1] and the physiological levels of 
applied native cartilage strain in situ in order to study the cell deformation behaviour in native 
cartilage disks as well as in constructs developed at different time points.  
For the device to achieve its purpose, a number of design requirements needed to be met. The 
device was required:  
 To apply a range of compressive strain magnitudes in accordance with the range of 
strains that were hypothesised in Finlay et al. (2016) [1] and applied to native cartilage 
in situ. 
 To keep cells and tissue viable for the duration of experiments. 
 To mount onto the stage of a confocal microscope system.  
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 To accommodate native and tissue engineered cartilage disks with dimensions of 
approximately 5 mm in diameter and 1-2 mm in thickness. 
 To allow confocal visualisation of the respective embedded cells at different regions of 
native and tissue engineered cartilage with good optical resolution.  
 To be easily cleaned and maintained. 
 To have sound optical qualities and material properties (e.g. biocompatibility and 
stiffness).  
 To tolerate applied compression. 
2.3 Compression Device Designs  
2.3.1 Loading configurations 
In previous confocal microscopy studies in determining chondrocyte deformation in non-fixed 
native cartilage explants [21], [51], [87], [133]–[136], [210], intact cartilage [85], [145] or in 
isolated chondrocytes in agarose gel [88], [142]–[144] under static compression, the 
compression devices followed either loading configurations perpendicular or parallel to the axis 
of the light path depending on the experimental set-up (e.g. different confocal microscope 
systems, sample shapes and region of interest used). 
In this thesis, fixed and cut tissue approaches were avoided and therefore non-fixed disk shaped 
samples (i.e. native cartilage disks and tissue engineered cartilage constructs) were used. The 
two loading configurations considered for the device to accommodate disk shaped samples in 
this thesis are shown in Figure 10. The first loading configuration applied compression 
perpendicular to the axis of the microscope’s objective (Figure 10A). By observing 
fluorescently labelled cells in this test configuration, this would enable visualisation of cells 
throughout the full depth of the sample. For example, in a native cartilage explant, this would 
theoretically enable visualisation of chondrocytes in different zones within the tissue. However, 
the downside of this set-up would be that only cells located at the circumferential edge could be 
observed as the imaging depth is limited by the laser penetration of the confocal microscope. In 
order to capture cell deformation changes under compression, high resolution images of cells 
are required and therefore a high magnification objective lens must be used. High magnification 
lenses usually have short working distances. This is not a problem if an inverted confocal 
microscope was to be used with this set-up. However, if an upright confocal microscope was 
used, the short working distance and the small gap between the sample and the lens could 
potentially cause difficulty when manoeuvring the microscope stage to locate cells for imaging.   
The alternative loading configuration applied loading parallel to the optical path of the 
microscope (Figure 10B). By adopting this test configuration, visualisation of cell deformation 
on both sample surfaces would be facilitated. In a cartilage explant, it would be possible to 
visualise chondrocytes in the superficial and deep zones but visualisation of the middle zone 
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would be limited by the laser penetration of the confocal microscope. In this set-up, there is 
scope for greater manoeuvrability of the microscope stage, allowing observation of cell 
deformation at the outer edge and central regions of the sample surfaces. Based on these loading 
configurations, a design was initially proposed for each configuration.  
2.3.2 Compression Device Design Based on Loading Configuration 
Perpendicular to the Axis of the Light Path  
The design of a device incorporating the loading configuration perpendicular to the axis of the 
optical path is shown in Figure 11. It was important to be able to assemble/disassemble the 
individual components to make it easier to clean and maintain the device (Section 2.2). This 
device was created for use with an upright confocal microscope (Leica TCS-SP2, Leica 
Microsystems, Milton Keynes, UK). The overall device dimensions were 29.7 x 29 x 16 mm, 
allowing for fit onto the confocal stage. In addition, this device can accommodate native and 
tissue engineered cartilage disks with dimensions of approximately 5 mm in diameter and 1-2 
mm in thickness. 
The device comprises of a chamber in which three additional walls are placed inside; the front 
and back wall are fixed in place and the middle wall is able to slide along inset rods. The sample 
holder is positioned into a slot located in the front wall where a cartilage tissue/construct disk is 
oriented with the sample surface parallel to the face of the sample holder, while the compression 
platen slots into the middle wall. The compression platen aligns with the sample holder and the 
uniaxial compression would be applied parallel to the sample surface using a micrometer. The 
Figure 10: Diagram showing the two potential loading configurations for the compression device; 
application of compression on a cartilage tissue/construct disk (A) perpendicular and (B) parallel 
to the axis of the light path of the confocal microscope. 
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micrometer asserts load directly onto the middle wall, which in turn moves the compression 
platen towards the sample to apply the desired strain. All of the components described above are 
assembled and placed inside a fluid chamber which can be filled with Live Cell Imaging 
Solution (described in Chapter 3) to maintain cell viability during imaging. For visualisation of 
cellular deformation in cartilage tissue/construct samples, the chamber height would be 
sufficient for a water immersion objective to descend into the culture medium close to the 
circumferential edge of the sample. 
2.3.3 Compression Device Design Based on Loading Configuration Parallel 
to the Axis of the Light Path  
The design of a device that accommodates the application of strain parallel to the plane of the 
microscope light path is shown in Figure 12. This device can accommodate native and tissue 
engineered cartilage disks with dimensions of approximately 5 mm in diameter and 1-2 mm in 
thickness. This device was created for use with an inverted confocal microscope system (Nikon 
A1R, Nikon Instruments Inc, Surrey, UK). The dimensions of the device allows it to mount 
upon the stage of the confocal microscope system, enabling visualisation of respective 
fluorescently labelled cells within native and tissue engineered cartilage subjected to static 
compression. The requirement of assembling individual components (for ease of cleaning) to 
form the device was also incorporated in this design. 
The device consists of a well with an opening at the bottom, a coverslip, a platen, a magnetic 
disk, a brace, metal screws and a micrometer (Figure 12B). To set up the device, a coverslip is 
sealed to the open bottom of the well using silicone grease to provide fluid confinement within 
the well. A sample (i.e. native cartilage disks/tissue engineered cartilage constructs) would then 
be placed on top of the coverslip, inside the well (with the imaging surface faces down towards 
Figure 11: Schematic of compression device design based on perpendicular loading configurations 
to the axis of the light path for use in a upright confocal microscope. The design features include a 
chamber, front, middle and back walls, a sample holder, a compression platen, rods and a M3 
screw/micrometer. The compression device is presented in 3D and top views. 
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the coverslip). The coverslip allows penetration of the laser from the confocal microscope 
through to the sample and reflect back to build up an image of the cells. The well would be 
filled with Live Cell Imaging Solution (described in Chapter 3) to maintain cell viability. A 
platen with an magnetic disk attached on top of it, that fitted and slid freely in the channels at 
either side of the well is positioned on top of the sample. The brace is then secured to the well 
by two metal screws with the micrometer fixed onto the brace by a small screw. A compressive 
displacement is achieved using a micrometer, which is applied in a direction parallel to the axis 
of the microscope light path. The micrometer connects with the platen via the magnetic disk in 
which load is asserted onto the platen, which in turn applied the desired strain onto the tissue.  
2.3.4 Final Design of Compression Device Based on Loading Configuration  
Parallel to the Axis of the Light Path  
Both proposed designs described based on different loading set-ups (described in Section 2.3.2 
and Section 2.3.3) have their advantages and disadvantages. Ultimately, the configuration of 
parallel loading to the confocal optical path (Figure 10B) was selected as being more suitable 
for applying compressive load whilst visualising cells under confocal microscopy in this thesis 
than the perpendicular loading configuration (Figure 10A).  
Loading perpendicularly to the light path enables visualisation of cells through the full depth of 
both cartilage tissue/construct disks as illustrated in Figure 10A. However, the biggest downside 
of this set-up is that confocal imaging is restricted to the circumferential edge only, due to the 
limited penetration depth of the laser. In unconfined compression, inhomogeneous strain fields 
occur near the edges of the tissues and thus it is better to avoid such regions [137]. In addition, 
the need to harvest the cartilage samples in the first place by drilling would have compromised 
A B 
Figure 12: (A) Schematic of the compression device design based on perpendicular loading 
configurations to the axis of the light path without the micrometer in a 3D view and (B) a sketch of 
the components (a well with an opening at the bottom, a coverslip, a platen, a magnetic disk, a brace, 
metal screws and a micrometer) which assemble to form the device in a side view. The compression 
device can be used to apply compressive tissue strains on native cartilage and tissue engineered 
cartilage construct disks. 
Channel 
Brace 
Insert for micrometer  
Platen 
Well 
Insert for screws  
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the cutting edge (i.e. the circumferential edge) (see Section 3.3.3). Dead chondrocytes are likely 
to be present at the cut periphery due to the increased temperature created from the drilling and 
the mechanical integrity would have been affected which consequently affect the mechanical 
environment around the cells in that region. It would be less than ideal to image a potentially 
damaged region. Another shortcoming of this set-up is the difficulty in locating cells from a 
small region (basically the thickness of the sample) for cell imaging. As well as the small gap, 
the short working distance on high magnification lenses contributes to this problem if an upright 
confocal system is used because it would be challenging to manoeuvre the microscope stage 
above such a small region.  
One big advantage of using the proposed set-up of parallel loading to the optical path for strain 
application is that it can visualise living cells from the central region or outer edges on both 
cartilage tissue/construct disk surfaces (Figure 1B). However, the strain field along the central 
axis of the sample would be more homogenous than at the edges and therefore it is better to 
avoid the edges [137]. For native cartilage disks, the articulating surface/superficial zone is the 
sample area that is the least likely to be damaged following the harvesting process compared to 
the opposite surface where the deep zone is located. Living cells would therefore be expected to 
be found on the articulating surface. In addition, the cartilage tissue/construct disk surface 
provides a larger area so that there is a greater potential regions to image and easier for the 
microscope stage to manoeuvre during imaging. The only downside of this set-up is the limited 
visualisation of cells within the core of a disk due to lack of penetration of the laser.  
After consideration of the advantages and disadvantages of both designs, application of 
compressive loading parallel to the optical path was selected to be used in the device (described 
in Section 2.3.3).   
2.3.5 Compression Device Fabrication  
Manufacturing and assembling individual components to form the device was utilised to 
facilitate maintenance and to be able to comprehensively clean the device. Additive and 
traditional manufacturing methods were originally investigated as fabrication methods for the 
device. 3D printing was an attractive choice because it is a relatively inexpensive process with 
costs significantly lower than other manufacturing methods for the production of prototypes or 
one-off functional parts. Another attractive feature of 3D printing is the speed at which objects 
can be produced compared to traditional manufacturing methods. Designs can be uploaded from 
a CAD model and printed in a few hours. This allows rapid development, testing and 
verification of different design ideas with prototypes. In addition, the design can be easily 
altered by adjusting the digital print and therefore changes can be made easily and quickly 
before the design is finalised. This technology has good utility for the production of custom, 
one-off parts that would normally need more than one manufacturing processes to make. The 
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ability to build a part (with complex geometries) in one step makes this method more cost-
effective and efficient. 
Although additive manufacturing is an attractive method to use for manufacturing the device, 
the degree of precision required for the device components was not achieved from the 3D 
printers used in attempt to manufacture the device, therefore additive manufacturing was used 
only for the purpose of prototypes and assessing the design. Prototypes were produced to verify 
the design, form and fit of the device. Ultimaker 2, the 3D printer, and acrylonitrile butadiene 
styrene (ABS), the material, were used in the manufacture of the prototype at Xiros Ltd (Leeds, 
UK) prior to the fabrication of the compressive device.  
Once the design was finalised, the device was manufactured by Kirkstall Precision (Leeds, UK) 
using traditional machining. Delrin® acetal homopolymer (Polyoxymethylene) (DuPont, USA) 
was selected as the material of choice to fabricate the device because it offers high compressive 
strength and stiffness so it can withstand the compressive forces imposed by the micrometer and 
will not deform [212]. It is also easily machineable so complex components could be 
manufactured. Choosing a medical grade Delrin® avoids any issues regarding biocompatibility. 
Due to all component parts of the device being in close proximity to the microscope optical path 
where the laser scans the tissue, matt black Delrin® was chosen as it could minimise back-
scattered light and background fluorescence and therefore improve the quality of confocal 
images acquired. 
2.4 Validation of Compression Device Final design  
2.4.1 Introduction 
Compression device design based on loading configuration parallel to the axis of the light path, 
as described in Section 2.3.3, was selected as the final version of the device. This then needed to 
be validated prior to use in later experiments. This device was created for use on the Nikon A1R 
inverted confocal microscope. Within the device, a 12 mm opening situated at the bottom of the 
well (Figure 13) was designed to accommodate different objective lenses for microscopic 
visualisation (see Section 3.4.5) and allow enough space to avoid high magnification lenses (i.e. 
40x and 100x oil immersion objectives described in Section 3.4.5) hitting the opening edges of 
the well when manoeuvring the microscope stage. As compressive load is applied parallel to the 
optical path, the coverslip that is sealed to the bottom of the well where the opening is located 
could be potentially subjected to a high amount of force (Figure 13). For this set-up to work, the 
coverslip would be required to sustain the applied load and not shatter. 
Commercially available coverslips come in a variety of thicknesses, typically range between 0.9 
and 0.25 mm (e.g., Scientific Laboratory Supplies, Fisher Scientific and Boli Optics) and to 
accommodate their use with different objective lenses. Using an inappropriate coverslip 
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thickness can cause image degradation due to optical aberrations [213]. In order to achieve the 
best image quality (brightest, crispest, high resolution), a coverslip of the correct thickness is 
required, especially with higher magnification lenses. Most modern objectives are designed to 
be used with a 0.17 mm-thick coverslip [213]. With that in mind, the coverslip used in the 
device was also required to be strong enough to withstand the applied load as previously stated.  
In addition to the coverslip itself, there needed to be sufficient support for the coverslip on top 
of the opening. Due to the exact measurement required to mount the device securely onto the 
microscope stage, any changes to the external diameter of the device (Figure 13) were restricted. 
With a 12 mm opening situated at the bottom of the device, the internal diameter of the device 
was required to be larger than the opening itself in order to provide an inner ledge within the 
well to provide support for the coverslip as shown in Figure 13. Thus, the proposed inner 
diameter of the device was 18 mm. Experimentation was therefore undertaken to validate 
whether an 18 mm internal diameter of the device provided sufficient support for the coverslip 
that is sealed on top of a 12 mm opening. The experimental set-up mimicked the load 
application that was planned to be delivered in the device during later investigations. The 
amount of load applied to the tissue/construct disks would be dependent on the strains to be 
identified in this thesis but a maximum load of 5 N, the same load applied in the bioreactor 
during the development of constructs, would be expected to be endured by the coverslip. Static 
load would be expected to be applied for a maximum duration of approximately 3-4 hrs during 
confocal imaging. Prior to the fabrication of the device, coverslips with different thicknesses 
(0.14 ± 0.01 mm and 0.17 ± 0.01 mm) were therefore tested under 5 N of load for a duration of 
comparable length to determine the ability of coverslips to withstand applied load and if an 18 
mm internal diameter of the device provided sufficient support. The coverslip capable of 
Figure 13: A sketch of the compression device which shows the inner ledge required to provide 
support for the coverslip that is sealed on top of an opening at the bottom of the device to withstand 
the load applied parallel to the coverslip surface.  
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consistently withstanding the maximum applied load of 5 N for over 4 hrs would then be 
suitable to use in the chosen device design. 
Direct application of compressive load onto the coverslip would cause it to bend as shown in 
Figure 14. This flexion would need to be taken into consideration when applying accurate tissue 
strain values in later experimentations. The amount of coverslip flexion caused by applied load 
was therefore investigated once the device was manufactured. To accomplish this, coverslips of 
different thicknesses (0.14 ± 0.01 mm and 0.17 ± 0.01 mm) were loaded in the device up to 700 
g (~7 N) and the displacement values were recorded. A higher load than 5 N was chosen 
because it shows the glass flexion behaviour beyond the maximum applied load of 5 N that will 
be used in later experimentations.  
Accurate application of compressive tissue strain was vital to the success of the planned 
investigations and a micrometer was selected for this purpose as part of the device design. 
Before the device was used for experimentations, the accuracy of the micrometer was validated 
against a Bose ElectroForce 3200 mechanical testing machine (TA Instruments Inc, New Castle, 
USA) because this machine is well suited for low force/displacement testing. Once the 
compression device was manufactured, the thickness of an acrylic disk (with similar dimensions 
to the cartilage tissue/construct disks to be used in the investigations) was recorded using the 
compression device and a Bose ElectroForce 3200 mechanical testing machine and compared to 
determine the accuracy and precision of the micrometer. Acrylic was chosen because of its high 
compressive modulus relative to the load being applied [214] and therefore it was assumed that 
the acrylic disk would not deform in the experimental set-ups. Native cartilage disks were also 
Figure 14: A sketch of the compression device showing that when load is directly applied onto the 
coverslip, it would cause bending to the coverslip. 
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tested to investigate the accuracy of the device because they are representative of future samples 
(Chapter 4) and cartilage disks are more likely to deform under small loads compared to the 
more resistant acrylic disk.  
Thus, for the device to succeed, several investigations were carried out to characterise its 
performance. These included: 
 Application of 5 N static load to coverslips of different thicknesses 
 Coverslip flexion under applied load 
 Validation of micrometer accuracy  
2.4.2 Experimental Methodologies 
2.4.2.1 Application of 5 N Static Load to Coverslips of Different Thicknesses  
Prior to the manufacture of the device, coverslips with different thicknesses were tested with 
support around them (described previously, see Section 2.4.1) to determine their ability to 
withstand 5 N of load over periods of time commensurate with the expected experimental 
duration. Eighteen mm-diameter coverslips with thicknesses of 0.14 ± 0.01 mm and 0.17 ± 0.01 
mm were used in this investigation and three coverslips from each thickness group were tested. 
The experimental set-up to study the ability of coverslips to withstand a 5 N applied load is 
shown in Figure 15. Two acrylic plastic blocks were set apart to a distance of 12 mm with a 
coverslip placed on top to replicate the opening at the bottom of the device. An acrylic disk, 
approximately 5 mm in diameter and 1.8 mm in height (similar dimensions to the 
tissue/constructs samples to be investigated later), was placed on top. A prototype of the device 
was manufactured as described previously (Section 2.3.5) in which the platen was used in this 
investigation. This was placed on top of the acrylic disk along with a weight of 510 g (5 N), 
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2.4.2.2 Coverslip Flexion under Applied Load 
The amount of coverslip flexion caused by applied load was determined on 18 mm-diameter 
coverslips with thicknesses of 0.14 ± 0.01 mm and 0.17 ± 0.01 mm (n=3 per thickness group) 
once the device was manufactured. Coverslips were randomly selected and tested as described 
in the below protocol in order to compare the flexion behaviour between the two thickness 
groups. The compression device was fabricated as described previously (Section 2.3.5) in which 
the well and the platen were used in this investigation. First, a coverslip was sealed to the 
opening located at the bottom of the device using silicone grease. An acrylic disk (described 
Section in 2.4.2.1) was placed in the centre of the well to use as a sample to test the glass 
flexion under load. The acrylic disk was used because it would not deform under the selected 
load (700 g, ~ 7 N) due to its high compressive strength [214]. The platen was then placed 
directly on top of the acrylic disk. Compressive load was applied using a Bose ElectroForce 
3200 mechanical testing machine and the testing rig was set up as shown in Figure 16. A 10 N 
load transducer was fixed on the base of the rig frame to which a wide platen was attached. A 
smaller cylinder shaped platen was attached to the test rig actuator with two screws. The 
prepared compression device was placed at the centre in between the two platens. Under the 
control of the Bose Wintest software, the top platen was lowered to the compression device at a 
rate of 0.2 mm/s until a tare load of 0.02 N was reached to establish a ‘zero displacement’ 
Figure 15: Experimental set up for investigating coverslip ability to withstand 5 N applied 
load for protracted periods of time: (A) support plastic blocks, (B) coverslip, (C) the platen 
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position. At the ‘zero displacement’ position, the load was ramped up to 700 g (~ 7 N) in 
intervals of 50 g (10 secs hold at each interval) and the displacement values were recorded at 
each 50 g interval.  
After identifying which coverslip thickness is suitable for use in the device, coverslips from the 
selected thickness group were tested in the same set-up but they were subjected to loads 
between 0.02 g and 700 g at a rate of 50 g/s, whilst recording displacement (at a rate of 200 Hz). 
Displacement/load profiles were obtained for six coverslips and a standard curve was created 
(Figure 18).    
 
2.4.2.3 Validation of Micrometer Accuracy 
To validate the micrometer accuracy in the compression device against a Bose ElectroForce 
3200 mechanical testing machine, an acrylic disk and bovine cartilage disks were used as 
samples. The full methodology for harvesting bovine cartilage disks is described in Section 
3.3.3. Thickness measurements were obtained using both the compression device and a Bose 
ElectroForce 3200 mechanical testing machine.   
Figure 16: Bose mechanical testing machine set up for coverlip deflection testing under 
compression: (A) connection to the actuator, (B, C) platens, (D) compression device and (E) 
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To measure thickness utilising the compression device, the ‘zero’ position was first established 
by assembling the device together in the absence of any sample. First, a coverslip was sealed to 
the opening located at the bottom of the device using silicone grease prior to placing the platen 
on top. The micrometer was then secured to the device by the brace and lowered until it 
connected with the platen via the magnetic disk and the distance value displayed on the 
micrometer at this position was recorded as the zero position. The device was then set up again 
with the sample placed in the centre of the well filled with phosphate buffered saline (PBS) 
(Sigma-Aldrich, Irvine, UK, D8537). Prior to lowering the platen to the sample, the micrometer 
fixed to the brace was connected to the platen via the magnetic disk and secured to the device. 
The platen was then lowered towards the sample by the micrometer until the platen made 
contact with the sample. The distance value displayed on the micrometer was recorded at this 
position. Sample thickness was determined by the difference between the distances displayed on 
the micrometer with and without the sample. A Bose ElectroForce 3200 mechanical testing 
machine used to obtain thickness measurements was set up as described previously in Section 
2.4.2.2 but without the device. The platens were brought together with a load of 200 g to 
establish a ‘zero displacement’ position, before being set apart by 3 mm. Within this space, a 
column of PBS was formed in which a sample was held. Under the control of the Bose Wintest 
software, the top platen was lowered at a rate of 0.2 mm/s until a tare load of 0.02 N was 
reached to determine the thickness.  
Six repeats of an acrylic disk’s thickness were recorded using both measurement methods. For 
native cartilage, six disks were measured.   
2.4.3 Results  
2.4.3.1 Ability of Coverslip to Withstand 5 N Static Load 
Prior to the fabrication of the device, coverslips with different thicknesses (0.14 ± 0.01 mm and 
0.17 ± 0.01 mm) were tested under 5 N of static load overnight with 3 mm of plastic blocks on 
each side of the coverslip to determine their ability to withstand applied load and to validate if 
an 18 mm internal diameter of the device provided sufficient support for the coverslips. No 
signs of damage or cracks and no permanent deformation were observed on the tested coverslips 
(n=3 per thickness group) with the application of load after 12 hrs. 
2.4.3.2  Coverslip Flexion under Applied Load 
The amount of coverslip flexion caused by applied load was determined on coverslips with 
thicknesses (0.14 ± 0.01 mm and 0.17 ± 0.01 mm, n=3 per thickness group) once the device was 
fabricated. The displacement of 0.17 ± 0.01 mm-thick coverslips appeared greater than that seen 
for coverslips with 0.14 ± 0.01 mm thickness when the load was ramped up, suggesting that 
more flexion occurred in 0.17 ± 0.01 mm-thick coverslips (Figure 17). However, there was no 
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statistical difference between the two coverslip thickness groups when compared using a 
repeated ANOVA test. 
2.4.3.3 Validation of Micrometer Accuracy   
The accuracy of the micrometer in the compression device was validated against a Bose 
ElectroForce 3200 mechanical testing machine with regards to thickness measurements. The 
thicknesses of an acrylic disk and bovine cartilage disks were recorded using both measurement 
methods. The thickness values for an acrylic disk measured by the device and a Bose 
ElectroForce 3200 mechanical testing machine were markedly similar. There was an absolute 
difference of 1.1 % between the values but no significant difference when tested statistically 
using a t-test (Table 1). Cartilage thickness measurements obtained by the same measurement 
methods were again similar. There was no statistically significant difference between 
measurements recorded using either methods when tested statistically using a paired sample t-























No 1 thickness coverslip No 1.5 thickness coverslip
Figure 17: Glass flexion profile of 0.14 ± 0.01 mm and 0.17 ± 0.01 mm-thick coverslips under load 
of 700 g.  
0.17 ± 0.01 mm-thick  
coverslip 
0.14 ± 0.01 mm-thick  
coverslip 
Displacements obtained by 0.17 ± 0.01 mm-thick coverslips were greater than 0.14 ± 0.01 mm-thick 
coverslips but no significant difference. Data represented as mean ± SD at each 50 g interval (n=3, 
per thickness group). Statistical analysis was determined by repeated ANOVA. 
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Table 1: Thickness measurements of an acrylic disk and bovine cartilage disks obtained using the 
compression device and a Bose Electroforce 3200 mechanical testing machine. There were no 
statistical significances found in thickness measurements of an acrylic disk (6 repeats) and bovine 
cartilage disks (n=6) between the two measurement methods. Data represented as mean ± SD (n=6). 
Statistical analysis was determined by t-test for the acrylic disk and paired t-test for bovine 
cartilage disks. 








Difference (%)  
An acrylic disk 1.70 (± 0.020) 1.682 (± 0.012) 1.1 % 
Bovine cartilage disks 1.52 (± 0.165) 1.473 (± 0.170) 3.1 % 
2.4.4 Discussion  
2.4.4.1 Ability of Coverslip to Withstand 5 N Static Load 
Coverslips with different thicknesses (0.14 ± 0.01 mm and 0.17 ± 0.01 mm) were examined 
under 5 N of static load for 12 hrs to determine their ability to withstand applied load and to 
validate if an 18 mm internal diameter of the device provided sufficient support. There was no 
visible signs of damage or cracks apparent on any coverslips and all of them returned to their 
original shape after a maximum load of 5 N was applied for 12 hrs which is a much longer 
duration than the load that would be applied in planned experimentations. Although the 
experimental set-up did not perfectly mimic the set up in the device (with only support provided 
on either side of, instead of completely around, the coverslip), sufficient support was provided 
from 3 mm of plastic blocks on each side of the coverslip because the coverslips withstood 5 N 
static load without any signs of damage, cracks and permanent deformation for an extensively 
longer duration than that in later experimentations. This would suggest that an 18 mm internal 
diameter of the device (with 3 mm of inner ledge around the coverslip) would provide enough 
support to withstand an applied load of 5 N with a 12 mm opening at the bottom of the device. 
In addition, the result does not provide information with regards to continued use of the same 
coverslip for different tissue samples. In later experimentations, a new coverslip would be used 
for different tissue samples to avoid cracking due to fatigue. 
2.4.4.2 Coverslip Flexion under Applied Load  
Due to load being directly applied onto the coverslip in the device, it was important to 
determine the amount of flexion the coverslip undergoes as the results of load application. 
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Different thicknesses of  coverslips (0.14 ± 0.01 mm and 0.17 ± 0.01 mm) were subjected to 
loads up to 700 g (~7 N) to determine if/how the coverslips flex under high load. Acrylic plastic 
has considerably high stiffness [214] and it was assumed that the acrylic disk would have 
negligible deformation in the experimental set-up, thereby the displacement observed would be 
the true flexion of the coverslip under load. There were no significant differences between the 
two coverslips with regards to displacement under load. This experiment was primarily 
conducted to give an indication as to how coverslips with different thicknesses would flex under 
load and the data was sufficient to meet that requirement, suggesting that both batches of 
coverslips were suitable to use in the device. Selecting the correct thickness of coverslip is 
important for optimal image quality. Most objective lenses are designed to be used with an 0.17 
mm coverslip and therefore coverslips with 0.17 ± 0.01 mm thickness were chosen to be used in 
the device for later experimentations.  
To represent the trend that the coverslip flexes under load, 0.17 mm ± 0.01 mm coverslips were 
selected for displacement testing under load in order to create a standard curve (Figure 18). 
When calculating the applied tissue strain in later cell deformation experimentations, this 
standard curve was used to calculate the amount required to add on top of the selected tissue 
strain in order to compensate for the glass flexion caused by the particular load used to apply the 
selected tissue strain. 
2.4.4.3 Validation of Micrometer Accuracy 
The accuracy of the micrometer in the compression device was validated against a Bose 
ElectroForce 3200 mechanical testing machine. The thickness of an acrylic disk and bovine 
cartilage disks were measured using both measurement methods. An acrylic disk was used 





















Figure 18: Standard curve of displacement vs load for 0.17 mm ±0.01 mm-thick coverslip. Data 
represented as mean ± SD at each 50 g interval (n=6). 
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high compressive stiffness [214]. In addition, native cartilage disks were measured because they 
are representative of future samples (Chapter 4) and they are more likely to deform under small 
loads compared to the more resistant acrylic disk. The thickness measurements obtained for an 
acrylic disk and bovine cartilage disks using the compression device and a Bose ElectroForce 
3200 mechanical testing machine were significantly similar. The results suggest the micrometer 
and mechanical testing machine were sufficiently similar in their ability to measure 
displacement. It therefore determined that the micrometer was suitable to apply strain within the 
compression device.         
2.4.5 Conclusion  
A 18 mm internal dimeter of the device was proven to provide sufficient support (of 3 mm) 
around the coverslip to withstand 5 N of static load with a 12 mm opening window in the device 
for over 12 hrs. A coverslip thickness of 0.17 mm ± 0.01 mm was selected for use in the device 
because this particular thickness can accommodate most of the objective lenses. A standard 
curve was created to represent the trend of coverslip flexion under load. This information will 
be used in later experimentations when calculating the amount of displacement required to 
compensate for coverslip flexion in order to accurately apply tissue strain.       
The accuracy of the micrometer was validated against a Bose ElectroForce 3200 mechanical 
testing machine with regards to thickness measurements. The measurements obtained by both 
methods were statistically similar, thereby it determined that the micrometer was suitable to 
apply strain within the compression device. 
2.5 Discussion  
The aim of this chapter was to develop and build a compression device for compressive tissue 
strain application and to allow simultaneous confocal visualisation of cell deformation in real 
time to study cell deformation behaviour and its relationship to applied compressive strain in 
native cartilage disks (Chapter 4) and tissue engineered cartilage constructs (Chapter 5). 
Because an aim of this thesis was to determine cellular deformation within native and tissue 
engineered cartilage under different magnitudes of compressive strain, the device needed to be 
able to deliver compressive strains in accordance with the range of strains that were 
hypothesised in Finlay et al. (2016) [1] used to engineer cartilage constructs and the 
physiological levels of applied native cartilage strain in situ (0 % - 30 % strain). In addition, the 
ability to apply accurate strain values to cartilage tissue/construct disks was a vitally important 
design aspect of the device, thereby a micrometer head was selected for compressive strain 
application in the device. In this thesis, fixed and cut tissue were avoided and therefore the 
device was also required to accommodate non-fixed disk shaped samples (i.e. native cartilage 
disks and tissue engineered cartilage constructs).  
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This chapter investigated two potential compressive device designs based on loading 
configuration perpendicular and parallel to the axis of the optical path (described in Section 
2.3.2 and Section 2.3.3, respectively). After consideration of the advantages and disadvantages 
of both designs, the compression device design based on loading configuration parallel to the 
axis of the light path was selected as the final version of the device. Serval validation 
investigations on the compressive device were conducted to determine the dimensions of the 
device, the ability of the coverslip to withstand applied load and the micrometer accuracy. The 
findings suggested that a coverslip with a thickness of 0.17 mm ± 0.01 mm was capable to 
withstand the applied load within the compressive device and that the micrometer was suitable 
to apply strain within the compression device. Thus, a compressive device that is capable 
applying a range of compressive strains accurately to non-fixed disk shaped samples (i.e. native 
cartilage disks and tissue engineered cartilage constructs) and allow simultaneous confocal live 
cell imaging was successfully developed, ready for use to study the effects of incremental 
compressive strains on cell deformation behaviour in native cartilage disks (Chapter 4) and 
tissue engineered cartilage constructs (Chapter 5). 
Many types of compression devices had been used in previous studies to examine the 
mechanical behaviour of chondrocytes under static tissue compression in cartilage explants [21], 
[51], [87], [133]–[138], [210], intact cartilage [85], [145]  and isolated chondrocytes cultured in 
agarose gel [88], [142]–[144]. These devices followed either loading configurations 
perpendicular or parallel to the axis of the light path depending on the experimental set-up (e.g. 
confocal microscope systems used, specimen shapes used and the specimen region of interest). 
However, the majority of the devices were not suited for use in this thesis.  
In fixed cartilage explants studies, these studies only required a loading device to apply tissue 
compression load to the cartilage during chemically fixation. Thus, fixed, compressed cartilage 
were examined for chondrocyte deformation after the fixation process. Clark et al. (2003) [138] 
compressed cat patella and femoral groove cartilage explants under static load of physiological 
magnitude using a cylindrical, flat ended indentor. The compressed cartilage were then 
chemically fixed prior to examination of cell deformation via histological observation. In a 
study by Choi et al. (2007) [137], porcine femoral condyle cartilage disks were compressed to 
0%, 10%, 30%, and 50% strain using polysulfone platens and then chemically fixed. 
Compressed cartilage were fluorescently immunelabelled for type-VI collagen to outline the 
PCM in order to examine the deformation behaviour of the chondrons from superficial, middle, 
and deep zone of the cartilage under different magnitudes of compressive tissue strains via 
confocal microscopy. The device being developed for this thesis was required to simultaneously 
apply compressive tissue strain to the sample and allow confocal visualisation of cell 
deformation in real time, thereby these devices described here were not suitable.  
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In the studies investigating chondrocyte deformation in non-fixed native articular cartilage and 
isolated chondrocytes seeded in agarose gel, a loading device was required to be able to 
simultaneously apply tissue compression and allow real time visualisation of chondrocyte 
deformation [51], [87], [88], [110], [133]–[135], [137], [142]–[144]. In a study by Guilak et al. 
(1995) [87], in which changes in chondrocyte morphology and local matrix deformation in the 
surface, middle and deep zones of canine articular cartilage explants subjected to physiological 
levels of tissue compression was investigated. A compressive device was designed to 
simultaneously apply unconfined static compression and accommodate imaging of chondrocytes 
within the full cartilage depth using an inverted confocal microscopy. To achieve this, Guilak et 
al. (1995) [87] adopted the approach of loading perpendicular to the optical axis. The 
compression device was placed within a Petri dish with a small hole drilled in the middle of the 
dish and a coverslip attached to the bottom of the hole to allow confocal visualisation. 
Compressive tissue strain was applied perpendicular to the tissue surface using a digital 
micrometer with two stainless steel platens. Semi-cylindrical test specimens were used by 
cutting the harvested cartilage cylindrical explants in half perpendicular to the articular surface 
and labelling with fluorescein dextran. Each cartilage specimen was placed in the compression 
device between two platens with the flat, exposed cross section faced down on the coverslip. 
This compression device allowed for the same group of chondrocytes from different zones 
within the cartilage to be imaged during a compressive strain of 0 % and 15 % and following 
removal of compression for quantification of changes in chondrocyte morphology and local 
matrix deformation [87]. However, the specimens used in this device required to be cut into a 
semi-cylindrical shape and this would affect the tissue mechanical integrity and consequently 
change the local mechanical environment around the cells. Thus, this was one of the reasons 
why a new device was needed to be developed in this thesis; to accommodate non-fixed and 
non-cut samples (i.e. native cartilage disks and tissue engineered cartilage constructs).  
The compression device developed for this thesis was therefore capable of applying a range of 
compressive strains accurately to non-fixed disk shaped samples (i.e. native cartilage disks and 
tissue engineered cartilage constructs) and simultaneous allow examination of cell deformation 
via confocal imaging.  
2.6 Conclusion 
The aim of this chapter was to the develop a novel compression device capable of delivering 
compressive strains to native and tissue engineered cartilage in accordance with the range of 
strains that were hypothesised in Finlay et al. (2016) [1] used to engineer cartilage constructs 
and the physiological levels of applied native cartilage strain in situ (0 % - 30 % strain) and 
simultaneously allow real time visualisation of the changes in cell morphology.  Two potential 
compressive device designs based on loading configuration perpendicular and parallel to the 
axis of the optical path (described in Section 2.3.2 and Section 2.3.3, respectively) were 
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investigated and compared. After consideration of the advantages and disadvantages of both 
designs, the device design based on loading configuration parallel to the axis of the light path 
was chosen as the final version of the device. The compression device was successfully 
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Chapter 3 - Development of Methodology to Visualise Live Cells within 
Native and Tissue Engineered Cartilage  
This chapter describes the development of a methodology for live cells visualisation within 
native and tissue engineered cartilage in order to study cell deformation behaviour and its 
relationship to applied compressive strain. Two staining methods (method using Acridine 
Orange and SiR-actin Probe and method using Hoechst 33342 and CellMask Green Plasma 
Membrane Staining) were developed and compared for their suitability for the required 
application in live cell sequential imaging within native and tissue engineered cartilage under 
non-loaded conditions as a prelude to subsequently determining cell deformation behaviour 
under compressive loads. It was determined that both staining methods were able to penetrate 
native and tissue engineered cartilage revealing morphology of the respective embedded cells. 
However, with the addition of ProLong® Live Antifade Reagent to aid the reduction in 
photobleaching, the dual staining method of Hoechst 33342 and CellMask Green plasma 
membrane stains showed superior fluorescence signal retention than the staining method of 
Acridine orange and SiR-actin after tracking selected cells on multiple confocal scans. Galvo 
scanning proved to be superior than resonant scanning when comparing the two microscope 
scanning modalities at retaining fluorescence signal after live cell sequential imaging. In 
summary, Hoechst 33342 and Cell Mask Green plasma membrane stains, together with 
ProLong® Live Antifade Reagent and galvo scanning were selected for use in all further 
experimentation for live cell visualisation in native and tissue engineered cartilage. 
3.1 Introduction  
To study cell deformation behaviour and its relationship to applied compressive strain in native 
cartilage disks (Chapter 4) and tissue engineered cartilage constructs (Chapter 5), a live cell 
staining method first needed to be established for cell morphology visualisation. In this chapter, 
the main aim was to establish and develop a method that was capable of visualising, tracking, 
imaging and quantifying 3D changes in cell morphology (shape and size) of living chondrocytes 
within native cartilage and bovine synoviocytes within tissue engineered cartilage during 
different magnitudes of static compressions. To visualise sub-cellular level within living tissue, 
there are many challenges to overcome and technical details to be tested, especially for live cells 
that needed to be imaged a multiple times. These included cell viability, stain(s) penetration, 
fluorescence crosstalk, imaging depth (which is affected by laser light depth penetration and the 
working distance (WD) of the objectives), microscope scanning modalities and photobleaching 
which would all be addressed in this chapter (discussed in Section 3.1.2).  
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For the purposes of this thesis, to visualise cell shape, a number of options were possible, either 
with actin or plasma membrane fluorescence staining. In addition, It is well established that the 
cellular response to mechanical stimulation is largely influenced by cell deformation (changes in 
shape) associated with the actin cytoskeleton. It would therefore be interesting to observe 
whether re-organisation of the actin filament network would occur, as well as determining the 
cell deformation behaviour in native and tissue engineered cartilage under different magnitudes 
of compressive strains.  
3.1.1 Confocal Microscopy 
The 3D deformation behaviour of chondrocytes under static compression has been widely 
studied in cartilage explants and within other scaffold materials (e.g. agarose gel) using either 
confocal microscopy or histological evaluation [21], [51], [87], [88], [133]–[144]. The concept 
of confocal imaging was first introduced by Minsky (1957) [215] and the confocal principle has 
become the basic configuration of all modern confocal microscopes. Confocal laser scanning 
microscopy (CLSM) uses the principle of fluorescence excitation and emission to image 
biological samples (i.e. fixed or living cells and tissues) that have been labelled with one or 
more fluorescence stains [216]. Fluorescent molecule exhibits fluorescence which is a property 
of absorbing light of short wavelength and re-emitting light of long wavelength after a short 
period of time [217]. For any given fluorescent molecule, it has its own distinct excitation and 
emission energy levels meaning that light excitation and emission can occur only at specific 
wavelengths. Figure 19 shows the main components and the light paths in a basic CLSM 
configuration. The key to the confocal approach is the use of pinhole apertures to eliminate 
fluorescent signal from outside the plane of interest [213], [216], [218]. When a fluorescently 
labelled sample is imaged using a CLSM, a laser light beam (i.e. excitation light) (Figure 19, 
blue lines) is reflected towards an objective lens by the dichroic mirror (also known as the 
beamsplitter) in which the light focuses to a spot at a desired focal plane (i.e. focal point) in the 
sample [213], [218], [219]. The fluorescent molecules within the cone of illumination are 
excited by absorbing the light and results in light emission (i.e. fluorescence). The fluorescent 
light emitted by excited fluorescent molecules from within the focal plane (Figure 19, green 
lines) is then collected by the objective lens, passed back through the dichroic mirror and 
focused by a second lens through a pinhole onto a detector. A pinhole positioned in the light 
path between the objective lens and the detector ensures that only in focus fluorescence signal 
from the focal point passes through to the detector and any out of focus emission generated 
along the light path that is outside the objective focal point (i.e. above and below the focal 
plane) (Figure 19, grey dashed lines) is blocked [213], [218], [219]. This results in acquisition 
of the fluorescent signal from only the illuminated point. The confocal approach only collects 
the emission light from a single point at a time and therefore creates an image one pixel at a 
time [218], [219]. A two-dimensional image is created by scanning the sample in a raster pattern 
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using one or more scanning mirrors ‘galvanometer mirror’ [218], [219]. A raster scan pattern is 
when an area is scanned side to side in lines from top to bottom [218]. Typically, one mirror is 
responsible to direct the laser light beam in the x direction and the other in the y direction. Both 
mirrors work together to direct the excitation light to scan the sample in a raster fashion to 
create pixel by pixel in the x-y axis. The detector (e.g. photomultiplier tube (PMT)) collects the 
emission signal that passes through the pinhole and consequently convert them to an image 
[219]. This image represents a single ‘optical plane’ of the sample. A 3D volume image of the 
sample can be produced by scanning numbers of optical planes (sections/slices) and 
computationally stacking them using a microscopy software (Z stack) [213], [218].  
The confocal imaging approach offers many advantages over conventional fluorescence 
imaging [213], [218], [220]. In a conventional fluorescence microscope, the excitation light 
illuminates the entire field of view of the sample and thereby fluorescence emits throughout the 
entire depth of the sample (or as deep as the excitation light is able to penetrate), including the 
regions that are not of interest (i.e. planes above and below the focal plane) and the focal plane. 
Much of the emitted light, collected from regions outside the focal plane would contribute to an 
out of focus blur to the image and a consequent reduction in image resolution [213]. In confocal 
microscopy, imaging occurs through a pinhole that restricts fluorescence emission of the sample 
to a focal point, with most of the illumination from regions above and below the focal plane 
being blocked and thus prevented from contributing to the image [213], [218], [220], [221]. In 
addition, the pinhole also eliminates points of light in the focal plane (except the focal point). 
Figure 19: Schematic of the confocal laser scanning microscopy (CLSM) principle, showing the 
main components and the excitation and emission light paths. Excitation light (blue lines) is focused 
to a spot at a desired focal plane (i.e. focal point) in the fluorescently labelled sample. Fluorescent 
light (green lines) is collected by the objective lens and focused by a second lens through a pinhole 
onto a detector. Any out of focus emission generated along the light path that is outside the 
objective focal point (e.g. above and below the focal plane - grey dashed lines) is blocked. Figure 
adapted from [213]. 
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As a result of removal of out of focus light, a sharp image of the sample can be produced with 
significant enchantment in both axial and lateral optical resolution and in signal to noise ratio. 
Thus, confocal microscopy can produce high resolution and high signal to noise images [213], 
[216], [218], [220], [221]. Another major advantage of the confocal microscope is the ability to 
create a confocal image (i.e. optical section) from a single plane through optical sectioning 
which allows visualisation of thick samples (> 20µm) (i.e. tissues) internally without having to 
physically section the sample [213], [220], [221]. In addition, it can acquire a series of confocal 
images (i.e. optical sections from different focal planes) to produce a 3D image dataset (z stack) 
from a thick sample, enabling the visualisation, reconstruction and quantitation of 3D 
structures/features from the sample volume [213], [220], [221]. Due to its ability to remove out 
of focus light and its optical sectioning property to permit the acquisition of high resolution and 
high signal to noise 3D images, confocal microscopy was selected as the visualisation system 
used for this thesis. 
3.1.2 Challenges in Live Cell Imaging in Tissue 
Imaging live cells within tissue introduces many challenges that need to be overcome. 
Fluorescent labelling of cells within living tissue can be problematic [222]–[224]. The stains are 
required to penetrate the tissue to specifically label the cells. If multiple fluorophores are used, 
fluorescence crosstalk, a common problem, is possible and must be avoided [213]. Crosstalk is 
when the emission spectra of a fluorophore overlaps and extends into the spectra area of other 
fluorophores, resulting in bleed-through artefacts that might complicate the interpretation of the 
resulting image [213]. In other words, emission of a fluorophore is collected by more than one 
detector. The simplest solution to crosstalk is to select fluorophores that do not overlap in the 
emission spectra. In addition, sequential excitation scanning (i.e. channel series described in 
Section 3.4.5) should be used so that only one laser is scanning at any particular time to 
minimise the occurrence of crosstalk. If crosstalk is unavoidable, spectral unmixing is a 
technique that could be used after acquisition to allows separation of fluorophores with 
overlapping spectra [225]. Thus, selecting the appropriate fluorescent stains to label the cells 
within native and tissue engineered cartilage is vital when providing an accurate representation 
of cell morphology in this thesis.  
Live cell imaging is further complicated by the need to keep the live cells/tissues viable prior to 
and during imaging because any stress experienced by the cells would affect cell behaviour 
[213], [222], [223]. For example, cells transportation (e.g. across campus or between buildings) 
could potentially induce significant stress to the cells because of the motion and the changes in 
temperature associated with the transportation [213]. Thus, it is vitally important to provide 
suitable environmental conditions (i.e. temperature, pH, CO2 and humidity) for cells/tissues to 
replicate in vivo cell dynamics as accurate of a representation as possible [213], [222], [223]. An 
environmental chamber could be used to control the environmental conditions during imaging 
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as well as the use of physiological medium that keeps cells healthy at ambient atmosphere and 
temperature [213], [222], [223], [226].  
Imaging depth has always been a challenge in biological tissue imaging. The penetration depth 
is typically limited to 50-100 μm for confocal microscopy depending on the sample 
transparency and the wavelength of the excitation light [213], [227]–[229]. This is due to light 
absorption and scattering by the tissue specimens. When imaging deep into a tissue, image 
quality could worsen as a result of fluorescent light being scattered, absorbed and defocused as 
it passes back through the tissue and consequently very little emitted fluorescence reaches the 
detectors [228], [230]. For every specimen, there is a depth, dependent on the tissue density, at 
which light scattering occurs and where traditional fluorescence techniques are no longer 
effective. Generally, longer wavelength light has a deeper penetration depth than shorter 
wavelength light due to less light absorption and scattering [213], [228]. The working distance 
(WD) (vertical distances between the front of the objective and the closest sample surface when 
the sample is focused) of the objective could also affect the imaging depth [213]. Typically, the 
imaging depth reduces as the WD decreases along with increased magnification and the 
objective’s numerical aperture (NA). Imaging thick tissue sample with a lower NA, longer WD 
objective would improve the imaging depth, but with lower resolution and sensitivity. Thus, 
when selecting the objective used for live cell imaging in this thesis, a balance between image 
resolution and imaging depth must be considered. 
Another challenge in live cell imaging is to minimise photobleaching effect whilst maintaining 
high signal to noise ratio required for the image resolution [213], [222], [223]. Thus, in this 
thesis, it was important that the microscope, detector (i.e. comparison of microscope scanning 
modalities) and image acquisition settings (i.e. laser light exposure time, excitation light 
intensity, optical section thickness and number of optical sections) were optimised to maximise 
image resolution while minimising photobleaching effect in live cell imaging (discussed in 
Section 3.6). Photobleaching is the irreversible destruction of the fluorophore that can occur due 
to photochemical modification which leads to fluorescence fading during observation and 
consequently loss its ability to fluoresce permanently [222], [224], [231]–[233]. When 
fluorescent molecules are excited by light, it leads to photons to be absorbed and causes a shift 
from the ground energy state (S) to the singlet-energy level (S*) [233]. Energy can be dissipated 
by emission of fluorescence, or in radiation less processes such as internal conversion (a 
transition from a higher to a lower electronic state) and intersystem crossing to the excited 
triplet state (T*) [233]. However, excited fluorophores, either in a singlet (S*) or triplet (T*) 
state, can undergo permanent structural change that causes a loss in its ability to fluoresce and 
thereby become a photobleached molecule [233]. In the triplet state, it permits the excited dye 
molecules to interact with their environment (oxygen molecules dissolved in sample media) for 
a much longer time (milliseconds instead of nanoseconds) [233]. Interactions between oxygen 
(O2) and excited triplet state dye molecules may create singlet oxygen (
1O2) which has a longer 
- 64 - 
lifetime than the triplet excited fluorophores, allowing more time for further interactions with 
other excited dye molecules and causing further degradation [233]. All these chemical reactions 
depend on both the singlet oxygen concentration and the distance between the fluorophore and 
intracellular components such as proteins and lipids [233]. Thus, the amount of photons emitted 
(fluorescence) before a fluorophore is permanently destroyed depends both on the nature of the 
fluorophore and on its environment [233]. In this thesis, fluorescence signal loss due to 
photobleaching would result in lack of detail for cell morphology and therefore could 
potentially affect the accuracy of quantitative data on cell deformation obtained from the 
images. The proposed imaging approach in this thesis would require the stains to be capable for 
sequential imaging of cells multiple times without signal loss therefore it was especially 
important that this was addressed. Thus, long illumination time and high laser intensity must be 
avoided to reduce photobleaching. Another way to aid the reduction in photobleaching is to 
deplete oxygen from the imaging media as oxygen is one of the main actors in photobleaching 
[222], [233].  
3.1.3 Actin Staining  
Staining actin filaments can show the overall shape and structure of the cell. There are many 
commercially available stains and probes for labelling actin cytoskeleton in living and fixed 
cells in order to determine and track the structure and function of the filaments.  
The gold standard for labelling actin is to use F-actin maker phalloidin [234]–[236]. Phalloidin, 
a bicyclic peptide from a family of toxins in the death cap mushroom (Amanita phalloides), 
only binds specifically to F-actin at the junction between the actin subunits and does not bind to 
other forms of actin [235], [237]. Fluorescent phalloidin conjugates utilise phalloidin to 
selectively bind to small and large F-actin with a 1:1 stoichiometric ratio between phallotoxin 
and actin subunits whilst the fluorescent dye provides fluorescence visualisation; this therefore 
reduces non-specific background staining [237]. Fluorophores such as Alexa Fluor® dyes (e.g. 
Invitrogen Alexa Fluor® 488) coupled with phalloidin are commonly used fluorescent probes for 
labelling F-actin and claimed to be superior in brightness and photostability across the full 
spectral range. However, due to phalloidin being not cell-permeable, fixation and 
permeabilisation steps are required for its use or it must be microinjected into live cells prior to 
imaging [236], [238]. Furthermore, phalloidin binding stabilises F-actin which subsequently 
perturbs its normal assembly and dynamics and therefore limits its applicability for live imaging 
of actin filaments [236], [239]. 
In living cells, actin structures can be visualised either by incorporating fluorescently labelled 
actin through microinjection (technically demanding) or by overexpression [237], [239]. The 
technique of overexpressing a fusion protein composed of actin monomers and a fluorescent 
protein, such as green fluorescent protein (GFP) has been widely used [239], [240]. It requires 
manipulation of the cellular genetics by transfecting the target cells with expression vectors that 
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carry the actin-GFP fusion proteins [240]. GFP-actin DNA vectors are readily transfected into 
human cell lines [237]. However, primary cells, tissues and many non-mammalian cells are 
often difficult, impractical or unreliable to transfect [237]. In addition, GFP-labelled actin is 
known to interfere with cytoskeletal dynamics during cell cytokinesis and migration [241], cell 
deformation [242], [243] and cell-matrix adhesion [237], [240], [244]. Alternatively, fluorescent 
actin-binding proteins or domains have been used as a less disruptive method for visualising 
actin structures in live cells [236], [237], [239], [240]. Such commonly used live-probes include 
fusions of LifeAct [240], [245], F-tractin and Utrophin [239] to a fluorescent protein (e.g. green 
fluorescent protein (GFP)) [236], [240]. Compared to Actin-GFP, studies have reported that 
LifeAct-GFP displays better definition of the actin organisation and dynamics without affecting 
the biomechanical properties of either the entire cells or the actin cortex [240], [245]. Moreover, 
fluorescent probes based on the actin binding domain of Utrophin have shown to obtain clear 
visualisation of F-actin distribution in living and fixed cells and distinguish between stable and 
dynamic F-actin [239]. Although these probes have been successful in labelling F-actin, they 
still need to be introduced into cells either via protein transfection reagents (plasmid or viral 
vectors) or microinjection [239], [245]. 
In recent years, a probe conjugating silicon-rhodamine (SiR) to a ligand desbromo-desmethyl-
jasplakinolide which binds to filamentous actin (F-actin), SiR-actin, was developed for labelling 
actin filaments in living cells [238], [240], [246]. The membrane permeable characteristic of 
SiR-actin allows for labelling of actin inside live cells without the need to transfect and 
overexpress fluorescently labelled proteins such as actin monomers or actin binding proteins 
which makes it easy to use [238], [247], [248]. Other advantages of SiR-actin over the other 
methods include its use in living cells without fixation and its far-red absorption and emission 
wavelengths which doesn’t overlap with other commonly used fluorophores to avoid crosstalk. 
Other key properties of SiR-actin such as its fluorogenicity and high specificity to F-actin 
provide clear visualisation of actin filaments with a high signal to noise ratio [238], [247], 
[248]. Due to these beneficial features, SiR-actin was selected as a potential candidate stain for 
determining cell morphology and the actin structures and dynamics in living native and tissue 
engineered cartilage during tissue deformation in this thesis.  
By coupling a nuclear stain with the actin probe, it would help to identify the actin filaments 
associated with each cell as well as cell morphology and, therefore Acridine orange was chosen 
to visualise cell nuclei. Acridine orange is a cell permeant nucleic acid dye, and was thus 
suitable for live cell imaging applications. In addition, there was minimal crosstalk between the 
two stains as the overlap in the emission spectra is insignificant. Acridine orange emits between 
490 and 645 nm (λ Em max 526 nm) and SiR-actin displays a far-red emission between 600nm and 
850nm (λ Em max 674nm). 
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3.1.4 Plasma Membrane Staining  
Apart from actin filament staining to visualise cell shape, plasma membrane staining is also a 
convenient marker for highlighting cell boundaries. There are many probes that are available for 
staining the plasma membrane. One method used for labelling cell membranes is the CellMask 
(Green, Orange and Red) plasma membrane stains. According to the manufacturer’s 
descriptions, CellMask stains are amphipathic molecules which provide a lipophilic moiety for 
membrane loading and consist of a negatively charged hydrophilic dye that is able to anchor the 
probe in the plasma membrane. CellMask stains are able to provide bright, robust and uniform 
staining of plasma membrane across various mammalian cell types and are slow to internalise. 
They also rapidly stain plasma membrane in live cells. Thus, CellMask Green plasma 
membrane stain was chosen to determine its potential application in staining plasma membrane 
as a means of highlighting cell morphology. In addition, Hoechst 33342 dye was selected to 
couple with CellMask Green plasma membrane to label cell nuclei and identify cells because 
there is minimal overlap between the two stains on the emission spectra.  
3.2 Objectives  
In this chapter, the main aim was to establish and develop a method that was capable of 
visualising, tracking, imaging and quantifying 3D changes in cell morphology (shape and size) 
of living chondrocytes within native cartilage disks and bovine synoviocytes within tissue 
engineered cartilage constructs during different magnitudes of static compressions. The method 
developed needed to allow stains to penetrate the matrix and provide specific and highly 
resolved visualisation of cell morphology for 3D quantification measurements. In addition, 
because an aim of this thesis was to determine the cellular deformation behaviour within native 
and tissue engineered cartilage under different magnitudes of compressive strain, the stains 
needed to label the cells and allow the operation of the confocal microscope to track and image 
selected cells multiple times without significant signal loss. Fluorescence signal loss needed to 
be avoided as this would result in lack of detail for cell morphology and therefore could 
potentially affect the accuracy of quantitative data on cell deformation obtained from the 
images. 
The aim of this study was approached via the following objectives: 
 To characterise and optimise SiR-actin stain on bovine synoviocyte monolayers.  
 To characterise a dual staining method of Acridine orange and SiR-actin stains on 
bovine synoviocyte monolayers, native cartilage and synoviocyte-polyethylene 
terephthalate (PET) immature constructs to determine the ability to penetrate tissue 
samples, label cell nuclei and the F-actin structures and image selected cells multiple 
times without significant signal loss. 
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 To characterise an alternative dual staining method of Hoechst 33342 and CellMask 
Green plasma membrane stains on bovine synoviocyte monolayers, native cartilage and 
synoviocyte/PET immature constructs to determine the ability to penetrate tissue 
samples, label cell nuclei and the plasma membrane and image selected cells multiple 
times without significant signal loss.  
 To examine the effects of photobleaching with the use of ProLong® Live Antifade 
Reagent in both staining methods.  
 To compare image acquisition in the confocal microscope using a traditional galvo 
scanner and a high speed resonant scanner to potentially retain fluorescence signal. 
Evaluation of the two staining methods (described in Section 3.4.1 and Section 3.4.3) and 
determination of which one was best suited for live cell imaging within native and tissue 
engineered cartilage was conducted under non-loaded conditions as a prelude to 
subsequently determining cell deformation behaviour under different compressive loads 
(described in Chapter 4 and Chapter 5). Once a staining method was established, an 
appropriate confocal imaging setting for tracking changes in cell morphology within native 
and tissue engineered cartilage subjected to different amounts of tissue deformation was 
determined. An overview of the experimental plan with variations of staining is depicted in 
Figure 21-24. 




Figure 20: Overview of experimental plan for optimising SiR-actin stain and comparing with Alexa Fluor® Phalloidin stain on bovine 
synoviocyte monolayers. 
Figure 21: Overview of experimental plan for characterising a dual staining method of Acridine orange and SiR-actin stains on bovine 
synoviocyte monolayers, native cartilage and synoviocyte-polyethylene terephthalate (PET) immature constructs to determine the ability 
to penetrate tissue samples, label cell nuclei and the F-actin structures and image selected cells multiple times without significant signal 
loss. 







Figure 22: Overview of experimental plan for characterising a dual staining method of Hoechst 33342 and CellMask Green plasma membrane 
stains on bovine synoviocyte monolayers, native cartilage and synoviocyte-polyethylene terephthalate (PET) immature constructs to determine 
the ability to penetrate tissue samples, label cell nuclei and the F-actin structures. 
 





Figure 23: Overview of experimental plan for examining the effects of photobleaching with the use of ProLong® Live Antifade Reagent in both 
staining methods. 
Figure 24: Overview of experimental plan for comparing image acquisition in the confocal microscope using a traditional galvo scanner and a 
high speed resonant scanner to potentially retain fluorescence signal. 
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3.3 Experimental Methodologies 
3.3.1 Cell Isolation and Monolayer Expansion  
Cell isolation and monolayers expansion followed the method described in Finlay et al. (2016) 
[1]. Bovine synoviocytes were obtained from the synovia of approximately 6 month old bovine 
metatarsophalangeal joints. The legs were first cleaned with warm soapy water, followed by 
removal of skin without compromising the joint capsule. The joint was dissected aseptically 
using sterile surgical tools to open up the joint in order to expose the synovium. The synovium 
was removed before placing it in Dulbecco’s PBS (written in full in Section 2.4.2.3) with 1 % 
100x antibiotic (AB) (Sigma-Aldrich, Irvine, UK, P4333) (final concentration of AB in solution 
was 100 units/mL penicillin and 0.1 mg/mL streptomycin). The synovium was then cut into 
small pieces and placed in 0.25 % (w/v) collagenase 1A (Sigma-Aldrich, Irvine, UK, C9891) 
within Dulbecco’s Modified Eagles Medium/Ham’s F12 medium (DMEM/F12) (Gibco by 
ThermoFisher Scientific, Northumberland, UK, 21041025) at 37°C for 3 hrs. Once digested, the 
solution was filtered through a 70 μm nylon meshed cell strainer (Corning Life Sciences B.V., 
Amsterdam, Netherlands, 352350) before it was centrifuged at 100 g for 6 mins. The 
supernatant was then removed and the pellet was resuspended before seeding into 175 cm2 
tissue culture flasks (Corning Life Sciences B.V., Amsterdam, Netherlands, 431080), containing 
growth medium (which consisted of DMEM/F12 medium supplemented with 10 % foetal 
bovine serum (FBS) (Sigma-Aldrich, Irvine, UK, F7524), 1x AB and 2 mM L-glutamine 
(Sigma-Aldrich, Irvine, UK, G7513). Bovine synoviocytes were incubated at 37°C, 5 % CO2 
and above 90 % humidity. When confluence reached approximately 90 %, cells were passaged 
by trypsinisation. Growth medium was removed and the cells washed with PBS. Trypsin-EDTA 
(0.25 % w/v) (Sigma-Aldrich, Irvine, UK, T4049) was added to the cells for approximately 5 
mins to induce cell detachment. The resulting cell suspension was then centrifuged at 100 g for 
5 mins before the supernatant was removed and the pellet was resuspended in growth medium 
and re-seeded into 175 cm2 tissue culture flasks at 5,000 cells/cm2. Medium change occurred 
every 3-4 days. Cells between passage 1 and 3 were used for all of the experiments described in 
this thesis. 
To determine cell number for seeding, an aliquot of cell suspension combined with Trypan blue 
(Sigma-Aldrich, Irvine, UK, T8154) was added to a haemocytometer. Cells (located in three 
random squares in the haemocytometer) were counted manually under a light microscope. The 
cell concentration can be calculated using the following formula: 
Total cells/mL =  
Total cells counted × 104 × dilution factor (2)
number of counted squares
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3.3.2 Synoviocyte Monolayer Culture for Staining with SiR-actin 
To prepare synoviocyte monolayer for confocal imaging, synoviocytes were trypsinised and re-
seeded at 7000 cells/cm2 on 6-well cell culture plates (Corning Life Sciences B.V., Amsterdam, 
Netherlands) with each well containing 5 mL of growth medium. The cell monolayers were 
cultured in the incubator at 37°C and 5 % CO2. Medium change occurred every 3-4 days. When 
cells reach approximately 80 % confluency (cultured up to 7 days), both staining methods; 
Acridine orange coupled with SiR-actin stains and Hoechst 33342 combined with CellMask 
Green plasma membrane stains (described in Section 3.4.1 and Section 3.4.3) were applied prior 
to confocal imaging.  
3.3.3 Harvesting of Osteochondral Plugs for Cartilage Disks 
Osteochondral plugs (5 mm in diameter were used as a source for cartilage disks as native 
cartilage samples) were obtained from the (relatively flat) medial and lateral regions of the 
patellofemoral groove of bovine knee joints. The joint was opened by removing remnant joint 
capsule tissue and other connective tissue using a scalpel, leaving the patellofemoral groove 
exposed. Only joints showing no visible defects were used. The articular surface was kept 
hydrated by dripping PBS on to the surface throughout the procedure. The initial outlines 
circumscribing the desired plug were marked on the cartilage surface using a plain ended corer. 
A drill mounted with a customised drill-aided corer was then used to drill down into the 
subchondral bone at the marked locations. Upon completion, the resulting osteochondral plug 
was snapped in-situ and removed from the joint surface with the aid of a plain ended corer. The 
extracted plugs were washed and placed in PBS before transferring them to PBS containing 10x 
AB for 20 mins. Once the plugs were sterilised, the subchondral bone ends were removed from 
the osteochondral plugs by a scalpel to leave as close to full depth cartilage as possible. The 
cartilage disks were then placed into culture conditions within a 24-well cell culture plate 
(Corning Life Sciences B.V., Amsterdam, Netherlands), with growth medium (DMEM/F12 
medium supplemented with 10 % FBS, 1x AB and 2 mM L-glutamine) for a maximum three 
days prior to confocal imaging. 
3.3.4 Production of Synoviocyte/PET Immature Constructs  
To fabricate synoviocyte/PET immature cartilage constructs, bovine synoviocytes, non-woven 
PET scaffolds (Xiros Ltd., Leeds, UK) and biochemical stimuli were used. For the purposes of 
stain testing, mechanical loading was not applied to the constructs during their development. 
3.3.4.1 Preparation of Non-Woven PET Fibre Scaffolds 
Non-woven PET fibre scaffolds provided by Xiros Ltd. for this project were plasma treated to 
improve cell attachment. Woven PET scaffold is clinically used in ligament repair and has been 
FDA approved. Non-woven PET fibre scaffolds were provided as sheets with dimensions of 20 
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x 60 mm and a porosity of 90.2 % by volume that resulted in 0.9 mm thickness. This was 
produced with the 97 % porosity scaffold by plastic compression, with heating, which causes a 
reduced in scaffold thickness and porosity. The PET sheets were cut into 5 mm disks using a 
custom-made cutter under aseptic conditions. Prior to the fabrication of constructs, the scaffolds 
were subjected to ultra violet (UV) radiation for a total of 30 mins (with 15 mins of exposure on 
each side of the scaffold) to ensure sterility before being used. 
3.3.4.2 Cell Isolation, Monolayer Expansion and Dynamic Cell Seeding  
Synoviocytes were isolated and expanded as described in Section 3.3.1. In brief, synoviocytes 
were isolated from bovine synovium via collagenase digest for 3 hrs at 37°C. The digest was 
filtered and centrifuged before the pellet was resuspended and seeded into tissue culture flasks. 
Synoviocytes were cultured in DMEM/F12 medium supplemented with 10 % FBS, 1x AB and 2 
mM L-glutamine at 37°C, 5 % CO2 and above 90 % humidity. When approximately 90 %, 
confluency was reached, cells were passaged by trypsinisation and re-seeded at 5000 cells/cm2. 
Medium change occurred every 3-4 days. Cells between passages 1 and 3 were used for 
experimentation.  
Once sufficient cell numbers had been reached, a 250,000 cells/mL suspension was prepared 
prior to the dynamic cell seeding procedure. A 1 mL aliquot of cell suspension along with a 
PET disk were inserted in a 2 mL capacity polypropylene tube (Sarstedt, Leicester, UK, 
72.695). Each tube was then inserted into an in-house built, dynamic seeding apparatus, as 
shown in Figure 25. The dynamic seeding device consisted of a pair of rollers (one of which is 
connected to a DC electrical motor), two cylindrical steel disks connected by four shafts with 
twelve 10 mm holes where tubes were inserted and two cylindrical steel plates (attachable to the 
steel disks with screws for fixing the tubes in place). These components were assembled 
together to allow the inserted tubes filled with cells suspension and the PET scaffold to rotate at 
a rate of approximately 0.25 Hz. The dynamic cell seeding device was placed in the incubator at 
37°C for 24 hrs to allow the cells to attach to the PET scaffold. 
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3.3.4.3 Chondrogenic Culture of Synoviocytes on PET Scaffolds   
Each cell-PET construct was transferred into a single well of a 24-well cell culture plate after 
the seeding was completed. Each construct was submerged in 1 mL of chondrogenic medium, 
which consisted of DMEM/F12 medium supplemented with, 10 ng/mL transforming growth 
factor β3 (TGF-β3) (PeproTech, London, UK, 100-36E), 50 µg/mL L-ascorbic acid-2-phosphate 
sesquimagnesium salt hydrate (Sigma-Aldrich, Irvine, UK, A8960), 10-7 M dexamethasone 
(Sigma-Aldrich, Irvine, UK, D4902), 1x Insulin-Transferrin-Selenium (ITS) (ThermoFisher 
Scientific, Northumberland, UK, 51300-044), 1x AB and 2 mM L-glutamine. Chondrogenic 
medium was freshly made prior to application due to the instability of TGF-β3 and ascorbic 
acid-2-phosphate in solution. The plates were placed in the incubator at 37°C and 5 % CO2. 
Cultures were kept under these conditions for 12 weeks. Medium was changed every 3-4 days. 
Steel disks connect by shafts Steel plate and screw 
Rollers and electrical motor 
Inserted 2 mL tubes containing 
cells/scaffold suspension 
Figure 25: (A) Components of two steel disks with twelve 10 mm holes (connected by four 
shafts) and two steel plates (attachable with screws to the steel disks) combine together and 
(B) place on a pair of rollers (one of which is connected to a DC electrical motor) to form the 
assembled dynamic cell seeding device to allow the inserted tubes filled with cells/PET 
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3.4 Analytical Methods  
3.4.1 Live Cell Staining for Cell Nuclei and Actin Filaments with Acridine 
Orange and SiR-actin Stains 
For visualisation of F-actin structure and cell morphology in live bovine synoviocyte 
monolayers, native cartilage and synoviocyte/PET immature constructs, Acridine orange 
(Invitrogen, Paisley, UK, A1301) and SiR-actin (TeBu-bio, Peterborough, UK, 251SC001) were 
used to stain cell nuclei and F-actin, respectively. 
A 1 mM stock solution of SiR-actin live probe was prepared by dissolving the content of the 
vial of SiR-actin in 50 μL of anhydrous dimethyl sulfoxide (DMSO) (Sigma-Aldrich, Irvine, 
UK 276855). The stock solution was diluted with DMEM/F12 medium to make up staining 
solutions with different concentrations of the probe (2, 1, 0.5 and 0.1 μM) and applied to 
synoviocyte monolayers in order to determine the desired staining concentration of SiR-actin 
required to visualise F-actin. Verapamil (10 μM) (TeBu-bio, Peterborough, UK, 21910-1111), a 
broad spectrum efflux pump inhibitor, was added to each staining solution to improve on 
staining efficiency [238]. Growth medium in each well was replaced by different staining 
solutions, ensuring that cells were submerged in the solutions. The plates were placed in the 
incubator at 37°C and 5 % CO2 overnight (approximately 12 hrs of labelling time). Once 
labelling was completed, cell monolayers were washed once with Live Cell Imaging Solution 
(Molecular probes by ThermoFisher Scientific, Northumberland, UK, A14291DJ) before 
imaging. Live Cell Imaging Solution is a physiological medium developed specifically for live 
cell imaging applications (live cell imaging, dye loading and wash steps). According to the 
manufacturer’s instructions, it is an optically clear, physiological solution buffered with HEPES 
at pH 7.4 which can keep cell healthy for up to 4 hrs at ambient atmosphere and temperature. In 
addition, it provides better optical clarity and signal to noise ratio than standard media.     
Once optimal staining of F-actin was achieved, the combination of Acridine orange and SiR-actin 
was applied to four different samples; i) bovine synoviocyte monolayers cultured in growth 
medium, ii) cartilage disks obtained from the patellofemoral groove of bovine knee joints and 
cultured in growth medium, iii) immature cartilage constructs generated by dynamically seeding 
bovine synoviocytes on PET scaffolds and cultured in chondrogenic medium for 12 weeks and 
iv) PET scaffolds (no cells) cultured in growth medium. Medium in each well was replaced by a 
staining solution of 0.1 μM SiR-actin and 10 μM Verapamil in DMEM/F12 medium for F-actin 
labelling. The samples were then placed in the incubator at 37°C and 5 % CO2 overnight 
(approximately 12 hrs of labelling time). The samples were washed once with Live Cell Imaging 
Solution before labelling nuclei with Acridine orange (1 μg/mL) in DMEM/F12 medium for 30 
mins at 37°C. Three wash steps with Live Cell Imaging Solution were applied to the samples to 
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remove any residual staining. All samples were placed in Live Cell Imaging Solution prior to 
imaging. Staining solutions were freshly prepared for each experimental set up. 
3.4.2 Alexa Fluor® 488 Phalloidin Staining for F-actin Visualisation  
To compare staining of SiR-actin with the more commonly used F-actin marker, phalloidin (e.g. 
Alexa Fluor® 488 phalloidin) [234], [249] for labelling of F-actin, synoviocyte monolayers 
cultured in a 6-well cell culture plate were used. The monolayers were washed with PBS three 
times before and after being submerged in 10 % neutral buffered formalin (NBF) (Sigma-Aldrich, 
Irvine, UK, HT501128) for 15 mins to fix the cells. Cell membranes were then permeabilised 
with 0.1 % Trition-X (Sigma-Aldrich, Irvine, UK, T8787) in PBS for 20 mins followed by three 
PBS washes. The monolayers were then incubated with Alexa Fluor® 488 phalloidin stain 
(Molecular probes by ThermoFisher Scientific, Northumberland, UK, A12379), at a 1 in 10 
dilution for 2 hrs at room temperature, protected from light. Three PBS washes on monolayers 
were completed after which they were submerged and stored in fresh PBS prior to confocal 
imaging.    
3.4.3 Live Cell Staining for Cell Nuclei and Plasma Membrane using 
Hoechst 33342 and CellMask Green Plasma Membrane Stains 
Bovine synoviocyte monolayers, chondrocytes within native cartilage and synoviocytes within 
synoviocyte/PET immature constructs were stained with Hoechst 33342 (ThermoFisher 
Scientific, Northumberland, UK, 62249) and CellMask Green plasma membrane (Molecular 
probes by Thermo Scientific, Northumberland, UK, C37608). A combined staining working 
solution of 1 µg/mL Hoechst 33342 and 1x CellMask Green plasma membrane (prepared from 
1000x concentrated stain solution) were freshly prepared with DMEM/F12 medium prior to 
application to samples. A sufficient volume of the stain working solution was applied to 
completely cover the synoviocyte monolayers in a 6-well cell culture plate, the native cartilage 
and the immature constructs in a 24-well cell culture plate. The plates were covered with 
aluminium foil to protect from the light and incubated at 37°C and 5 % CO2 for 40 mins. The 
monolayers and tissue samples were then washed three times in Live Cell Imaging Solution 
before visualisation using an Nikon A1R inverted confocal microscope (Nikon Instruments Inc, 
Surrey, UK). Staining solutions were freshly prepared for each experimental set up. 
3.4.4 Live Cell Staining with the Addition of ProLong® Live Antifade 
Reagent  
The effect of addition of ProLong® Live Antifade Reagent to potentially reduce photobleaching 
was investigated on native cartilage specimens. Following dual staining of Acridine orange and 
SiR-actin stains, and Hoechst 33342 and CellMask Green plasma membrane on native cartilage 
disks as described in Section 3.4.1 and Section 3.4.3, respectively, ProLong® Live Antifade 
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Reagent (Invitrogen by Thermo Fisher Scientific, Northumberland, UK, P36975) was diluted in 
1:100 with Live Cell Imaging Solution and applied to the samples in the dark at 37°C for 2 hrs 
before sequential imaging using an Nikon A1R inverted confocal microscope. Sequential 
imaging allows selected cells to be tracked and imaged through a series of 3D volume images. 
Given that both SiR-actin and CellMask Green plasma membrane stains were used to define cell 
boundaries, the ability of both stains to retain fluorescence signal after tracking identified cells 
three times via sequential imaging, with the addition of ProLong® Live Antifade Reagent, were 
determined and compared. The full method of sequential imaging is described in Section 
3.4.5.6. 
3.4.5 Confocal Microscopy Imaging   
3.4.5.1 Confocal Imaging of Synoviocyte Monolayers Following Staining with 
SiR-actin, Alexa Fluor® 488 Phalloidin or Combined Acridine Orange and 
SiR-actin Stains 
All confocal images of synoviocyte monolayers stained with either different concentrations of 
SiR-actin, Alexa Fluor® 488 phalloidin or a staining combination of Acridine orange and SiR-
actin were acquired using an Leica TCS-SP2 upright confocal laser scanning microscope (Leica 
Microsystems, Milton Keynes, UK). The 6-well cell culture plates containing the stained 
synoviocyte monolayers were placed on the stage of the confocal microscope and cells were 
randomly selected for imaging. Using a 20x water-immersion objective lens (HCX APO 0.5 
numerical aperture (NA), Leica Microsystems, Milton Keynes, UK) and the 633 nm Helium-
neon laser selected to excite SiR-actin, 1024 x 1024 pixel images of synoviocyte stained with 
different concentrations of SiR-actin were captured with four-times line averaging. Averaging is 
usually used in image acquisition to improve image quality by adding the sum of pixel values 
from the specified number of scan and using the average as the final value in the image. Line 
averaging is a form of averaging which scans each line for a specified number of times prior to 
moving to the next line. This is repeated for all lines in the frame and the pixel data collected is 
averaged to produce an image with reduced noise and improved signal to noise ratio.  
For the comparison of synoviocytes stained with either Alexa Fluor® 488 phalloidin or SiR-
actin, confocal images (1024 x 1024 pixels) were recorded using a 63x water-immersion 
objective (HCX APO 0.9 NA, Leica Microsystems, Milton Keynes, UK) with four-times line 
averaging and lasers at excitation/emission wavelengths of 488/520 nm and 652/674 nm, 
respectively. Images of SiR-actin stained synoviocytes (use for comparison with Alexa Fluor® 
488 phalloidin labelled synoviocytes) were compiled and pseudo coloured to green using Leica 
Confocal Software (Leica Microsystems, Milton Keynes, UK).  
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To acquire images (512 x 512 pixels) of synoviocytes stained with Acridine orange and SiR-
actin, objective lenses with various magnifications (20x and 63x) and digital zooms were used 
with four-times line averaging. The 543 nm Argon laser and the 633 nm Helium-neon laser 
were used to excite Acridine orange and SiR-actin, respectively. Unidirectional scanning and 
channel series were selected to capture all images. Channel series enables sequential scanning 
mode which means only one laser is scanning at any particular time, this therefore reduces 
fluorescence crosstalk where emission from one fluorophore is detected by more than one 
detector. Images were compiled using Leica Confocal Software and Acridine orange and SiR-
actin were pseudo coloured to blue and green, respectively. 
3.4.5.2 Confocal Imaging of Native Cartilage and Synoviocyte/PET Immature 
Constructs Following Staining with Combined Acridine Orange and SiR-
actin Stains 
All 3D volume images (Z stack) of cells within native cartilage and immature cartilage 
constructs were acquired using an Nikon A1R inverted confocal microscope. The 488 nm Argon 
laser and 641 nm solid state laser were selected to excite Acridine orange and SiR-actin stains, 
respectively. Unidirectional galvo scanning and channel series were used to capture all images. 
Individual tissue samples were placed inside the compression device without load application 
and with the imaging surface (i.e. the deep zone) faced down onto the coverslip, as described in 
Section 2.3.3. The tissue was submerged in Live Cell Imaging Solution to maintain hydration 
and cell viability during imaging. The device (with no load applied to the tissue) was mounted 
onto the stage of the microscope. Chondrocytes and synoviocytes were randomly selected from 
the central region (radially) of the native cartilage and Synoviocyte/PETimmature construct, 
respectively. To determine the ability of both stains to penetrate through both tissue samples, 
serial optical sections of 512 x 512 pixels were recorded at an interval of 1.25 µm/section with 
no line averaging using a 20x air objective (PL APO 0.75 NA, Nikon Instruments Inc, Surrey, 
UK). Three dimensional volume and maximum projection images were reconstructed from the 
series of optical sections using Nikon NIS-Elements software (Nikon Instruments Inc, Surrey, 
UK) and Acridine orange and SiR-actin were pseudo coloured to blue and green, respectively. 
Maximum projection is a method that projects 3D data (the voxel with the highest intensity 
values from the sections throughout the volume) onto a single plane image.  
3.4.5.3 Confocal Imaging of Synoviocyte Monolayers, Native Cartilage and 
Synoviocyte/PET Immature Constructs Following Staining with 
Combined Hoechst 33342 and CellMask Green Plasma Membrane Stains  
All 3D volume images (Z stack) were acquired using an Nikon A1R inverted confocal 
microscope. The 405 nm solid state and 488 nm Argon laser were selected to excite the Hoechst 
33342 and CellMask Green plasma membrane stains, respectively. Unidirectional galvo 
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scanning and channel series were used to capture all images. For visualising synoviocytes in 
monolayers, the 6-well cell culture plate was mounted directly onto the stage of the confocal 
microscope and serial optical sections of 512 x 512 pixels at an interval of 0.2 µm/section with 
no line averaging were recorded using a 20x air and 40x oil immersion objective lens (20x PL 
APO 0.75 NA and 40x S Fluor 1.30 NA, Nikon Instruments Inc, Surrey, UK). For all 
experimentations that involved tissue samples, they were placed in the non-loaded compression 
device filled with Live Cell Imaging Solution (with the imaging surface either the superficial 
surface or the deep zone faces down onto the coverslip, as described in Section 2.3.3) and 
mounted on the stage of confocal microscope. To determine the ability of both stains for cell 
visualisation via penetrating through native cartilage and immature cartilage constructs, a series 
of optical sections of 512 x 512 pixels at 1.25 µm intervals with no line averaging were captured 
using a 20x air objective (PL APO 0.75 NA). Three dimensional volume images were compiled 
using Nikon NIS-Elements software. 
3.4.5.4 Determination of Staining Penetration using Cross-Sections of Native 
Cartilage 
In preparation for determining the extent of penetration of Hoechst 33342 and CellMask Green 
plasma membrane stains in to native cartilage, cross-sectional slices (approximately 1 mm 
thick) were prepared from the stained cartilage disks from the central axis of the articular 
surface down to the deep zone using a scalpel. The cross sectional slices were then imaged by 
acquiring a series of optical sections of 512 x 512 pixels at 6.22 µm intervals using a 10x air 
objective (PL Fluor 0.30 NA, Nikon Instruments Inc, Surrey, UK) to produce an overall view of 
the cross-section. Unidirectional galvo scanning and channel series were used to capture all 
images. Maximum projection images were reconstructed from the series of optical sections 
using Nikon NIS-Elements software.  
3.4.5.5 Sequential Imaging of Selected Chondrocytes in Native Cartilage 
Following Staining of Acridine orange and SiR-actin 
In order to study the effect(s) of incremental compressive loading on cell deformation in living 
native cartilage and immature cartilage constructs, selected cells must be visualised multiple 
times without significant signal loss. An imaging acquisition protocol of a sequential series of 
four 3D volume images (as shown in Figure 26) was used to determine the ability of SiR-actin 
to retain fluorescence signal during tracking and imaging selected cells multiple times. A set of 
four sequential volume (Z stack) images was chosen because this would allow examination of 
changes in cell morphology (shape and size) from the uncompressed state to the deformed state 
following application of various magnitudes of compressive tissue strain in later cellular 
deformation experiments. Following application of Acridine orange and SiR-actin (described in 
Section 3.4.1), the stained native cartilage sample was placed in the compression device 
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(without load application) filled with Live Cell Imaging Solution and with the imaging surface 
either superficial surface or the deep zone faced down onto the coverslip, as described in 
Section 2.3.3 prior to mounting on the stage of the microscope. Chondrocytes located in the 
superficial surface and the deep zone of native cartilage were examined under non-loaded 
conditions as a prelude to subsequently determining cell deformation behaviour in native and 
tissue engineered cartilage under different compressive loads (described in Chapter 4 and 
Chapter 5). Chondrocytes from the central region (radially) of the tissue were randomly selected 
from a depth of 20-30 µm inside the tissue and tracked by capturing a sequential series of four 
volumes images. To capture a volume image of selected chondrocytes in both the superficial 
surface and the deep zone, a series of optical sections of 512 x 512 pixels at 0.2 µm intervals 
were taken using a 100x oil immersion objective (Plan APO 1.40 NA, Nikon Instruments Inc, 
Surrey, UK) with unidirectional galvo scanning and no line averaging. Thin optical section 
thickness (0.2 µm) was selected to achieve high z-resolution that could provide sufficient pixel 
details to resolve 3D cell morphology. No line averaging was applied in order to reduce 
scanning time on tissue samples and consequently minimise the risk of photobleaching. After 30 
mins of equilibrium time, a further another volume image was recorded of the same selected 
cells in the same area. The procedure was repeated for two additional volume images of the 
same selected cells in the same area to complete the sequential series of four volume images. 
Images were compiled using Nikon NIS-Elements software. 
3.4.5.6 Comparison in Sequential Imaging of Selected Chondrocytes in Native 
Cartilage Between Staining of SiR-actin and CellMask Green Plasma 
Membrane with the addition of ProLong® Live Antifade Reagent  
Given that SiR-actin and CellMask Green plasma membrane stains were used to define cell 
boundaries, the ability to retain fluorescence signal after tracking identified cells multiple times 
were compared between the two stains, with the addition of ProLong® Live Antifade Reagent to 
potentially reduce photobleaching. An imaging acquisition protocol of sequential 3D volume 



















Figure 26: A confocal imaging protocol consisting of a sequential series of four 3D volume images 
was used to determine the ability of SiR-actin to retain fluorescence signal after tracking and 
imaging selected cells multiple times. This protocol was applied to chondrocytes located in the 
superficial surface and the deep zone of native cartilage.  
30 mins 
wait 
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instead of four. Following application of either dual staining of Acridine orange and SiR-actin 
stains, and Hoechst 33342 and CellMask Green plasma membrane with the addition of 
ProLong® Live Antifade Reagent on native cartilage (described in Section 3.4.4), 
experimentation was conducted under non-loaded conditions as a prelude to subsequently 
determining cell deformation behaviour in native and tissue engineered cartilage under different 
compressive loads (described in Chapter 4 and Chapter 5). In brief, a stained native cartilage 
sample was placed in the compression device (without load application) filled with ProLong® 
Live Antifade Reagent and with the imaging surface either superficial surface or the deep zone 
faced down onto the coverslip, as described in Section 2.3.3. The device was then mounted on 
the stage of the microscope. Chondrocytes from the central region (radially) of a sample of 
native cartilage were randomly selected from a depth of 20-30 µm inside the tissue and tracked 
by capturing a sequential series of three volumes (Z stack) images. Three volume images (512 x 
512 pixels and 0.2 µm optical section thickness per a volume image) of the same identified cells 
in the same area were conducted sequentially with 30 mins of waiting time apart. Unidirectional 
galvo scanning, channel series and no line averaging were used to capture all images. Lasers 
were set at 5 % of full power to minimise stain bleaching. In addition, the pinhole was set at the 
theoretical optimum of 1 Airy units (Au) to provide a diameter that gives the best compromise 
between light throughput, noise and resolution. Images were compiled using Nikon NIS-
Elements software.      
3.4.5.7 Sequential Imaging of Selected Chondrocytes in Native Cartilage using 
Galvo and Resonant Scanning Systems Following Staining of Hoechst 
33342 and CellMask Green Plasma Membrane with the Addition of 
ProLong® Live Antifade Reagent  
To examine which scanning system was best in order to retain fluorescence signal of stain, a 
series of three volume images of chondrocytes in the same sample of native cartilage was 
captured using the galvo and resonant scanner systems on an Nikon A1R inverted confocal 
system. Experimentation was conducted on native cartilage under non-loaded conditions as a 
prelude to subsequently determining cell deformation behaviour in native and tissue engineered 
cartilage under different compressive loads (described in Chapter 4 and Chapter 5). Following 
application of Hoechst 33342 and CellMask Green plasma membrane (described in Section 
3.4.4), the stained cartilage sample was placed in the non-loaded compression device filled with 
ProLong® Live Antifade Reagent (with the imaging surface faces down onto the coverslip, as 
described in Section 2.3.3) and the device was mounted on the stage of the microscope. 
Chondrocytes from the central region (radially) of a sample of native cartilage were randomly 
selected at a depth of 20-30 µm within the tissue. The 405 nm solid state and 488 nm Argon 
laser were used to excite Hoechst 33342 and CellMask Green plasma membrane stains 
respectively. For the galvo scanner, lasers were set at 5 % of full power with no line averaging 
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and the pinhole was set at the theoretical optimum of 1 Au to provide a diameter that gives the 
best compromise between light throughput, noise and resolution. To set up the resonant 
scanning, 30 % of full laser power was used with sixteen-times line averaging and the pinhole 
was set at 1 Au. When a higher speed scanner is used, increase in laser power and line averaging 
are required to compensate on the shorter pixel dwell time which means less photon influx per 
pixel and consequently lower signal to noise ratio. A volume image (22.25 µm in depth) was 
recorded by taking serial optical sections of 512 x 512 pixels at 0.2 µm intervals with a 40x oil 
immersion objective (S Fluor 1.30 NA). Three volume images of cells in the same area were 
collected every 30 min as described in Section 3.4.5.6. Six cartilage samples were imaged using 
either the galvo and resonant scanning system in total. Images were compiled and change in 
fluorescence intensity (%) was recorded following three sequential images using Nikon NIS-
Elements software.  
3.5 Results  
3.5.1 Characterisation and Optimisation of SiR-actin Stain on Synoviocyte 
Monolayers 
3.5.1.1 Confocal Microscopy of Synoviocyte Monolayers Stained with Different 
Concentrations of SiR-actin 
The different concentrations of SiR-actin applied to bovine synoviocytes appeared to have little 
effect on the resulting fluorescence intensity (Figure 27). This suggests the lowest concentration 
(0.1 μM) of SiR-actin provided adequate signal and was suitable to label actin filaments in live 
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3.5.1.2 Comparison of SiR-actin and Alexa Fluor® 488 Phalloidin Stains for F-
actin visualisation 
Confocal images of live bovine synoviocytes stained with SiR-actin and Alexa Fluor® 488 
phalloidin revealed similar actin filament organisations and structures (Figure 28), respectively, 
confirming that SiR-actin is highly specific to labelling F-actin. Spherical stained structures was 
visible in the image of synoviocytes stained with SiR-actin (Figure 28B) which could 
potentially be stain debris. 
Figure 27: Confocal images of bovine synoviocytes stained with different concentrations of SiR-




Fluorescence intensity was similar in synoviocyte monolayers applied with different concentrations 
of SiR-actin.  
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3.5.2 Characterisation of the Dual Staining Method of Acridine Orange 
and SiR-actin Stains on Synoviocyte Monolayers, Native Cartilage 
and Synoviocyte/PET Immature Constructs 
3.5.2.1 Confocal Microscopy of Synoviocyte Monolayers Stained with Acridine 
Orange and SiR-actin  
Following staining of Acridine orange (1 μg/mL) and SiR-actin (0.1 μM), living synoviocyte 
monolayers were imaged via confocal microscopy. The staining combination of Acridine orange 
and SiR-actin to label the nuclei (blue) and actin filaments (green), respectively, revealed cell 
morphology (overall shape) in the live bovine synoviocytes (Figure 29). Images in Figure 29 
revealed F-actin in live bovine synoviocytes to be highly organised, forming bundles and 3D 
networks (Label 1, Figure 29E) along with different lengths of filaments (Label 2, Figure 29A). 
Staining also appeared to reveal globular actin (Label 3, Figure 29E). Acridine orange revealed 
cell nuclei (Label 4, Figure 29F) and denser staining within some regions of nuclei was 
observed, potentially indicating the presence of nucleoli (Label 5, Figure 29D and Figure 29F). 
Acridine orange was also faintly visible in the cytoplasm (Label 6, Figure 29F). Cell-cell 






Figure 28: Parallel staining of bovine synoviocyte monolayers using (A) Alexa Fluor® 488 
phalloidin and (B) SiR-actin (pseudo coloured to green).  
Staining of both Alexa Fluor® 488 phalloidin and SiR-actin revealed similar actin filament 
organisations and structures. Spherical stained structures also appeared in the image of synoviocytes 
stained SiR-actin. 








Figure 29: Confocal images of live bovine synoviocyte monolayers labelled with Acridine orange 
(pseudo coloured to blue) and SiR-actin stains (pseudo coloured to green) for staining of nuclei and 
actin filaments, respectively, were visualised using (A-F) various magnifications and digital zooms.  
Bundles and 3D networks of actin filaments (Label 1) were observed along with different lengths of 
filaments (Label 2). Staining also revealed the assembly and disassembly of actin filaments with globular-
actin (Label 3) appeared to be visible along with actin filaments. Nuclei (Label 4) were labelled with 
Acridne orange and denser staining was observed in some regions of the nuclei compared with others, 
potentially indicating the presence of nucleoli (Label 5). Acridine orange was faintly visible in the 
cytoplasm (Label 6). Cell-cell interactions and adhesion was also observed (Label 7).  
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3.5.2.2 Confocal Microscopy of Cells Stained with Acridine Orange and SiR-actin 
within Native Cartilage and Synoviocyte/PET Immature Constructs 
The 3D volume images showed both Acridine orange and SiR-actin stains had penetrated 
through native cartilage and synoviocyte/PET immature constructs and labelled cell nuclei and 
actin filaments, respectively (Figure 31). Both 3D volume and maximum projection images of 
the deep zone of native cartilage revealed chondrocytes with a rounded morphology which were 
arranged in columns (Figure 30A and Figure 31A), as would be expected. From the 3D volume 
and maximum projection images of the synoviocyte/PET immature construct, synoviocytes 
appeared to have a spindle-like morphology and were distributed relatively evenly throughout 
the construct (Figure 30C and Figure 31B). They were more densely packed than the 
chondrocytes in native cartilage and difficult to distinguish one cell from another. Low level 
staining was observed with the PET scaffold control (no cells) in Figure 30E and Figure 31C, 
indicating a low level of non-specific stain was present at the selected wavelengths. However, 
the staining intensity was insignificant compared to the fluorescently labelled nuclei and actin 
filaments associated with the cells in native cartilage and synoviocyte/PETimmature constructs. 
For the negative, non-stained controls shown in Figure 30B, Figure 30D and Figure 30F, there 
was no visible staining present, inferring that the staining methodology developed to stain 
nuclei and F-actin does not exhibit false positive staining. 








Figure 30: Maximum projected confocal  images of (A) native articular cartilage, (C) 
synoviocyte/PET immature cartilage construct and (E) a PET scaffold stained with Acridine 
orange (pseudo coloured to blue) and SiR actin (pseudo coloured to green) for nuclei and actin 
filaments, respectively; and non-stained samples, (B) native articular cartilage, (D) 
synoviocyte/PET immature cartilage construct and (F) a PET scaffold.  
Individual chondrocytes located in the deep zone of cartilage appeared rounded in shape (Label 1) 
and synoviocytes in the synoviocyte/PET immature construct revealed a spindle-like morphology 
(Label 2). Low level staining of Acridine orange was observed with the PET scaffold control (Label 
3). There was no visible staining present in non-stained controls. 
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Figure 31: 3D volume images of (A) native articular cartilage, (B) synoviocyte/PET immature cartilage 
construct and (C) a PET scaffold stained with Acridine orange (pseudo coloured to blue) and SiR-actin (pseudo 







Images revealed the stains had penetrated through native cartilage and synoviocyte/PET immature construct and 
labelled A) chondrocytes and B) synoviocytes, respectively. Low level staining of Acridine orange was observed 
with C) the PET scaffold control.  
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3.5.2.3 Retention of Fluorescence Signal after Sequential Imaging of Selected 
Chondrocytes in Native Cartilage 
After application of a staining combination of Acridine orange and SiR-actin (as described in 
Section 3.4.1), confocal microscopy was used to sequentially image selected chondrocytes in 
the superficial surface and the deep zone of native cartilage. A series of four 3D volume images 
was used to record specific chondrocytes in the superficial and deep zone of native cartilage, as 
shown in Figure 32 and Figure 33, respectively. The fluorescence signal of SiR-actin was seen 
to decrease in the sequential series of images of chondrocytes in the superficial surface of native 
cartilage, with the loss of signal more visible images 1 and 2 (Figure 32). In addition, there was 
a considerable loss in fluorescence signal between the images captured in the deep zone, in 
particular fading was more pronounced towards the end of the series (between images 3 and 4) 
(Figure 33). Due to a significant loss in fluorescence signal, details on cell morphology were 
lost.  
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Figure 32: A sequential series of four 3D volume images of selected chondrocytes on the superficial surface of bovine cartilage, images 1-4 (left to right) displayed 
in the SiR-actin (Red) channel in various planes: (A-D) XZY-plane, (E-H) XZ-plane and (J-M) Z-plane.  

























There was a considerable loss in fluorescence signal between the images. Example of loss of fluorescence signal highlighted with circle.   
30 µm 30 µm 30 µm 30 µm 
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Figure 33: A sequential series of four 3D volume images of selected chondrocytes at the deep zone of bovine cartilage, images 1-4 (left to right) displayed in the 
SiR-actin (Red) channel in various planes: (A-D) XYZ-plane, (E-H) XZ-plane and (J-M) Z-plane.  

























There was a considerable loss in fluorescence signal between the images. Example of loss of fluorescence signal highlighted with circle.   
30 µm 30 µm 30 µm 30 µm 
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3.5.3 Characterisation of the Dual Staining Method of Hoechst 33342 and 
CellMask Green Plasma Membrane Stains on Synoviocyte 
Monolayers, Native Cartilage and Synoviocyte/PET Immature 
Constructs 
3.5.3.1 Confocal Microscopy of Synoviocyte Monolayers Stained with Hoechst 
33342 and CellMask Green Plasma Membrane Stains 
The 3D volume images of live bovine synoviocytes, cultured in monolayer and stained with 
Hoechst 33342 and CellMask Green plasma membrane stains revealed high contrast labelling of 
cell nuclei and plasma membrane. The staining combination of Hoechst 33342 and CellMask 
Green plasma membrane stains provided an excellent fluorescence signal with minimal 
background noise, enabling clear visualisation of synoviocyte morphology including overall 
shape (Figure 34).   
3.5.3.2 Confocal Microscopy of Cells within Native Cartilage and 
Synoviocyte/PET Immature Constructs Stained with Hoechst 33342 and 
CellMask Green Plasma Membrane Stains 
Following staining of Hoechst 33342 and CellMask Green plasma membrane, native cartilage 
and synoviocyte/PET immature constructs were imaged via confocal microscopy. The 3D 
volume images showed both stains had penetrated through the tissue samples and successfully 
labelled cell nuclei and plasma membrane (Figure 35 and Figure 36). The images of native 
Staining revealed synoviocyte morphology and shape with excellent fluorescence signal and minimal 
background noise.  
A B 
Figure 34: 3D volume images of live bovine synoviocyte in monolayer cultures stained with Hoechst 
33342 (blue) and CellMask green plasma membrane stains (green) for nuclei and plasma 
membrane, respectively. Cells were visualised by (A) a 20x air and (B) a 40x oil-immersion 
objectives. Images are presented in the Z-plane. 
160 µm 80 µm 
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cartilage revealed chondrocytes with flattened morphology within the superficial area of the 
tissue (Label 1, Figure 35A and Figure 36A). The CellMask Green plasma membrane staining 
appeared to have also labelled the pericellular matrix that surrounds chondrocytes, providing 
visualisation of chondrons in the superficial area (Label 3, Figure 35A and Figure 36A). In the 
deep zone of native cartilage, the images showed a rounded appearance for chondrocytes which 
were uniformly distributed throughout the tissue (Label 2, Figure 35B and Figure 36B), as 
would be expected. 
The 3D volume images of synoviocyte/PET immature constructs showed densely packed 
synoviocytes to have a spindle-like morphology and an even distribution throughout the 
construct constructs (Label 4, Figure 35C and Figure 36C), with an appearance similar to that of 
synoviocytes SiR-actin stained (Section 3.5.2.2). The staining provided highly resolved 
visualisation of cell shape within the construct. Blue fluorescence signal was observed with the 
PET scaffold control (no cells), indicating that the Hoechst 33342 stain had been bound to the 
scaffold fibres (Label 5, Figure 35D and Figure 36D). The scaffold fibres appeared to have a 
high affinity to Hoechst 33342 and consequently fluoresce at the same wavelength as cell 














Figure 35: 3D volume images of (A) superficial surface, (B) the deep zone of native articular 
cartilage,  (C) synoviocyte/PET immature cartilage construct and (D) a PET scaffold stained with  
Hoechst 33342 (blue) and CellMask green plasma membrane stains (green) for nuclei and plasma 









Individual chondrocytes located in the  superficial and the deep zone of cartilage appeared flattened 
(Label 1) and rounded (Label 2) in shape, respectively. Staining appeared to have also labelled the 
pericellular matrix that surrounds chondrocytes (Label 3). Synoviocytes within the synoviocyte/PET 
immature construct appeared to have a spindle-like morphology and a random distribution throughout the 
construct (Label 4). Blue fluorescence signal was picked up by the scaffold fibres in the PET scaffold 
control (no cells) (Label 5). 








Figure 36: 3D volume images of (A) superficial surface, (B) the deep zone of native articular 
cartilage,  (C) synoviocyte/PET  immature cartilage construct and (D) a PET scaffold stained with 
Hoechst 33342 (blue) and CellMask green plasma membrane stains (green) for nuclei and plasma 




160 µm 160 µm 
160 µm 160 µm 
Individual chondrocytes located in the  superficial and the deep zone of cartilage appeared flattened 
(Label 1) and rounded (Label 2) in shape, respectively. Staining appeared to have also labelled the 
pericellular matrix that surrounds chondrocytes (Label 3). Synoviocytes within the synoviocyte/PET 
immature construct appeared to have a spindle-like morphology and a random distribution throughout the 
construct (Label 4). Blue fluorescence signal was picked up by the scaffold fibres in the PET scaffold 
control (no cells) (Label 5). 
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3.5.3.3 Tissue Penetration of Hoechst 33342 and CellMask Green Plasma 
Membrane in Native Cartilage 
Confocal image of cross-sectional slices of stained native cartilage revealed that both Hoechst 
33342 and CellMask Green plasma membrane stains had penetrated through the full thickness 
of the tissue and were able to provide cell visualisation by labelling nuclei and plasma 
membranes, respectively (Figure 37).    
3.5.4 Effect of Addition of ProLong® Live Antifade Reagent on Retention of 
Fluorescence Signal after Sequential Imaging of Selected 
Chondrocytes in Native Cartilage 
With the addition of ProLong® Live Antifade Reagent, the ability to retain fluorescence signal 
in native cartilage after tracking selected cells through multiple times were compared between 
the staining methods of Hoechst 33342 coupled with CellMask Green plasma membrane and 
Acridine orange combined with SiR-actin. After application of stains, confocal microscopy was 
used to sequentially image selected cells in the samples. The intensity of the fluorescence signal 
of CellMask Green plasma membrane stain in native cartilage was seen to be similar between 
the three sequential images and was much superior to that seen for SiR-actin stained cartilage 
(Figure 38 and Figure 39), indicating that the CellMask Green plasma membrane stain may be 
better at retaining its signal. With the addition of ProLong® Live Antifade Reagent in the 
staining method, SiR-actin appeared to retain its signal better than previous experimentation but 
fading still occurred (Figure 39).  
Figure 37: Confocal image of cross section of native articular cartilage stained with Hoechst 33342 
and CellMask green plasma membrane revealed both stains penetrated through the full thickness 
of the tissue from the superficial layer down to the deep zone. 
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Figure 38: A sequential series of three 3D volume images of selected chondrocytes on the superficial surface of bovine cartilage, images 1-3 (left to right) displayed in 




















Volume Image 1 Volume Image 2 Volume Image 3 
30 µm 30 µm 30 µm 
Similar fluorescence signal intensity was observed between three sequential volume images following staining of CellMask green plasma membrane coupled with ProLong® 
Live Antifade Reagent. 
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Figure 39: A sequential series of three 3D volume images of selected chondrocytes in the deep zone of bovine cartilage, images 1-3 (left to right) displayed in the SiR-



















Volume Image 1 Volume Image 2 Volume Image 3 
30 µm 30 µm 30 µm 
With the addition of ProLong® Live Antifade Reagent in the staining method, SIR-actin improved on retaining fluorescence signal following the capture of three sequential images 
compared to previous experimentation but fading still occurred. 
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3.5.5 Retention of Fluorescence Signal after Sequential Imaging of Selected 
Chondrocytes in Native cartilage using Galvo and Resonant Scanning 
with the Addition of ProLong® Live Antifade Reagent  
Following application of Hoechst 33342 and CellMask Green plasma membrane stains with the 
addition of ProLong® Live Antifade Reagent, the change in fluorescence signal following the 
capture of a series of three volume images was measured and compared between image 
acquisition methods using either galvo or resonant scanning. Approximately 90 % of the 
fluorescence signal was retained when galvo scanning was used compared to 83% for resonant 
scanning after the images were recorded (Figure 40). 
3.6 Discussion 
The aim of this chapter was to develop a live cell staining method that was able to fluorescently-
label cells and allow the operation of the confocal microscope to track and image 3D changes in 
cell morphology (shape and size) of living chondrocytes within native cartilage and bovine 
synoviocytes within tissue engineered cartilage during different magnitudes of static 
compressions via sequential imaging. Thus, the method developed needed to allow stains to 
penetrate the dense matrix and provide specific and highly resolved visualisation of cell 
morphology for 3D quantification measurements. In addition, because an aim of this thesis was 
to determine the cellular deformation behaviour within native and tissue engineered cartilage 
* * 
Figure 40: Change in mean fluorescence intensity after selected chondrocytes were sequentially 
imaged three times under non-loaded conditions using traditional galvo and high speed resonant 
scanning in the confocal microscope.  
 
Significantly greater loss of fluorescence signal was observed with the use of resonant scanner. Data 
represented as means ± SD (n=6). Statistical difference determined by paired t-test (* ≡ p <0.05). 
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under different magnitudes of compressive strain, the stains needed to label the cells inside both 
tissue samples and be capable of imaging selected cells multiple times without significant signal 
loss. Fluorescence signal loss would result in lack of detail for cell morphology and therefore 
could potentially affect the accuracy of quantitative data on cell deformation obtained from the 
images. 
This chapter investigated two potential staining methods; i) a dual staining method of Acridine 
orange and SiR-actin stains and ii) a dual staining method of Hoechst 33342 and CellMask 
Green plasma membrane stains for application in live cell imaging in native and tissue 
engineered cartilage. To determine which staining method was best suited, both staining 
methods were evaluated on synoviocyte monolayers, bovine cartilage disks and 
synoviocyte/PET immature constructs under non-loaded conditions as a prelude to subsequently 
determining cell deformation behaviour in native and tissue engineered cartilage under different 
compressive loads (described in Chapter 4 and Chapter 5). The effects of photobleaching with 
the use of ProLong® Live Antifade Reagent in both staining methods were evaluated. In 
addition, an appropriate confocal imaging setting for tracking changes in cell morphology 
within native and tissue engineered cartilage subjected to different amounts of tissue 
deformation was determined.   
3.6.1 Characterisation and Optimisation of SiR-actin Stain on Synoviocyte 
Monolayers 
Staining actin filaments allows visualisation of the overall cell shape. A number of various 
methods and probes are currently available for labelling actin in living cells which apply the 
principle of fusing fluorescent protein to different actin-binding proteins or domains, such as 
LifeAct [240], [245], utrophin and F-tractin [239], as well as the technique of expression of 
GFP-actin (as described in Section 3.1.3) [234], [236], [240]. Although these techniques have 
been successful in visualisation of F-actin in living cells, there is still a need to introduce them 
into cells either via protein transfection reagents (plasmid or viral vectors) or microinjection 
which could be time-consuming and problematic [239], [245]. 
A novel membrane permeable fluorescent probe called SiR-actin was recently developed to bind 
to F-actin in living cells without the need to overexpress fluorescently labelled proteins [238], 
[246]. It was chosen as a potential marker in this study to label F-actin and provide visualisation 
of the overall cell shape in living native cartilage and synoviocyte/PET immature constructs 
because of its membrane permeable characteristic, fluorogenity properties as well as high 
specificity to F-actin [238]. To be best of the author’s knowledge, SiR-actin has never been 
applied to native cartilage and cartilage constructs before, therefore, in this thesis, its use was 
first optimised on cell monolayers. Bovine synoviocyte were selected for this as this is the cell 
type used to produce the tissue engineered cartilage in Finlay et al. (2016) [1] and in this thesis. 
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To evaluate SiR-actin as a potential marker for labelling F-actin, the desired concentration to 
obtain strong staining in synoviocyte was first determined, following by a comparison of SiR-
actin staining with the more widely used F-actin marker, phalloidin (e.g. Alexa Fluor® 488 
phalloidin) [234], [249]. 
There is little literature available that provides a recommended SiR-actin concentration to use 
for labelling F-actin in live cell imaging of cartilage specimens. However, a range of 
concentration between 0.1 to 2 µM have been used in previous studies to label actin in various 
types of cells and tissues [238], [246], [249]–[251]. Este et al. (2016) [246] revealed that the 
periodic organisation (ring-shaped pattern) of actin and spectrin subcortical cytoskeleton is not 
just a distinctive feature of hippocampal neurons but rather a fundamental characteristic of cells 
in the nervous system with stimulated emission depletion (STED) super resolution microscopy. 
SiR-actin probe (0.1 µM) was used by Este et al. to discover the formation of a subcortical 
periodic actin structure in the axons of live rat dorsal root ganglion neurons, cortical neurons, 
striatal neurons and granule cells from the cerebellum [246]. In another study by Romarowski1 
et al. (2018) [249], 0.1 µM SiR-actin was also used, in combination with super-resolution 
microscopy, to effectively reveal the regions that contain F-actin within the head of live mouse 
sperm cells and observe the dynamic changes of F-actin prior to and during acrosomal 
exocytosis. In a study by Magliocca et al. (2017) [250], in which 1 µM of SiR-actin and SiR-
tubulin probe were used, actin and tubulin cytoskeletal dynamics were analysed in proliferating 
induced pluripotent stem cells (iPSCs) and iPSC-derived neurons following treatments with de-
polymerisation. The use of both SiR probes with live cell time-lapse imaging allowed 
Magliocca et al. (2017) to monitor the rapid re-organisation of the cytoskeleton in both iPSC 
and iPSC-derived neurons after induced de-polymerisation [250]. Furthermore, a SiR-actin 
concentration of 2 µM was used by Klementieva et al. (2016) [251] to study the fine structure 
and remodelling of actin filaments within tumour tissue. The SiR-actin probe combined with 
live cell imaging provided an efficient way to visualise the fine details of actin cytoskeleton in 
tumour tissues of two mouse models at high resolution and allowed Klementieva et al. (2016) to 
demonstrate for the first time that the actin structure of cancer cells in tumour in vivo differs 
from that in cancer cells in vitro and in normal tissues [251]. 
Since SiR-actin is developed from a derivative of Jasplakinolide, a drug that is known to 
stabilises actin and has shown to be cytotoxtic, the only potential disadvantages are the possible 
alternation of actin dynamics and induced phototoxcity effects in living cells [238]. However, it 
has been reported that at concentrations up to 3 µM SiR-actin did not alter the mitotic spindle 
morphology and the duration of mitotic formation [238]. In addition, SiR-actin did not have 
cytotoxicity effects toward primary human fibroblasts over a period of 24 hrs of time-lapse 
imaging as well as showed no detectable effect on proliferation in cultured HeLa cells when a 
concentration up to 0.1 µM was used [238]. Since higher concentrations could impair actin 
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dynamics and have cytotoxicity effects, it is recommended to minimise the concentration of 
SiR-actin up to or equal to 0.1 µM for long term live cell imaging [238].  
In this study, a concentration of SiR-actin that provides good staining intensity with minimal 
undesirable effects on cell viability was desired. For this reason, different concentrations of SiR-
actin (0.1 to 2 µM) were investigated on synoviocyte monolayers to identify a suitable 
concentration for visualising the structure and dynamics of F-actin without interference. There 
seemed to be no discernible difference in staining intensity when synoviocytes in monolayer 
culture were stained with different concentrations of SiR-actin. A concentration of 0.1 µM SiR-
actin (in accordance to the manufacturer recommendations to avoid undesirable effects) resulted 
in bright fluorescent signal in the synoviocytes in comparison to those other concentrations 
used, suggesting that this concentration could provide a sufficient amount of SiR-actin 
molecules for labelling F-actin. Elevated concentration of SiR-actin is suggested to have 
undesirable effects on actin filaments, as described previously in this section. Lukinavicius et al. 
(2014) [238] suggested that there is a concentration window where these undesirable effects are 
minimal and showed that low imaging concentrations (equal or below 0.1 µM) had little 
phototoxcity, did not affect actin dynamics and provided a high signal to noise ratio. It is 
evident that by keeping the concentration of the stain as low as possible would avoid or 
minimise the undesirable effects. In this study, SiR-actin at 0.1 µM provided a bright 
fluorescent signal that is adequate to identify cell shape and, therefore 0.1 µM was chosen as the 
concentration of SiR-actin used following the preliminary experiment described in this thesis. 
Since phalloidin, a fluorescent derivative of phallotoxins, is traditionally used as the gold 
standard marker for labelling actin filaments [234], [249] and according to the manufacturer, 
Alexa Fluor® 488 phalloidin is a F-actin specific probe often used by researcher, it was used to 
benchmark against SiR-actin in terms of morphological comparison of labelled cell features 
[252]. Confocal images of synoviocytes labelled with SiR-actin and Alexa Fluor® 488 
phalloidin revealed similar labelled filamentous structures, indicating that actin filaments were 
being stained by the SiR-actin to a similar extent to those stained using the more widely used 
Alexa Fluor® phalloidin. Spherical stained structures was also visible in the image of 
synoviocytes stained with SiR-actin (Figure 28B). This might potentially be stain debris, 
however this is unknown. 
3.6.2 Characterisation of the Dual Staining Method of Acridine Orange 
and SiR-actin Stains on Synoviocyte Monolayers, Native Cartilage 
and Synoviocyte/PET Immature Constructs 
The strategy of these experiments was to evaluate SiR-actin as a potential marker to determine 
cell morphology and actin filament structures in living native cartilage and tissue engineered 
constructs which would ultimately be subjected to different incremental compressive strains in 
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later experimentations. In order to achieve this, the stain was required to penetrate in to tissue 
samples and provide specific and highly resolvable labelling of cell morphology. Most 
importantly, the stain must be able to retain its fluorescence signal after tracking and imaging of 
selected cells multiple times in order to study the effect(s) of incremental loading on cell 
deformation behaviour in native and tissue engineered cartilage.  
By using a staining combination of Acridine orange and SiR-actin, confocal images of 
synoviocyte monolayers, native cartilage and synoviocyte/PET immature constructs showed 
highly resolved cell morphology, supporting the use of Acridine orange and SiR-actin for the 
required live cell imaging applications. By coupling a nuclear stain with the actin probe, it 
helped to identify the actin filaments associated with each cell as well as cell morphology. 
However, it was more difficult to distinguish cell boundaries in synoviocyte/PET immature 
constructs due to the synoviocytes being so densely packed. The actin cytoskeleton is well-
known in forming a 3D dynamic network that is able to assemble and disassemble to provide 
mechanical support for the cell in response to mechanical stimulation [104]. In addition, it is 
physically associated with cell adhesions which link to cells to their ECM and to neighbouring 
cells [253]. These details were observed in confocal images of monolayers of live synoviocyte, 
revealing in particular highly organised bundles and networks of actin filaments (Label 1, 
Figure 29E) and cell-cell adhesions (Label 7, Figure 29D). In addition, staining also revealed 
the assembled and disassembled actin filaments in bovine synoviocytes; globular-actin was 
visible along with actin filaments (Label 3, Figure 29E). Although actin filaments are able to 
assemble/disassemble, they do not simply switch between the polymerised and depolymerised 
state [105]. Instead, F-actin elongates steadily in the presence of actin monomers [105]. This 
explains why actin filaments with different lengths were observed in the confocal images shown 
here (Label 2, Figure 29A).                   
Within the fluorescently labelled nuclei (Label 4, Figure 29F), denser staining of Acridine 
orange was observed in some regions of the nuclei compared with others, potentially indicating 
the presence of nucleoli (Label 5, Figure 29D and Figure 29F). Nucleoli are responsible for the 
transcription of ribosomal RNA and the synthesis of ribosomes and therefore a high 
concentration of RNA and DNA is present in these sub-organelles [254]. Since Acridine orange 
is a cell permeable nucleic acid stain that binds to single/double stranded DNA and RNA, 
nucleoli were identified with dense staining within the nuclei. In addition, Acridine orange was 
faintly visible in the cytoplasm (Label 6, Figure 29F). Likewise, this may be due to ribosomes, 
(composed of RNA molecules for the translation process into proteins) which are found in the 
cytoplasm. 
Both Acridine orange and SiR-actin stains appeared to have penetrated through the native 
cartilage and synoviocyte/PET immature constructs and were able to reveal the morphology of 
chondrocytes and synoviocytes, respectively (Figure 31). As expected, chondrocytes had a 
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round morphology and were arranged in columns in the deep zone of native cartilage (Figure 
30A and Figure 31A). In synoviocyte/PET immature constructs, synoviocytes were seen as 
spindle-like structures with actin filaments branching out to other actin filaments in surrounding 
synoviocytes and were scattered relatively evenly throughout the construct (Figure 30C and 
Figure 31B). In addition, the synoviocytes were more densely packed than the chondrocytes in 
native cartilage and difficult to distinguish one cell from another. This observation revealed that 
cell-cell interactions might be occurring within the construct. Cell-cell interaction plays a role in 
the mechanotransduction process as actin filaments are able to transmit intercellular forces 
arising from cell-cell adhesion and respond by triggering mechanotransduction signalling 
pathways to increase matrix synthesis and deposition in maturing the construct [101]. These 
observations were therefore encouraging data which supported the use of Acridine orange and 
SiR-actin for determining cell morphology in native cartilage and tissue engineered constructs 
for later cell deformation studies. 
Due to light absorption and scattering by tissue specimens, laser light penetration depth has 
always been a challenge in biological tissue imaging which plays a role in the achieved imaging 
depth [213]. It was noted that confocal microscopy was unable to visualise cells throughout the 
full thickness of native cartilage and synoviocyte/PET immature constructs. This was most 
likely due to the density of both tissues being too great (even in constructs at the early stage of 
development) causing absorption and scattering which consequently prevented light penetration. 
The maximum penetration depth was therefore limited to between 100-140 μm (with a 20x air 
objective) and consequently restricted visualisation to the sample surfaces. This meant that only 
the articular surface and the deep zone of native cartilage could be observed (i.e. by inverting 
the sample). However, the depth of penetration is generally limited to 50-100 μm for confocal 
microscopy [213]. Previous studies that have examined 3D deformation behaviour of 
chondrocytes in native cartilage achieved the maximum imaging depth of around 40-50 μm 
without cutting the tissue to expose the cross-sectional area [85], [145]. Han et al. (2010) [145] 
took Z stack images of chondrocytes from the superficial surface to a depth of 40 µm inside the 
cartilage, whilst Madden et al. (2013) [85] managed to image chondrocytes between the 
superficial surface and 50 µm depth (both studies used a 40x water immersion objective). 
However, another contributing factor in determining the imaging depth is the working distance 
(WD) (vertical distances between the front of the objective and the closest sample surface when 
the sample is focused) of the objective [213]. Typically, the depth of imaging decreases as the 
WD decreases along with increased magnification and the objective’s numerical aperture (NA). 
Imaging thick tissue sample with a lower NA, longer WD objective would improve the imaging 
depth, but with lower resolution and sensitivity. However, the use of a higher magnification 
objective (with a higher NA) would limit the imaging depth into the sample due to a trade-off of 
a shorter WD. The 40x water immersion objective used by Han et al.(2010) [145] and Madden 
et al. (2013) [85] which had an NA of 0.8 would have partly contributed to the limited depth 
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achieved compared to that achieved with a 20x air objective (0.75 NA) in this study. 
Nevertheless, a significant improvement on penetration depth was achieved with the dual 
staining method of Acridine orange and SiR-actin stains in this study in comparison to those 
previously achieved in the field. Penetration depth could be further improved by increasing 
excitation light intensity but this would then increase the likelihood of photobleaching, causing 
the fluorescent marker to lose the ability to fluoresce throughout the required time period. As 
penetration depth is a limitation of using confocal microscopy to image tissue samples in this 
thesis, the regions of interest was restricted to the regions in which the confocal microscope was 
capable of imaging.    
Significant loss of fluorescence signal was observed and consequently loss of details of cell 
morphology when selected chondrocytes in the superficial surface and the deep zone were 
sequentially imaged four times (Figure 32 and Figure 33). There are at least two potential 
factors that could explain the reduced fluorescence intensity seen after sequentially imaging:  
a) SiR-actin effluxes from the cells over the duration of experimentation; unbound or non-
specific binding of SiR-actin doesn’t fluoresce.   
b) Long exposure to light causes photobleaching to occur and consequently fluorophores 
lose their fluorescence permanently.  
The labelling efficiency of SiR-actin was reported to vary with cell types, depending in 
particular on the expression level of efflux pumps [238]. SiR-actin molecules can be removed 
from the cells via efflux pumps, consequently resulting in low staining efficiency [238]. 
Verapamil is a known broad-spectrum efflux-pump inhibitor [255] which could block efflux of 
fluorophores and it was recommended by the manufacturer to add it to the SiR-actin staining 
solution to reduce such effect [238]. It was reported that the addition of Verapamil improved 
staining substantially in cell lines that showed low labelling efficiency [238]. It is possible that 
Verapamil unbind from the efflux pumps during the duration of experimentation and results in 
low signal intensity. However, Mishra et al. (2019) [256] showed that the supplementation of 
100 nM of Verapamil with SiR-actin staining prolonged retention of the probe in the study to 
determine the turnover dynamics of actin cytoskeleton in human bone-marrow derived MSCs 
following lineage diverging culture. In addition, SIR-actin signal started to fade at different time 
between the sequential images of chondrocytes captured in two native cartilage disks (Figure 32 
and Figure 33). As both cartilage disks were harvested from the same bovine knee joint and 
cultured and imaged in the same conditions (expect the use of different laser power for 
imaging), this perhaps suggests the signal loss might be related to the image acquisition settings. 
This therefore tends to reduce the potential of (a) as the primary driver explaining the significant 
loss of fluorescence.  
In the deep zone, the loss of SiR-actin signal was substantially more noticeable in later images 
of the sequential series, between images 3 and 4 (Figure 33). This provides evidence to suggest 
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(b) is likely to be the predominant driving factor to explain the results. As described in Section 
3.1.2, photobleaching occurs when a fluorophore is permanently damaged and unable to 
fluoresce due to photo-induced chemical alteration and covalent modification [222], [224], 
[231]–[233]. Photobleaching can happen from long exposure to the excitation light. To reduce 
the occurrence of this, the intensity level of the excitation light should be kept as low as possible 
but it still needs to be sufficient to excite the fluorophores to fluoresce. In the case of the work 
described here, the laser power was set at 5 % to sequentially image chondrocytes in the deep 
zone (Figure 33). However, around 25 % of laser power was used to capture chondrocytes in the 
superficial surface and loss of signal was more significant from image 1 and 2 (of Figure 32), 
indicating that the intensity level of excitation light might be too high and potentially caused 
rapid photobleaching. This illustrated the excitation light intensity is required to be low in order 
to minimise photobleaching.  
Even if the level of excitation light was kept to a minimum, it is not uncommon to detect 
fluorescence fading after sequentially imaging a region of interest (ROI) repeatedly. This is 
because a long exposure time partly contributes to photobleaching as well as high light intensity 
[223]. The duration required for acquisition of repeated images of a ROI still exposes sample to 
a low intensity of light for a long period and photobleaching would inevitably occur. It could be 
argued that acquiring four repeated images in the same region of native cartilage, as carried out 
here, was pushing beyond the capability of the SiR-actin stain. Some fluorescent molecules 
have a very short useful lifetime, after which fading occurs and they only emit a few hundred 
photons while some can emit a large number of photons (tens of millions) before becoming 
permanently bleached [233]. The number of photons emitted before photobleaching occurs 
depends on both on the nature of the fluorescence molecule and on its environment [233]. In 
this study, 5 % of laser power was used to image chondrocytes in the deep zone of native 
cartilage and yet loss of fluorescence intensity was observed, with fading being more 
pronounced in the later images (Figure 33), suggesting that the acquisition time (exposure time 
to light) required to record four sequential volume images was too long, causing photobleaching 
and so beyond the useful lifetime of SiR-actin. It was therefore decided that a maximum of three 
sequential images would be used to track cells within the native cartilage and tissue engineered 
constructs.   
Overall the staining method using Acridine orange and SiR-actin proved to provide specific and 
highly resolved visualisation of cell morphology for cells in monolayers, native cartilage and 
immature cartilage constructs. However, significant fluorescence signal loss was observed when 
four sequential images were recorded for selected chondrocytes in native cartilage. The loss of 
cell morphology details due to the faded fluorescence signal would affect the measurements 
during any quantification from the images. This compromised the prospect of utilising the 
staining method of Acridine orange and SiR-actin in native cartilage and tissue engineered 
constructs. The confocal images using Verapamil point towards photobleaching as being the 
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predominant driver that caused the reduced signal. Effects could be made to reduce 
photobleaching by minimising exposure to excitation light, such as limiting light intensity and 
exposure time [223]. Light intensity could be reduced by lowering laser power or decreasing 
pinhole size. Exposure time depends on the number of repeated images, the number of optical 
sections per image and the size of an optical section. It was proposed to reduce the number of 
sequential images from four to three in order to reduce exposure time to the sample. In addition, 
the use of antifade protection in mounting medium such as ProLong® Live Antifade Reagent 
could help reduce photobleaching [222]. This works by reducing the oxygen available for 
photo-oxidation reactions that promote photobleaching. Thus far, the photobleaching prevented 
SiR-actin from being a promising marker for cell morphology labelling the samples used in this 
thesis and a means to reduce photobleaching would therefore need to be devised. Alternatively, 
a switch to a more photo-stable fluorochrome would be required.  
3.6.3 Characterisation of the Dual Staining Method of Hoechst 33342 and 
CellMask Green Plasma Membrane Stains on Synoviocyte 
Monolayers, Native Cartilage and Synoviocyte/PET Immature 
Constructs 
Apart from the use of actin filaments staining to identify cell shape, plasma membrane staining 
can be a convenient marker for highlighting cell boundaries. A traditional approach for 
membrane labelling is the use of lipophilic dyes such as Dil and DiO [257]. However, they 
internalise rapidly in live cells which offers a very small window for imaging. Fluorescent 
wheat germ agglutinin (a plant lectin), has also been typically used as a membrane stain [258]. 
Staining using lectins depends upon the binding of lectin-conjugates to certain cell surface 
sugars (e.g. glycoproteins or glycolipids) and as a result, inconsistent staining can occur with 
different cell types. Another way to label cell membranes is the use of CellMask plasma 
membrane stain, a commercially available stain. According to descriptions provided by the 
manufacturer, it is an amphipathic molecule which provides a lipophilic moiety for membrane 
loading and consists of a negatively charged hydrophilic dye that is able to anchor the probe in 
the plasma membrane therefore it can rapidly stain plasma membranes across various 
mammalian cell types as well as providing robust and uniform staining. In addition, the 
manufacturer claims it internalises slower compared to the traditional approaches that were 
described above. Thus, CellMask Green plasma membrane stain was chosen to determine its 
potential application in staining plasma membrane as a means of highlighting cell morphology. 
In addition, Hoechst 33342 dye was selected to couple with CellMask Green plasma membrane 
to label cell nuclei and identify cells. 
Hoechst 33342 and CellMask Green plasma membrane staining was apparent throughout the 
depth of a cross-sectional native cartilage sample (Figure 37), suggesting both stains were able 
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to penetrate the full thickness of tissue and permit visualisation of the chondrocytes. Confocal 
images of stained synoviocyte monolayers, native cartilage and synoviocyte/PET immature 
constructs revealed bright staining of cell nuclei and membranes and consequently provided 
highly resolved cell morphology (Figure 34-36). Chondrocytes located in different regions of 
native cartilage clearly showed different morphologies. Flattened and rounded chondrocytes 
were revealed in the superficial surface and the deep zone, respectively, as would be expected 
(Figure 35A-B and Figure 36A-B) [8]. Staining appeared to have also labelled the pericellular 
matrix surrounding the chondrocytes in the superficial zone (Figure 35A and Figure 36A). 
However, clear cell boundaries could still be visualised from the images, therefore permitting 
future analysis of cell deformation in later studies. The spindle-like morphology of synoviocytes 
in the synoviocyte/PET immature constructs was clearly labelled but it was difficult to 
distinguish the cell boundaries due to the synoviocytes being so densely packed (Figure 35C 
and Figure 36C). Lower penetration depth (around 50-80 µm) was achieved for native cartilage 
and synoviocyte/PET immature constructs stained with Hoechst 33342 and CellMask Green 
plasma membrane stains, in comparison to that achieved with the dual staining of Acridine 
orange and SiR-actin stains. This is most likely because shorter wavelength light (blue/green) 
which is used to excite the CellMask Green plasma membrane stain, experiences greater 
absorption and scattering than longer wavelength light (far red) (used to excite the SiR-actin 
stain) and therefore results in shallower penetration depth [213], [228]. However, the 
penetration depth achieved by using Hoechst 33342 and CellMask Green plasma membrane 
stains was similar to the range achieved by previous studies in the field (as described in Section 
3.6.2) [85], [145]. Thus, the preliminary results suggested that the Hoechst 33342 and CellMask 
Green plasma membrane stains were promising for use in revealing cell morphology in these 
tissue samples.  
3.6.4 Effect of Addition of ProLong® Live Antifade Reagent on Retention of 
Fluorescence Signal after Sequential Imaging of Selected 
Chondrocytes in Native Cartilage  
As mentioned before in Section 3.1.2, the staining method must be able to track and image 
selected cells in tissue samples repeatedly without significant loss of fluorescence signal. The 
fluorescence fading that occurs following the capture of a series of images would directly affect 
the accuracy of the quantitative data on cell deformation because cell measurements are 
recorded from the images. Previous results in this chapter showed that SiR-actin stain 
significantly lost fluorescence intensity during the time period required to capture sequential 
confocal volume images, possibly due to photobleaching.  
ProLong® Live Antifade Reagent is a commercially available product which the manufacturer 
claims it metabolises these singlet oxygen molecules, resulting in increased signal intensity and 
duration whilst keeping the background signal low. Thus, the effect of the addition of ProLong® 
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Live Antifade Reagent on the retention of fluorescence signal after sequential imaging of 
selected chondrocytes in native cartilage were compared between the staining methods of 
Acridine orange combined with SiR-actin and Hoechst 33342 coupled with CellMask Green 
plasma membrane.  
SiR-actin was better at retaining its signal with the addition of ProLong® Live Antifade Reagent 
(Figure 39), compared to without the use of ProLong® Live Antifade Reagent as seen previously 
(Figure 32 and Figure 33), though some signal loss was still observed. This suggested that 
ProLong® Live Antifade Reagent provided protection against the effects of photobleaching of 
the stain. Given that molecular oxygen is one of main actors in the photobleaching process, it is 
possible that ProLong® Live Antifade Reagent protected SiR-actin molecules from 
environmental molecular oxygen by metabolising singlet oxygen molecules which consequently 
resulted in lowering the rate of photobleaching and improving the survival period of SiR-actin.  
Following three sequential volume images of chondrocytes in native cartilage, the CellMask 
Green plasma membrane stain (Figure 32) retained almost all of the fluorescence signal unlike 
the SiR-actin staining to which it was compared (Figure 33). This indicated that these stains 
exhibit different photostability under the same illumination conditions (same dose of light and 
imaging acquisition settings), with CellMask being more photo-stable. With the presence of 
ProLong® Live Antifade Reagent in the imaging solution to potentially provide environmental 
protection to fluorophores, it is likely that CellMask Green plasma membrane would have a 
greater total number of photons available for emission before bleaching compared to SiR-actin 
resulting in reasonable images, where photobleaching was negligible. According to the 
manufacturer, there is a possibility that CellMask Green plasma membrane stain could 
internalise 90 mins after the removal of the staining solution. The data here showed distinct 
staining for the entire duration of image acquisition (approximately 120 mins), suggesting 
minimal internalisation.  
Overall, the Hoechst 33342 and CellMask Green plasma membrane stains with the addition of 
ProLong® Live Antifade Reagent have the ability to provide specific and highly resolved 
visualisation of cell morphology in native cartilage and immature constructs. Following the 
capture of three sequential volume images, it would appear that CellMask Green plasma 
membrane stain is a high photostability stain with negligible photobleaching effects. SiR-actin 
was not able to retain its fluorescence signal, even with the addition of ProLong® Live Antifade 
Reagent. These data suggest that CellMask Green plasma membrane stain was more superior to 
SiR-actin at retaining fluorescence signal after repeatedly imaging selected cells within a dense 
tissue.    
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3.6.5 Retention of Fluorescence Signal after Sequential Imaging of Selected 
Chondrocytes in Native cartilage using Galvo and Resonant Scanning 
The previous preliminary data had shown that the staining method of Hoechst 33342 and 
CellMask Green plasma membrane was able to follow selected chondrocytes in native cartilage 
by capturing three sequential 3D volume images without significant fluorescence loss. The next 
stage was to investigate the appropriate confocal microscope settings for image acquisition.  
To be able to quantify cell morphology changes in native and tissue engineered cartilage 
samples under incremental compression in later experimentations, it was important to obtain 
high resolution images that could observe the fine detail of cell morphology with visible 
contrast between the features of interest (cell morphology) and the background. Resolution is 
dependent on the wavelength of light used to excite fluorophore (λ) and the numerical aperture 
(NA) of the objective lens [259]. Rayleigh’s criterion is a rule of thumb used to estimate the 





For example, cell features could be resolved at ~200 nm lateral resolution if labelled with a 
green fluorophore, such as CellMask Green plasma membrane stain (λ = ~ 500 nm) and imaged 
with a high-NA oil immersion objective (NA = 1.3). Axial resolution is generally about two or 
three times worse than lateral resolution (~400-600 nm in this example). Fluorophores excite by 
shorter wavelength light (blue/green) generally achieve higher resolution than those illuminate 
by longer wavelength light (red) [213]. In this study, by using shorter wavelength fluorophore 
(i.e. CellMask Green plasma membrane stain) to label native cartilage and immature constructs, 
it appeared to achieve better resolution for imaging cell morphology compare to SiR-actin (long 
wavelength fluorophore) (Figure 30 and Figure 36). However, this came with the trade-off of a 
shallower penetration depth (as described in Section 3.6.2 and Section 3.6.3). 
Objective is perhaps considered as the most important component in an optical microscope 
because it is primarily responsible for the quality of images that could be produced by the 
microscope [213], [260], therefore choosing the appropriate objective for the experiments is 
critically important. The NA of the objective is generally considered as the most important 
design feature when selecting an objective lens and not the magnification because it is an 
indicator of the resolution that could be achieved for a given objective lens [260]. It also affects 
the depth of imaging into the sample (as described in Section 3.6.2). An objective lens with a 
high NA is capable to achieve higher resolution (i.e. smaller features can be resolved) and has a 
greater light-collecting ability (i.e. more efficient at capturing fluorescence) but with reduce 
depth of imaging [213]. When selecting the objective for the imaging method here, a balanced 
between image resolution and imaging depth must be considered. The NA between 40x, 60x 
and 100x oil lenses were similar (NA = 1.3, 1.4 and 1.4, respectively). However, the 40x lens 
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had a longer WD than the other objectives, which would allow more space to manoeuvre the 
lens during focusing on the sample and improve the imaging depth into the sample without 
compromising too much on the resolution. Typically as the magnification increases, the 
objective would have to be closer to the sample in order to focus which results in shorter WD 
and consequently reduces the imaging depth into the sample [213].  
In addition, image brightness is influenced by the objective magnification which is inversely 
proportional to the magnification squared [260]. In other words, image intensity decreases 
drastically with increased magnification. This is because there is a fixed of amount of light per 
area and when an area is magnified (increase in magnification), a smaller area is being observed 
and therefore the light level is decreased which consequently results in dimmer image. Elevation 
of laser power could improve image brightness but this would also increase the risk of 
photobleaching [213]. Thus, an objective with the highest NA but having the lowest possible 
magnification still capable of providing adequate resolution and imaging depth is recommended 
for fluorescence live cell imaging in low light level settings [260].  
For these reasons, a 40x oil-immersion lens was selected for use in these studies instead of a 
100x oil-immersion lens (used in previous sequential imaging experiments as described in 
Section 3.4.5.5 and Section 3.4.5.6) because it maintains reasonably high NA compared to the 
100x lens so the magnification of 40x would still produce good enough resolution for cell 
morphology visualisation and measurements but with higher image signal intensity and an 
increase in imaging depth. 
In addition to obtaining high resolution images, it was also important to minimise the 
photobleaching effect. Photobleaching can be addressed/decreased by reducing excitation light 
exposure by limiting exposure time and light intensity to a minimum while retaining a high 
signal to noise ratio required for the image resolution [223]. Thus, it was proposed that the laser 
power was kept at the lowest possible level of illumination and 5% was selected because it was 
proved to provide good staining signal intensity in previous experiments with minimal loss of 
fluorescence signal. The exposure time to illuminate a tissue sample was also kept at a 
minimum. Photobleaching can occur when scanning too long on the ROI therefore sample focus 
and imaging acquisition settings were established on a neighbouring region to reduce the time 
spent illuminating the ROI when not capturing images before returning to the ROI for image 
acquisition. For the volume image acquisition settings, it was proposed to use a smaller image 
depth (approximately 20 µm) that is still capable to track a population of cells and keep the 
same optical section thickness (0.2 µm) as previously in the preliminary experiments (Section 
3.4.5.5 and Section 3.4.5.6) to reduce illumination time in ROI but still provide the z-resolution 
required for sufficient pixel details to resolve 3D cell morphology. In addition, line averaging 
(described in Section 3.4.5.1) was not applied to reduce the laser exposure time on a tissue 
sample and consequently decrease the risk of photobleaching.       
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A Nikon A1R inverted confocal microscopy was equipped with two scanning systems: a 
traditional galvo (non-resonant) and a high speed resonant scanners. Thus, image acquisition in 
the confocal microscope using a traditional galvo scanner and a high speed resonant scanner to 
potentially retain fluorescence signal were compared. It has previously been demonstrated that 
resonant scanning with a faster scan speed was able to suppressed photobleaching better 
compared to galvo scanning [261], however, this was not found to be the case in this study. 
Galvo scanning appeared to be superior at retaining the fluorescence signal compared to 
resonant scanning (Figure 40). There was a significant difference in fluorescence intensity loss 
following each sequential image captured between the two scanning systems (p <0.05, Figure 
40).  
One possible explanation for this is that the current version of the resonant scanner might not be 
compatible for this particular imaging application. The image quality was poor with high noise 
background when resonant scanning was used for image acquisition, suggesting that the 
capacity of the scan head was pushed beyond optimal. Part of what defines the image resolution 
captured from a resonant scanner is the ability of the electronics to sample the image and create 
pixels quickly [261]. Higher sample scanning rates means more pixels can be created in the 
same amount of time, and therefore the electronics can generate a more highly resolved image. 
Image quality is also defined by the ability of the resonant scanner to reduce the noise 
contribution to the final image [261]. Reduced noise not only aids improvement of the overall 
quality of the image but, with shorter pixel dwell time and potentially less signal, is also 
effective in maximising signal to noise ratio. In the case of the current version of the resonant 
scan head used here, it is possible that it was not able to create the pixels needed fast enough to 
produce the image resolution required to define cell morphology and the quality of the 
electronics was not good enough to reduce the noise level of the final images. In order to 
compensate for the poor image resolution, laser power and line averaging needed to be set 
higher which increased excitation light intensity and illumination time on the sample, which 
potentially leads to photobleaching. With continual enhancements of the quality of the 
electronics in resonant scan heads, there are now commercially available resonant scanners such 
as a Nikon HD high-speed resonant scanner (Nikon A1R HD25) reported to be efficient in 
producing sharp sequential images with good resolution [261]. Thus, the possibilities of 
examining the capability of a Nikon HD resonant scanner for live cell imaging in cartilage 
tissue could be explored in future work.    
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A possible explanation for the low signal to noise ratio observed when using the resonant 
scanner here is that the conventional photomultiplier tubes (PMTs) installed in the current A1R 
confocal system might not have the efficiency to detect the low signal potentially caused by a 
shorter pixel dwell time (resulted from faster sample scanning rate). With a higher sensitivity 
detector, such as a Nikon GaAsP detector (Nikon C2-DUVB), that has a high signal to noise 
ratio and more than double the efficiency of conventional PMTs, the acquisition of fluorescent 
signals with less laser power applied to the sample is possible, which results in less 
photobleaching [213], [262]. The confocal images of chondrocytes in articular cartilage 
captured using a Nikon C2-DUVB GaAsP detector on a C2 confocal microscope in a 
demonstration showed no discernible difference of fluorescence signal loss (Figure 41). 
However, the Nikon HD resonant scanner and the GaAsP PMT were not available to use in this 
thesis. The galvo scanning showed to be superior at retaining fluorescence signal than the 
resonant scanning with the current A1R confocal microscope, therefore galvo scanning was 
selected as the sequential image acquisition method for further cell deformation experiments. 
3.6.6 Conclusion 
The staining method of Acridine orange and SiR-actin provided for visualisation of specific and 
highly resolved cell morphology in bovine synoviocyte monolayers, native cartilage and 
synoviocyte/PET immature constructs. However, significant fluorescence signal loss was 
observed and consequently loss of details on cell morphology when selected chondrocytes in the 
superficial surface and the deep zone were sequentially imaged. A means to reduce 
photobleaching therefore needed to be devised. With the addition of anti-photobleaching, 
ProLong® Live Antifade Reagent to aid the reduction in photobleaching, SiR-actin still showed 
some signal loss. 
The dual staining method of Hoechst 33342 and CellMask Green plasma membrane stains was 
selected as an alternative method to visualise, track and image cell morphology in native 







Figure 41: A sequential series of three 3D volume images of selected chondrocytes on the articular surface of 
bovine cartilage captured using the C2-DUVB GaAsP detector on a Nikon C2 confocal microscope, 
displayed in the CellMask Green plasma membrane (Green) channel in Z-plane: (A-C) image 1 to 3. 
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resolved visualisation of cell morphology in monolayers, native cartilage and synoviocyte/PET 
immature constructs. In addition, it was because with the addition of ProLong® Live Antifade 
Reagent, the CellMask Green plasma membrane stain was more superior to the SiR-actin stain 
at retaining fluorescence signal following the capture of three sequential images.  
Following application of Hoechst 33342 and CellMask Green plasma membrane stains with the 
addition of ProLong® Live Antifade Reagent on native cartilage, galvo scanning proved to be 
superior than resonant scanning at retaining the fluorescence signal after the capture of three 
sequential volume images of chondrocytes in native cartilage in the current Nikon A1R confocal 
microscope used in this thesis, therefore it was selected as the image acquisition method used in 
further cell deformation studies in native and tissue engineered cartilage. 
In summary, Hoechst 33342 and Cell Mask Green plasma membrane stains, together with 
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Chapter 4 - Effect of Compressive Strains on Cell Deformation in 
Native Cartilage  
This chapter investigates the effects of incremental compressive strains on the deformation 
behaviour of live bovine chondrocytes within cartilage disks subjected to different magnitudes 
of compressive tissue strains, in an attempt to verify a novel cell deformation measurement 
method (i.e. a live cell staining technique for live cell confocal imaging to label and visualise 
chondrocytes within cartilage disks, a custom designed compression device for tissue strain 
application and a custom workflow on Amira software for cell deformation quantification 
analysis) developed in this thesis prior to cell deformation experiments in tissue engineered 
constructs and compare the observed findings to previous studies in the literature. It is the first 
time that the same population of live superficial zone chondrocytes was tracked to determine the 
3D deformation behaviour under incremental tissue strains (10 % and 15 %) in non-fixed 
bovine cartilage disks. Confocal images of the same chondrocytes were captured (i) at zero 
strain, (ii) 10 % and (iii) 15 % applied tissue strains and Amira software used to quantitate 
chondrocyte morphometric parameters including: cell length, width, height, volume and 
sphericity. A significant change in chondrocyte shape, size and volume in response to 
incremental cartilage compressive strains was observed. These deformational changes were 
substantially greater than the applied tissue strains, suggesting that large changes in 
chondrocyte morphology might occur in the superficial zone under compressive tissue strains. It 
is possible that chondrocyte deformation was largely influenced by the local ECM structure and 
composition as well as partly modulated by the physical properties of PCM and the chondrocyte 
itself. Cell deformation may therefore be considered to be a function of applied tissue load and 
local cartilage matrix structure. The findings observed in the present study were consistent with 
previous deformation measurements of superficial zone chondrocytes in cartilage explants. This 
suggests that a novel methodology to visualise, image and quantify live cell morphology 
developed in this thesis was capable to determine changes in chondrocyte 3D morphology 
within native cartilage disks under incremental static compressive tissue strains. 
4.1 Introduction  
Articular cartilage, a highly hydrated connective tissue, facilities load transmission and provides 
a low-friction surface for articulation of diarthrodial joints to protect underlying bone and joint 
functions [22], [144]. The health and function of the diarthrodial joint is largely influenced by 
the local mechanical environment of specialised cartilage cells (chondrocytes) which are 
responsible for synthesis and degradation of the unique extracellular matrix that gives cartilage 
its strength and load-bearing function [21], [22], [84], [139], [144]. Chondrocytes in articular 
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cartilage detect and respond to mechanical signals through mechnotransduction mechanisms in 
conjunction with other environmental and genetic factors to regulate their metabolism [12], 
[21], [22], [66], [82], [83], [86]. This capability provides a means by which articular cartilage 
can alter its structure and composition in response to changes in in vivo loading in the 
diarthrodial joint in order to meet the physical demands placed upon the body [21], [87].  
One mechanism by which chondrocytes may detect alterations in their mechanical environment 
during cartilage deformation is through direct stress transmission from the ECM causing 
deformation (changes in shape and volume) of the chondrocytes themselves which in turn 
generate signals that regulate metabolic and biosynthestic activities [59], [65], [87], [94], [95]. 
Chondrocytes may be exposed to complex mechanical and osmotic environments during 
articulation of joints, including compressive and tensile stresses and strain, fluid flow as well as 
changes in hydrostatic pressure, osmotic pressure and ionic gradients, which in turn may 
influence the biosynthesitic response of chondrocytes in situ [139]. In attempts to understand 
the complex environment around the chondrocyte within the tissue resulting from applied load, 
several studies have investigated the deformation behaviour of chondrocytes using theoretical 
and numerical analyses [95], [146]–[148]. The results indicated that the tissue’s ultrastructural 
anisotropy and its depth-dependent inhomogeneous mechanical properties significantly 
influence the local mechanical environment of the chondrocyte [95], [146]–[148]. Furthermore, 
the mechanical properties of the chondrocyte itself and the pericellular matrix (PCM), a narrow 
tissue region which completely surrounds the chondrocytes and together with enclosed cell (s) 
has been termed the “chondron” [263], were also found to influence the deformational response 
of chondrocytes to compressive loading [95], [146]–[148].  
Chondrocyte deformation has been widely investigated in previous studies under static 
compression, generally with the use of confocal microscopy or histological observation in 
native cartilage explants [21], [51], [87], [133]–[138], [210], intact cartilage [85], [145] and 
isolated chondrocytes seeded in agarose [88], [140]–[144]. These studies measured aspects of 
cell morphology (lateral and axial diameter), deformation index (aspect ratio of cell), cross-
sectional area and cell volume to assess the effect of static compression on chondrocytes. In 
native cartilage, it was observed that static loading had major impact on the shape and volume 
of chondrocytes and that the resulting significant changes were greatly influenced by their local 
ECM deformation [21], [85], [87], [137], [145]. It was also found that chondrocytes responded 
differently to loading according to their location throughout the depth of the tissue [87], [137]. 
Moreover, the findings suggested that PCM plays a biomechanical role in the cartilage by 
regulating the local mechanical and osmotic environments of the chondrocyte in a depth 
dependent manner [85], [87], [137], [145]. For isolated chondrocytes seeded in agarose gels, it 
has been shown that the matrix developed by chondrocytes was largely influenced by the extent 
of cell deformation [142]. The results indicated an increase in matrix elaboration which led to a 
decrease in cell deformation under static loading [142]. These studies have greatly improved our 
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understanding of cartilage and chondrocyte mechanics and provide an important foundation for 
the present study.  
Many approaches have been used in earlier studies to determine the deformation behaviour of 
chondrocytes under static compression in cartilage explants. Fixed tissue approaches were used 
by Clark et al. (2003) [138] and Choi et al. (2007) [137] but these study may not reflect on the 
instantaneous properties of chondrocytes within the cartilage tissue. Some studies investigated 
chondrocyte deformation in non-fixed articular cartilage with semi-cylindrical/strip samples 
under either one compressive strain level [87], [134], [210] or a range of compressive strain 
levels [133], [135]. However, sample preparation by cutting the cartilage tissue would 
compromise the tissue integrity and alter the material properties of the cartilage which 
consequently would affect the mechanical environment around the chondrocytes. Thus, fixed 
and cut tissue approaches should be avoided. Wu et al. (2001) [136] managed to examine sheep 
chondrocyte deformation within cylindrical cartilage specimens at two compression levels under 
live cell conditions. The same chondrocytes were followed but only changes in chondrocyte 2D 
morphology were measured. Thus, to the author’s best knowledge, no study has managed to 
track the same chondrocytes and examine the changes in 3D morphology in cartilage disks 
subjected to different compressive strain levels, without cutting and fixing the tissue. 
The aim of the work described in this chapter was to investigate the deformation response of a 
given population of chondrocytes in the articular zone of bovine cartilage disks subjected to 
different magnitudes of static compressive strains under live cells imaging condition and 
compare this to previous measurements in the literature prior to moving on to determining the 
effect(s) of incremental loading on cell deformation behaviour in tissue engineered constructs 
(Chapter 5). In Chapter 2, a compression device that adapts a parallel loading configuration to 
the confocal light path was developed for compressive tissue strain application whilst allowing 
microscopic visualisation of cell morphology in native and tissue engineered cartilage. In 
Chapter 3, two staining methods were examined for live cell visualisation and imaging in native 
cartilage and tissue engineered constructs. The confocal images showed that Hoechst 33342 and 
CellMask Green plasma membrane stains  penetrated both native cartilage and tissue engineered 
constructs and provided specific and highly resolved visualisation of cell morphology. In 
addition, retention of fluorescent signal was shown to be superior to the alternative staining 
method using Acridine orange and SiR-actin after sequential imaging of selected chondrocytes 
in native cartilage. This led to the conclusion that use of Hoechst 33342 and CellMask Green 
plasma membrane staining was for the method of choice for visualising, tracking, imaging and 
quantifying changes in chondrocyte morphology (shape and size) within cartilage explants 
subjected to incremental magnitudes of compressive strains. 
To observe the effects of incremental compressive tissue strains on chondrocyte deformation 
behaviour in bovine cartilage disks, both the compression device and the staining method of 
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Hoechst 33342 and CellMask Green plasma membrane developed previously in this thesis were 
used. Static compressive strains of 10 and 15 % were selected to correspond to physiological 
levels of cartilage strain range between 0 % and 30 % [130], [210], [264]. In addition, these 
strain levels were used in previous studies, therefore it would be easier to compare the results to 
the literature. Due to the limited penetration depth with the confocal system, deep tissue 
visualisation (i.e. chondrocytes in the middle zone of native cartilage) was not possible (as 
discussed in Section 3.6.2). Chondrocytes in the articular surface were selected for the 
investigation because dead cells may potentially be present in the vicinity of the cut surface 
required to acquire the cartilage disk which is located in the deep zone. In addition, the cutting 
of cartilage would have mechanically damage and disrupt the matrix which affects the local 
mechanical environment around the chondrocytes and consequently could alter the cell 
deformation behaviour [265]. Previous studies found that cutting of cartilage induced tissue and 
cell swelling near the cut surface which were likely caused by loosening of collagen fibril 
tension [265], [266].   
Prior to the cell deformation experiment in native cartilage, the viability of chondrocytes within 
cartilage disks needed to be tested. In this study, the cartilage disks were cultured for up to 3 
days after harvesting from the bovine osteochondral plugs because of the practicality of 
harvesting tissue (i.e. harvesting take most of the day in another laboratory) and the logistic of a 
weekly tissue delivery from the abattoir. It was important to ensure that the chondrocytes are 
healthy before live cell imaging. In addition, following this, potential errors in the 
morphometric measurements introduced by photobleaching of the stains were assessed.  
The aim of this study was approached via the following objectives:  
 To examine the viability of chondrocytes within bovine cartilage disks cultured for up 
to 3 days after harvesting by Live/Dead ® staining and XTT reduction assay. 
 To assess the potential errors in the morphometric measurements introduced by 
photobleaching of the stains. 
 To determine the effects of incremental compressive strains on chondrocyte 
deformation behaviour within the superficial zone of native cartilage in the 
uncompressed state and during applied compressive tissue strains of 10 % and 15 %.  
An overview of the experimental plain is depicted in Figure 42. 








Harvest of Bovine 
Osteochondral Plugs 
Cartilage Disks 
Live  Cell Staining 




















Figure 42: Overview of experimental plan for determining the effects of incremental compressive strains on chondrocyte deformation behaviour within the 
superficial zone of native cartilage. 
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4.2 Experimental Methodologies 
4.2.1 Harvest of Osteochondral Plugs for Cartilage Disks 
Osteochondral plugs, used as a source for native cartilage disks (5 mm in diameter), were 
harvested from the (relatively flat) medial and lateral regions of the patellofemoral groove of 
bovine knee joints as stated in Section 3.3.3. In brief, the articular surface of the patellofemoral 
groove was kept hydrated by PBS. A drill equipped with an in-house customised drill-aided 
corer was used to drill down from the cartilage surface into the subchondral bone. The 
osteochondral plug was then snapped in situ and removed from the joint surface with the aid of 
a plain ended corer. The extracted plugs were washed in PBS before transferring them in to PBS 
containing 10x AB (written in full in Section 3.3.1) for 20 mins. The subchondral bone ends 
were removed from the osteochondral plugs using a scalpel to leave as close to full depth 
cartilage as possible. The cartilage disks not tested immediately were cultured in DMEM/F12 
medium supplemented with 10 % FBS, 1x AB and 2 mM L-glutamine at 37°C, 5 % CO2 and 
above 90 % humidity for up to 3 days prior to cell viability determination, metabolic activity 
quantification and confocal imaging.  
4.3 Analytical methods 
4.3.1 Metabolic Activity Quantification on Native Cartilage Disks After 
Harvest of Osteochondral Plugs Using XTT Assay 
Chondrocyte metabolic activity within the cartilage disks obtained from osteochondral plugs 
was quantified using the XTT assay which measures cellular metabolism of a tetrazolium salt, 
2,3-bis-[2-methoxy-4-nitro-5-sulfophenyl]-2H-tetrazolium-5-carboxanilide (XTT) [267]–[269]. 
XTT is cleaved by dehydrogenase enzymes in the mitochondria of metabolically active cells 
and reduced to an orange coloured formazan salt [270]. Given that reduction of XTT can only 
occur in metabolically active cells, the measured absorbance at 450 nm directly correlates to the 
number and metabolic activity of viable cells [271]. The XTT assay is a more convenient 
method than previously used MTT assays because it forms a soluble formazan product which 
can be measured directly from culture [267], [270]. It has been reported that the sensitivity of 
XTT assay is similar to or better than that of the MTT assay [271]. In addition, it is a safer 
method than past assays that use radiolabelled thymidine.     
Cell viability in native cartilage was analysed using an XTT based in vitro toxicology assay kit 
(Sigma-Aldrich, Irvine, UK, TOX-2). Pre-weighted cartilage tissue harvested from the 
osteochondral plugs was chopped into small pieces using a scalpel and placed into a well of a 
12-well cell culture plate filled with 0.5 mL of growth medium (DMEM/F12 medium 
supplemented with 10 % FBS, AB and 2 mM L-glutamine). XTT working solution was made 
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up of 0.8 mL of 1 mg/mL XTT and 1.2 mL of growth medium and 0.5 mL of this XTT working 
solution was added to the well. A blank well with just the XTT solution (0.5 mL of growth 
medium and 0.5 mL XTT working solution) and no tissue was included. The plate was 
incubated for 4 hrs at 37ºC in 5 % CO2 with gentle agitation. Following this, the XTT solution 
was removed from each well, including the blank well and retained into 2 mL tubes. 
Tetrazolium product was then extracted from the tissues using 0.5 mL of DMSO added to each 
well for an hour at room temperature, in the dark, by gentle shaking. The 1 mL XTT solutions 
and the corresponding DMSO/tissue suspensions were then pooled before transferring three 
aliquots of 100 µL of each sample into a 96-well microplate (Corning Life Sciences B.V., 
Amsterdam, Netherlands). Absorbances were measured at 450 nm and 690 nm using a 
microplate spectrophotometer (ThermoFisher Scientific, Northumberland, UK). The 
absorbances at 690 nm were subtracted from those at 450 nm followed by subtraction of the 
average blank reading (no tissue sample) to remove background measurements and XTT content 
calculated per gram of tissue. Three cartilage disks per culture duration of day 0 (immediately 
after harvest), 1, 2 and 3 (a total of 12 cartilage disks harvested from the patellofemoral groove 
of two bovine knee joints) were used for XTT assay. 
4.3.2 Cell Viability Determination on Cross-Sections of Native Cartilage 
Disks After Harvest of Osteochondral Plugs: Confocal Microscopy 
and Live/Dead ® Staining  
A Live/Dead
®
 Viability/Cytotoxicity Kit (Molecular probes by ThermoFisher Scientific, 
Northumberland, UK, L3224) was used to determine the cell viability within the cartilage 
tissue. Discrimination of live from dead cells was achieved by simultaneously staining with 
green-fluorescent calcein-acetoxymethyl ester (calcein AM) (λ Ex/Em  494/517 nm) and red-
fluorescent ethidium homodimer-1 (EH) (λ Ex/Em  528/617 nm) which both fluoresce at different 
wavelengths. Calcein AM readily passes through intact cell membranes and converts to calcein 
when it is in contact with intracellular esterases and consequently fluoresces. Ethidium 
homodimer-1 can only pass through damaged cell membranes to enter cells and upon binding 
with exposed DNA increases its fluorescence 40-fold. Thus, live cells would show green 
fluorescence whilst dead cells would show red fluorescence upon fluorophore excitation. This 
provided a visualisation of cell viability within native cartilage cultured with different durations.  
 A Live/Dead® working solution was made up of 2.5 µL of 4mM calcein AM, 5 µL 2 mM EH 
and 10 mL of PBS. Prior to stain application, cartilage disks were washed with PBS three times 
before two cross-sectional slices (approximately 1 mm thick) per cartilage disk were prepared 
by cutting perpendicular to tissue surfaces from the central axis of the disks with a scalpel.  
Cartilage slices were placed in wells of a 24-well cell culture plate and 1 mL of the Live/Dead® 
working solution was added to each cartilage slice. The plate was then incubated for an hour in 
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the dark at 37ºC. The cartilage slices were washed three times in PBS before visualisation via an 
Nikon A1R inverted confocal microscope and images complied using Nikon NIS-Elements 
software. Two cartilage disks per culture duration of day 0 (immediately after harvest), 1, 2 and 
3 (a total of 8 cartilage disks harvested from the patellofemoral groove of two bovine knee 
joints) were used to prepare two cartilage slices from each cartilage disk for Live/Dead® 
staining. 
4.3.3 Live Cell Staining of Native Cartilage Disks for Cell Nuclei and 
Plasma Membrane using Hoechst 33342 and CellMask Green Plasma 
Membrane Stains 
Chondrocytes within the cartilage disks harvested from the osteochondral plugs were stained 
with Hoechst 33342 and CellMask Green plasma membrane as described previously (Section 
3.4.4). Only flat cartilage disks were used in the experiment. In brief, a combined staining 
working solution of 1 µg/mL Hoechst 33342 and 1x CellMask Green plasma membrane were 
freshly prepared in DMEM/F12 medium and applied to the cartilage disks placed in a 24-well 
cell culture plate. The plate was covered with aluminium foil to protect it from the light and 
incubated at 37°C and 5 % CO2 for 40 mins. Cartilage disks were then washed three times in 
Live Cell Imaging Solution. Following on from the wash step, ProLong® Live Antifade Reagent 
was applied to cartilage disks in dark at 37°C for 2 hrs before visualisation using an Nikon A1R 
inverted confocal microscope.   
4.3.4 Confocal Image acquisition 
4.3.4.1 Live/Dead ® imaging of Cross-Sections of Native Cartilage Disks 
Volume images of the Live/Dead® stained cross sectional slices obtained from the cartilage 
disks cultured for up to 3 days (as described in Section 4.3.2) were acquired using an Nikon 
A1R inverted confocal microscope, recorded by taking serial optical sections of 512 x 512 
pixels at 3 µm intervals perpendicular to the articular surface with a 10x air objective (PL Fluor 
0.30 NA) to produce an overall view of the cross-section. The 488 nm Argon laser and the 561 
nm solid state laser were used to excite calcein and ethidium homodimer-1 respectively. Lasers 
were set at 10 % of full power. The pinhole was set at 1 Au. Unidirectional galvo scanning and 
channel series were used to capture two volume images per cartilage slice. Two cartilage slices 
obtained from each cartilage disk (n=2 per culture duration of day 0 (immediately after harvest), 
1, 2 and 3) were labelled with Live/Dead® staining and imaged.  
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4.3.4.2 Sequential Imaging of Selected Chondrocytes in Native Cartilage Disks 
under Non-loaded Conditions Following Staining with Hoechst 33342 and 
CellMask Green Plasma Membrane after the Addition of ProLong® Live 
Antifade Reagent  
Sequential imaging of selected chondrocytes within the superficial zone of native cartilage disks 
(stained with Hoechst 33342 and CellMask Green plasma membrane for cell nuclei and plasma 
membrane, respectively, as previously described in Section 4.3.3) was performed under non-
loaded conditions to assess whether photobleahcing of CellMask Green plasma membrane stain 
may introduce errors into the morphometric measurements. Stained native cartilage disk was 
placed in the compression device (without load application) filled with Live Cell Imaging 
Solution and with the imaging surface faced down onto the coverslip, as described in Section 
2.3.3, prior to mounting on the stage of an Nikon A1R inverted confocal microscope. The same 
group of chondrocytes selected in each cartilage disk was observed throughout the experiment. 
Three sequential volume images of selected chondrocytes were acquired in each non-
compressed cartilage disk at a 30 min interval. A total of five cartilage disks harvested from the 
patellofemoral groove of two bovine knee joints were imaged.  
To determine the effects of incremental compressive strains on chondrocyte deformation 
behaviour, sequential imaging of selected chondrocytes within the superficial zone of stained 
native cartilage disks was performed under incremental compressive strains. Three sequential 
volume images of selected chondrocytes were acquired in the uncompressed state and during 
applied compressive strains of 10 % and 15 % using an Nikon A1R inverted confocal 
microscope. The same group of chondrocytes from each cartilage disk was imaged under the 
selected strain levels throughout the experiment. A total of four cartilage disks harvested from 
the patellofemoral groove of two bovine knee joints were compressed and imaged using the 
experimental procedure described in Section 4.3.5.3. Volume image acquisition is described in 
this section. 
The 405 nm Solid state and 488 nm Argon lasers were used to excite Hoechst 33342 and 
CellMask Green plasma membrane stains, respectively. Lasers were set at 5 % of full power to 
minimise photobleaching. In addition, the pinhole was set at 1 Au to provide a diameter that 
gave the best compromise between light throughput, noise and resolution. Unidirectional galvo 
scanning and channel series were used to capture all images. Chondrocytes from the central 
region (radially) of the articular surface of native cartilage were randomly selected at a depth of 
20-30 µm inside the tissue. Volume images (approximately 20 µm in depth) were recorded by 
taking serial optical sections of 512 x 512 pixels at 0.2 µm intervals with a 40x oil immersion 
objective (S Fluor 1.30 NA). Typically, around 20-30 chondrocytes were captured within the 
imaging depth of field.  
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4.3.5 Cartilage Compressive Strain Application  
To determine the change in morphology of chondrocytes in the articular zone of native cartilage 
under different magnitudes (10 % and 15 %) of uniaxial unconfined compressive tissue strains, 
the compression device described in Chapter 2 was used for overall tissue strain application.  
The thickness of the cartilage disks used here was first measured using the Bose ElectroForce 
3200 mechanical testing machine. The mechanical testing rig was set up to determine the zero 
displacement point (as described in Section 2.4.2.3). In brief, the top platen of the testing rig 
was lowered at a rate of 0.2 mm/s towards the bottom platen until the two platens were brought 
together with a force of 100 N to establish a ‘zero displacement’ position, before being set 2 
mm apart. The cartilage disk was then placed in between the two platens and the top platen was 
lowered at a rate of 0.2 mm/s until the load signal read a tare load of 0.02 N. The distance 
between the two platens at this tare load was defined as the cartilage thickness.  
To determine the final compressed thickness that corresponded to the selected compressive 
tissue strains (10 % and 15 %), the amount of compressive displacement required to be applied 
to the tissue surface by the micrometer of the compression device was calculated knowing the 
cartilage thickness. For example, 10 % strain of a cartilage disk with thickness of 1 mm would 
correspond to a deformation of 100 µm, which corresponds to a compressed thickness of 900 
µm. Thus, 100 µm of displacement would be applied to the tissue using the micrometer.    
In Chapter 2, it was determined that the coverslip used in the compression device would 
undergo flexion during load application and it was important to take this into account when 
calculating the load required to compress the cartilage. To achieve this, each cartilage disk was 
placed in between the two platens of the Bose ElectroForce 3200 mechanical testing machine 
and the top platen was lowered at a rate of 0.2 mm/s until the load signal read a tare load of 0.02 
N. The cartilage disk was then subjected to loads up to 700 g at a rate of 50 g/s, whilst recording 
the displacement (at a rate of 200 Hz). The amount of load required to apply selected 
compressive tissue strains (10 % or 15 %) to the cartilage was then determined from the 
cartilage displacement and load data. To determine the amount of displacement attributable to 
the coverslip flexes, the displacement that corresponded to the load required to apply the 
selected compressive strain to the cartilage was read from the standard curve of 
displacement/load for the coverslip (Section 2.4.4.2). The amount of displacement caused by 
coverslip flexion was added on top of the compressive displacement that corresponds to selected 
tissue strain in order to compensate for the glass flexion effect.     
The compression device was set up as described previously (Section 2.3.3) for strain application 
to the cartilage. Figure 43A shows all the components of the device (i.e. a well with an opening 
at the bottom, a coverslip, a platen, a magnetic disk, a brace, metal screws and a micrometer) 
assembled to form the compression device. In brief, the coverslip was sealed to the bottom of 
the device well using silicone grease. The individual cartilage disk (stained with Hoechst 33342 
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and CellMask Green plasma membrane for cell nuclei and plasma membrane, respectively, as 
previously described in Section 4.3.3) was placed articular surface down on the coverslip before 
filling the well with ProLong® Live Antifade Reagent in Live Cell Imaging Solution to maintain 
hydration and cell viability during imaging. To assemble the top half of the device, the 
micrometer was fixed onto the brace by a small screw along with the platen that was connected 
to the micrometer by a magnetic disk. The top half of the device was secured to the well via the 
brace by two metal screws. The compression device was then attached to the stage of an Nikon 
A1R inverted confocal microscope (Figure 43B). The experimental procedure used to compress 
the cartilage disk and sequentially image selected chondrocytes in the articular zone in the 
uncompressed state and during incremental compressive tissue strains of 10 % and 15 % is 
shown in Figure 44. To define the ‘0 % strain’ position (the uncompressed state), the platen was 
lowered by the micrometer to the distance equal to the cartilage thickness. The ‘0 % strain’ 
position was held for 30 mins before compressive strains were applied. A volume image of the 
selected chondrocytes in the uncompressed state was captured (as previously described in 
Section 4.3.4.2) prior to application of compression. A compressive tissue strain of 10 % (the 
compressive displacement that corresponded to this selected strain combined with the additional 
coverslip flexion displacement) was then applied in a direction parallel to the tissue surface, 
using the micrometer. The cartilage disk was allowed to equilibrate for 30 mins and another 
volume image was recorded of the deformed state of selected chondrocytes in the same region. 
The cartilage disk was then further compressed by manual turning of the micrometer to yield 
compressive strain of 15 % (the compressive displacement that corresponded to this selected 
strain combined with the additional coverslip flexion displacement) and allowed to reach  













Figure 43: (A) All the components of the device (a well with an opening at the bottom, a coverslip, a 
platen, a magnetic disk, a brace, metal screws and a micrometer) assembled to form the 
compression device. (B) The compression device mounted on the stage of an Nikon A1R invert 
confocal microscope system enabling precise compressive tissue strain application while visualising 
cell deformation behaviour under confocal microscopy. 
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4.3.6 Confocal Image Analysis 
4.3.6.1 Volume Measurements of Chondrocytes in Uncompressed Cartilage using 
Repeated Confocal Scans 
Chondrocyte volume measurements were recorded on the sequential volume images acquired in 
non-compressed cartilage disks (as described in Section 4.3.4.2) using Nikon NIS-Elements 
software. The (3D) confocal volume images were loaded onto the software and processed for 
cell volume measurements. Images were subjected to intensity thresholding which results in 
binary images for cell volume measurements. Intensity thresholding is a process that determines 
the pixels to be included in the binary image by defining threshold limits based on intensity 
pixel values and thus distinguishes regions of interest (i.e. the cells in this thesis) for analysis. In 
other words, this process masks regions of interest in an image to be included in the binary 
image and segment them from unwanted regions. Once threshold limits were defined, the same 
threshold was then applied for all the images. Volume measurements were calculated from the 
resulting thresholded binary images. The measurements were performed on the same 
chondrocytes (n=3 cells per cartilage disk) in all repeated images captured in each cartilage disk 
(for a total of 5 cartilage disks harvested from the patellofemoral groove of two bovine knee 
joints). A total of 15 cells (from five cartilage disks) were measured. 
4.3.6.2  Quantification of Chondrocyte Deformation  
For the purposes of image processing, 3D rendering and cell morphometric quantification, 
Amira software (ThermoFisher Scientific, Northumberland, UK) was used. A custom workflow 
was specifically developed by the author to analyse (raw) 3D confocal volume images of cells 
and perform cell morphometric measurements within native and tissue engineered cartilage 
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Figure 44: Flow diagram of the experimental procedure used to sequentially image selected 
chondrocytes in the articular zone of native cartilage disk in the uncompressed state and during 
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engineered cartilage in Chapter 5) in order to quantify cell deformation behaviour under 
incremental compressive strains. The custom workflow, as shown in Figure 45, was created by 
selecting and combining several modules used for image processing, cells identification and 
data analysis (i.e. 3D rendering and cell morphology measurements on the identified cells). 
Modules including ‘Gaussian Filter’, ‘Interactive Thresholding’, ‘Fill Holes’, ‘Remove Small 
Spots’, ‘Border Kill’ (only applied to chondrocytes in the chapter), ‘Arithmetic’ used for image 
processing and modules such as ‘Volume rendering’ and ‘Label Analysis’ were used for image 
analysis (i.e. 3D rendering and cell morphometric measurements). Once the workflow was 
satisfactory (i.e. the order of modules and their settings), the workflow was applied on every 
image set to perform the same analysis. It was important to be consistent across comparison so 
that a fair analysis was conducted. The 3D images were analysed by travelling through the 
custom workflow in Amira and processed by each module in order. 
Upon starting the chondrocyte deformation quantification analysis on the sequential images of 
chondrocytes acquired under incremental compressive strains (as described in Section 4.3.5), 
the confocal volume images were first converted to 16 Bit greyscale TIFF images and separated 
into two image stacks of the nuclei and plasma membrane using Fiji (National Institutes of 
Health, Maryland, USA) before being imported to Amira software for image processing and 
analysis. Image voxel (i.e. 3D equivalent of a pixel) size was set to define the spatial dimensions 
of the image stack. The custom workflow was then applied to the image stacks in which the 
image stack of the plasma membrane travelled through the workflow and were processed by 
each module in order followed by the image stack of the nuclei (Figure 45). 
Firstly, a Gaussian filter was used to smoothen the raw image stacks in order to reduce noise 
and preserve cell edges. Filtering is typically applied to raw data as a pre-processing denoising 
technique to enhance (cell) edge detection for the image segmentation stage so that it can later 
be analysed effectively. The identifying pixels in an image at which the image brightness/signal 
intensity changes dramatically are typically defined as edges and this is known as edge 
detection. Example XY-orthoslices from the raw image stacks of the nuclei and plasma 
Figure 45: The control panel of Amira software displaying the custom workflow used to process the 
confocal volume images of cells and perform 3D rendering and cell morphometric measurements. 
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membrane of chondrocytes, along with the filtered slices after the application of ‘Gaussian 
filter’ module are shown in Figure 46. Orthoslice is a 2D orthogonal slice from a particular 
plane. 
 
The ‘filtered’ data were then segmented to determine the location and geometry of the nuclei 
and plasma membrane of chondrocytes (in their respective image stacks). Image segmentation is 
a process used to separate a digital image into a number of regions/phases (also known as image 
objects), where each region has a set of pixels with certain visual characteristics (e.g. colour, 
intensity and texture). In other words, it is a process that allocates a label to every pixel in an 
image and pixels that share similar characteristics would be assigned with the same label which 
identify the region associated with those pixels. This process is typically conducted to locate 
objects and boundaries (e.g. contour lines or curves that outline the shape of the objects) in a 
digital image. The main goal of segmentation is to simplify the representation of an image and 
present it in a more meaningful way (i.e. divide it into a number of distinct regions/phases), 
allowing further analysis to be readily performed on each region. The resulting segmented 
image could be made up of a set of regions/objects (i.e. different labels) that collectively cover 
Figure 46: XY-orthoslices of the plasma membrane of chondrocytes from (A) ‘raw’ and (B) ‘filtered’ 
image data and the cell nuclei from (C) ‘raw’ and (D) ‘filtered’ image data, showing before and after 
the application of ‘Gaussian filter’ module used to smooth the raw data in order to reduce noise and 
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the entire image or a set of contours (the outline of the shape of objects) extracted from the 
image.  
In this thesis, interactive thresholding was used for image segmentation to locate and label the 
nuclei and plasma membrane from the image stacks for further quantitative analysis. The 
concept behind the approach of interactive thresholding is to mask and label the region of 
interest by setting threshold levels with a visual feedback. In this study, the threshold intensity 
range to separate the nuclei and plasma membrane of chondrocytes from the background (in 
each of their respective image stacks) were selected through interactive, visual pixel evaluation. 
By overlapping greyscale (i.e. filtered image) and segmented images, threshold intensity values 
were assigned to the pixels representing the nuclei or plasma membrane in their respective 
image stacks. An immediate 2D visual feedback (preview) was used to modify and evaluated 
the threshold values in multiple 2D optical slices to ensure the labelling matches the nuclei and 
plasma membrane in their respective 3D image stacks. The chosen threshold values were then 
applied to the filtered data using the ‘Interactive Thresholding’ module. As a result, an output 
binary image stack of the labelled pixels (i.e. ‘segmented’ image data) was generated. Example 
XY-orthoslices of the nuclei and plasma membrane of chondrocytes before and after interactive 
thresholding are shown in Figure 47. The labelled pixels that are identified as the nuclei and 
plasma membrane of chondrocytes are displayed in blue in the ‘segmented’ image data (Figure 
47). 
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Due to high contrast between phases of nuclei/background and plasma membrane/background,  
segmentation was reasonably straightforward using interactive thresholding. However, there is a 
minor complication introduced by the nature of fluorescence staining and image acquisition 
(uneven staining intensity in cells). The staining intensity of the nuclei and plasma membrane 
were slightly irregular across the chondrocytes. The majority of pixels that represent the nuclei 
and plasma membrane were selected by the threshold levels in interactive thresholding. 
However, some pixels, that were supposed to be assigned to either the nuclei or plasma 
membrane (in their respective image stacks) but were not within the threshold levels, were 
excluded. To overcome this issue, the ‘Fill Holes’ module was used to fill incompletely labelled 
objects (i.e. the nuclei or plasma membrane in their respective image sets). Example XY-
orthoslices of the nuclei and plasma membrane of chondrocytes before and after the Fill Holes’ 
module are presented in Figure 48. The red arrows in Figure 48 indicate where the pixels were 
Figure 47: XY-orthoslices of the plasma membrane of chondrocytes from (A) ‘filtered’ and (B) 
‘segmented’ image data and the cell nuclei from (C) ‘filtered’ and (D) ‘segmented’ image data, 
showing before and after the application of ‘Interactive Thresholding’ module used to determine 









Following interactive thresholding, the labelled pixels that represent the nuclei and plasma membrane 
are displayed in dark blue and light blue, respectively, in their respective ‘segmented’ image data. 
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excluded because they lied outside the threshold level range but were supposed to be assigned to 
either the nuclei or plasma membrane (in their respective image stacks). 
The ‘filled holes’ image sets were further processed by applying the ‘Remove Small Spots’ 
module. This was to clean up the image stacks and provide a more accurate visualisation of the 
cells. A volume size threshold was defined for each image stack to preserve the nuclei and the 
cell bodies while eliminate extraneous objects too small to be the nuclei and cells. Example 2D 
orthoslices of the ‘filled holes’ image sets of the nuclei and plasma membrane from pre and post 
‘Remove Small Spots’ module application are shown in Figure 49 (red arrows).  The last image 
processing step was to remove incomplete objects near the border through the application of the 
‘Border Kill’ module. This means incomplete cells that were located at the border would not be 
included for further analysis. Example 2D orthoslices of the ‘removed small spots’ image sets of 
the nuclei and plasma membrane from pre and post ‘Border Kill’ module application are shown 










Figure 48: XY-orthoslices of the plasma membrane of chondrocytes from (A) ‘segmented’ and (B) 
‘filled holes’ image data and the cell nuclei from (C) ‘segmented’ and (D) ‘filled holes’ image data, 
showing before and after the application of ‘Fill Holes’ module used to fill incompletely labelled 
objects. 
Incompletely labelled nuclei and plasma membrane of chondrocytes highlighted with red arrows 
which were filled using the ‘Fill Holes’ module. 













Figure 49: XY-orthoslices of the plasma membrane of chondrocytes from (A) ‘filled holes’, (B) ‘removed small 
spots’ and (C) ‘border killed’ image data and the cell nuclei from (D) ‘filled holes’, (E) ‘removed small spots’ 
and (F) ‘border killed’ image data, showing before and after the application of the ‘Remove Small Spots’ 
module and the ‘Border Kill’ module.  
Removal of extraneous objects too small to be the nuclei and chondrocytes highlighted with red arrows. Removal of 
incomplete objects (i.e. the nuclei and plasma membrane of chondrocytes) near the border highlighted with orange 
arrows. 
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Once both image stacks were processed through the workflow by each module in order, they 
were then merged together by using the ‘Arithmetic’ module to create an binary image that 
highlights the nuclei and plasma membrane of chondrocytes (Figure 50). 
The next stage of the image analysis process was to identify and select chondrocytes from the 
processed, merged image stack of the nuclei and plasma membrane of chondrocytes for 3D 
rendering and morphometric quantification analysis. The cells identification stage was 
conducted using the Image Segmentation Editor of Amira. The Image Segmentation Editor is a 
workroom that provides a variety of tools and functions for semi-automated and manual 
segmentation. It is typically used for interactive segmentation tasks. It can be used to correct or 
refine previously labelled regions/objects by automated segmentation module (i.e. interactive 
thresholding used for nuclei and plasma membrane segmentation in this thesis). It also allows 
the user to identify and extract a particular region/regions from the 3D data for further analysis. 
In this study, the ‘Interactive Thresholding’ module was used previously to segment the 
potential nuclei and plasma membrane of chondrocytes from their respective image stacks. 
Further editing was conducted using the Image Segmentation Editor to identify and extract 
chondrocytes from the 3D processed data for 3D rendering and morphometric quantification 
analysis. By default, the Image Segmentation Editor operates in a 2D-view mode which 
normally displays one XY-orthoslice of a 3D image. Figure 51 is a screenshot of the Image 
Segmentation Editor’s interface which shows an XY-orthoslice from the processed, merged 
image stack; highlighting the boundaries of the potential nuclei and plasma membrane in blue 
and green, respectively.   
 
 
Figure 50: XY-orthoslice of the image data after merging together both the processed image stacks 
of the nuclei and plasma membrane of chondrocytes using the ‘Arithmetic’ module prior to the cells 
identification step. 
The nuclei and plasma membrane of chondrocytes are displayed in dark blue and light blue, respectively, 
in the processed, merged image stack.  
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By using the Image Segmentation Editor, it was capable of easily picking out chondrocytes that 
had clear cell boundaries from the 3D processed image stack. In this case of clear cell 
boundaries, the nuclei and plasma membrane of chondrocytes were merged together and 
identified as individual chondrocytes. An example of this is demonstrated in Figure 52; a 
chondrocyte was identified by selecting the nuclei (Blue boundary selected in red, Figure 52A) 
and its corresponding plasma membrane (Green boundary selected in red, Figure 52A) and 
registering the two parts as a chondrocyte (Red boundary, Figure 52B,). 
Figure 52: An example of cells identification using the Image Segmentation Editor in the case of 
clear cell boundaries; (A) a nucleus (blue boundary selected in red) and its corresponding plasma 
membrane (green boundary selected in red) were selected and register the two parts as (B) an 





Figure 51: The interface of Amira’s Image Segmentation Editor displaying an XY-orthoslice from 
the processed, merged image stack which highlights the boundaries of the potential nuclei (blue) 
and plasma membrane (green).   
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However, in some cases, the cell boundaries were ill-defined (as demonstrated in Figure 53) 
where the cells were touching unwanted surroundings (i.e. pericellular matrix) and each other. 
This made the cells identification step more challenging and an extra step was required to 
separate touching chondrocytes or remove pericellular matrix from the chondrocytes. The lasso 
tool from the Image Segmentation Editor was used to manually define dividing lines in 2D to 
separate different objects (i.e. separation of touching chondrocytes and removal of pericellular 
matrix) so chondrocytes identification were made possible. This extra step was required to be 
completed each cell on every 2D image that made up the 3D data. Once this was completed, cell 
boundaries could be defined more easily. The plasma membrane and the corresponding nuclei 
were then merged together to be identified as individual chondrocytes for morphometric 
measurements. An example of this is demonstrated in Figure 53; two chondrocytes were in 
close contact which made it hard to distinguish cell boundaries (Figure 53A). To overcome this, 
the lasso tool was used to manually define a dividing line in 2D to separate the two 
chondrocytes (White arrow, Figure 53B). This was completed on every 2D image that made up 
the 3D data, resulting in two separated chondrocytes (Figure 53C). Once clear cell boundaries 
were refined, the plasma membrane and the corresponding nuclei were selected and registered 
as chondrocytes. 
The identified chondrocytes were then extracted to create a label image stack named 
‘cellstoanalyse’ for 3D rendering and cell morphometric measurements. Figure 54A shows an 
2D orthoslice from the resulting ‘cellstoanalyse’ image stack following the cell identification 
step, highlighting the chondrocytes (labelled with yellow boundaries) selected for further 
analysis. Figure 54B shows an 2D orthoslice of the corresponding selected chondrocytes 
(labelled in red) from the processed, merged image stack of the nuclei and plasma membrane.  
 
Figure 53: An example of cells identification using the lasso tool from the Image Segmentation 
Editor in the case of ill-defined cell boundaries; (A) two chondrocytes were in close contact which 
made it hard to distinguish cell boundaries, (B) a diving line (white arrow) was manually defined by 
the lasso tool in every 2D image that made up the 3D data, (C) two separated chondrocytes as a 
result of the extra step taken with the lasso tool to refine cell boundaries, allowing the two 
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The ‘Label Analysis’ module was used to carry out cell morphometric measurements on the 
identified chondrocytes from the label image stack. Cell morphometric parameters including 
cell length, width, height and volume were selected from the measure port along with sphericity 
(which was manually inserted specific equation) and saved as a new measure group for cell 
morphometric quantification (Figure 55). Cell length and width were defined along the major 
and minor axes of the cell cross-section perpendicular to cell height (Figure 56). Height was 
defined as the maximum distance between the vertical coordinates of all the vertices 
(perpendicular to cartilage surface) on the Z-axis (Figure 56). Sphericity is the measures of how 
closely the shape of an object approaches that of a mathematically perfect sphere and this was 
defined as the ratio of the surface area of a sphere (with the same volume as the given cell) to 
the surface area of the cell. A sphericity value of 1 corresponds to a perfect a sphere, any value 
less than 1 indicates departure from the sphere, with lower values signifying least spherical 
structures. Once measurements were saved and selected from the measure port in Amira, the 
‘Label Analysis’ module was applied to the ‘cellstoanalyse’ image stack to perform the 
morphometric measurements. An example analysis spreadsheet of the morphometric 







Figure 54: XY-orthoslices of (A) the ‘cellstoanalyse’ image stack following the cell identification step 
which highlights the chondrocytes (yellow boundaries) selected for 3D rendering and cell 
morphometric measurements and (B) the processed, merged image stack of the nuclei and plasma 














Figure 55: The measure port was used to select cell morphometric parameters including cell length, 
width, height, volume and sphericity (which was manually inserted specific equation) and create a new 
measure group for cell morphometric quantification.  
 
Figure 56: Definition of cell morphology parameters. Cell length and width were defined along the 
major and minor axes of the cell cross-section perpendicular to its height. Height was defined as the 
maximum distance between the vertical coordinates of all the vertices on the Z-axis. 
 







Three dimensional reconstruction of the selected chondrocytes from the ‘cellstoanalyse’ image 
was then performed following the cell morphometric measurements using the ‘Volume 
Rendering’ module. The 3D rendering of chondrocytes was used for 3D visualisation purpose. 
Figure 58 shows an example of 3D rendering of selected chondrocytes. 
As described in Section 4.3.4.2, three sequential volume images of selected chondrocytes from 
the superficial zone of cartilage disks (n=4, obtained from the medial and lateral regions of the 
patellofemoral groove of two bovine knee joints) were acquired under zero, 10 % and 15 % 
applied tissue compressive strains using confocal microscopy in order to determine the effects 
of incremental compressive strains on chondrocyte deformation behaviour in native cartilage. In 
other words, the same group of chondrocytes from each cartilage disk was imaged under the 
selected strain levels throughout the experiment. All confocal volumes images of chondrocytes 
were analysed using the custom workflow described in this section to quantify cell deformation 
behaviour under incremental compressive tissue strains. It was important to reduce bias 
associated with manual measurements so that a fair analysis was conducted, therefore the 
Figure 57: An example analysis spreadsheet displaying the cell morphometric measurements 
performed on selected chondrocytes. 
Figure 58: 3D rendering of selected chondrocytes from the label (‘cellstoanalyse’) image for 3D 
shape visualisation purpose.  
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custom workflow was applied on every image set with the same modules, module order and 
settings. Due to the extra step required to identify chondrocytes in the cases of ill-defined cell 
boundaries (i.e. chondrocytes touching pericellular matrix and each other) which was extremely 
time-consuming and required considerable effort and concentration, this led to low chondrocyte 
numbers for analysis in this study. Consequently, 3D rendering and cell morphometric 
measurements were performed on a total of the same 37 chondrocytes from four cartilage disks 
under the selected strain levels, with data collected for 6-11 chondrocytes per cartilage disk.  
4.4 Results  
4.4.1 The Effect of Culture Duration on Chondrocyte Metabolism and 
Viability within Native Cartilage  
In this study, cartilage disks culture was required because it was not possible to regularly 
harvest fresh osteochondral plugs (i.e. the source for cartilage disks) from bovine knee joints 
due to the logistic of a weekly tissue delivery from the abattoir. Thus, a culture period of up to 3 
days was used to investigate the effect of culture duration on chondrocyte metabolism and 
viability within cartilage disks as it was important to ensure that the chondrocytes were healthy 
before live cell imaging. XTT assay and Live/Dead® imaging were used to determine the effect 
of length of time in culture on chondrocyte metabolism and viability within native cartilage 
disks harvested from bovine osteochondral plugs.  
XTT assays of cartilage disks cultured for different durations from day 0 to 3 indicated similar 
metabolic activity, suggesting that the culture times used here had no measurable effects on 
chondrocyte viability in native cartilage up to Day 3 (Figure 59). Live/Dead® images of cross-
sectional slices obtained from cartilage disks cultured up to Day 3 showed densely distributed 
live chondrocytes through the depth of the tissue and some dead chondrocytes were visualised 
(Figure 60 and Figure 61). Live/Dead® images in the XZ-plane revealed chondrocytes in the 
depth of about 200 µm below the cut surface showed that the majority of the dead chondrocyte 
were located at the cut surface (Figure 61).  
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Figure 59: Viability assessment of cartilage disks harvested from osteochondral plugs after up to 3 
days in culture. Chondrocyte metabolic activity was assessed by XTT assay.   
There were no statistical significances found between cartilage samples in culture for different time 
durations (up to Day 3). Data represented as means ± SD (n=3). Statistical analysis was determined by 
the Kruskal–Wallis test.  
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Figure 60: Live/Dead® confocal volume images of chondrocytes in cartilage slices obtained from bovine cartilage disks cultured in different periods of time from Day 0 to 3; (A, E) 
Day 0, (B, F) Day 1, (C, G) Day 2 and (D, H) Day 3. Images revealed chondrocytes through the depth of the cartilage slices from the superficial zone down to the deep zone labelled 
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Figure 61: Live/Dead® confocal volume images of chondrocytes in cartilage slices obtained from bovine cartilage disks cultured in different periods of time from Day 0 to 3; (A, E) 
Day 0, (B, F) Day 1, (C, G) Day 2 and (D, H) Day 3. Images show (A-D) live and (E-H) dead. Images are presented in the XZ-plane. 
Green ≡ live cells. Red ≡ dead cells. Live cells appeared throughout tissue depth while the majority of dead cells were visualised near the cut surface of the cross-sectional tissue slices. 
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4.4.2 Chondrocyte Volume Changes in Uncompressed Native Cartilage 
with Repeated Confocal Scans  
In order to assess whether photobleahcing of CellMask Green plasma membrane stain may 
introduce errors into the morphometric measurements, three sequential images of selected 
chondrocytes within the superficial zone of cartilage disks were acquired under non-loaded 
conditions. Cell volume measurements were performed on the same chondrocytes (n=3 cells per 
cartilage disk) in all repeated images captured in each cartilage disk (for a total of 5 cartilage 
disks harvested from the patellofemoral groove of two bovine knee joints).   
Changes in chondrocyte volume were determined after the capture of three repeated confocal 
images in uncompressed cartilage disks. Chondrocyte volume normalised to the original volume 
(Image 1) after the repeated confocal images is shown in Figure 62. There was a significant 
decrease in normalised chondrocyte volume after each capture, of 2.1 % between Image 1 and 
Image 2 and 4.5 % between Image 1 and Image 3 (p <0.0001 and p <0.001, Figure 62). This 
most likely indicates the errors (%) in the morphometric measurements were introduced by 
photodestruction of the CellMask Green plasma membrane stain. It was important to examine 
the measurement errors associated with the staining method because photobleahcing of 
CellMask Green plasma membrane stain would result in loss of detail for cell morphology and 
consequently affect the accuracy of morphometric measurements. Thus, the measurement errors 
introduced by the staining method needed to be taken into account for the morphometric 
quantitative data as a limitation of the staining method. 
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4.4.3 Quantification of Chondrocyte Deformation under Incremental 
Compressive Tissue Strains In Native Cartilage Disks via Amira: 
Morphometric Measurements 
In order to determine the effects of incremental compressive strains on chondrocyte deformation 
behaviour in native cartilage, cell morphometric data was collected from volume images of 
selected chondrocytes in the superficial zone of cartilage disks acquired sequentially at zero, 10 
% and 15% applied compressive tissue strains. A dual staining method of Hoechst 33342 and 
CellMask Green plasma membrane stains was used to label chondrocytes within cartilage disks. 
Each cartilage disk was placed in to the newly develop device (see Chapter 2) and viewed under 
confocal microscopy at the selected strain levels. After an equilibration period of 30 mins in 
each case, images of the same chondrocytes were acquired and Amira software used to 
quantitate chondrocyte morphometric parameters including: cell length, width, height, volume 
and sphericity (see Section 4.3.6.2 for full methodology). Cell morphometric data was collected 
for 6-11 chondrocytes per cartilage disk and from four cartilage disks obtained from the 
(relatively flat) medial and lateral regions of the patellofemoral groove of two bovine knee 
joints. A total of the same 37 chondrocytes from four cartilage disks under the selected strain 




Figure 62: Changes in the volume of chondrocytes in uncompressed cartilage disks with three 
repeated confocal scans. There was a slight decrease in normalised chondrocyte volume following 
capture of repeated confocal images and the changes were significant.  
Data represented as means ± SD (n=15 from 5 cartilage disks). Statistical analysis was determined by one 
way repeated ANOVA after data normality was determined. Turkey’s post doc test was used .for 
comparison between uncompressed chondrocytes captured with repeated confocal images. ** ≡ p <0.01, 
*** ≡ p <0.001, **** ≡ p <0.0001. 
- 145 - 
The resulting data is presented in three different ways to fully demonstrate the trends and 
changes in each parameter and to facilitate comparisons: (1) absolute measurements for each 
chondrocyte at each strain level; (2) mean values ± SD and percentage (%) change in dimension 
compared to baseline (zero strain) for all chondrocytes in each of the four cartilage disks 
compare statistically at each strain level and (3) mean values ± SD and % change in dimension 
compared to baseline (zero strain) for all chondrocytes combined in each cartilage disk 
following application of compressive strains. 
4.4.3.1 Absolute Morphometric Measurements for Each Chondrocyte at Each 
Strain Level in Each of the Four Cartilage Disks 
Absolute measurements of cell length, width, height, volume and sphericity for a total of the 
same 37 chondrocytes in the superficial zone of four bovine cartilage disks following 
application of compressive tissue strains (0 %, 10 % and 15 %) are presented in Figure 63 and 
Figure 64. Figure 63 and Figure 64 illustrates all of the raw data for each chondrocyte in each 
cartilage disk at each strain level. 
Following application of compressive tissue strain, there was no clear trend for changes in 
chondrocyte length and width (Figure 63A-H). Chondrocyte height and volume appeared to 
decrease in all cartilage disks at each strain level (10 % and 15 %) (Figure 63J-M and Figure 
64A-D). Sphericity appeared to be consistent, expect in Cartilage Disk 2 which appeared to 
increase (Figure 64E-H). These trends were tested statistically for whole populations of 
chondrocytes in each of the four cartilage disks at each strain level (see Section 4.4.3.2).  
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Figure 63: Absolute morphometric measurements for each individual chondrocyte (n=37) in the superficial zone of each of the four bovine cartilage disks (1-4 = left to right 
columns) at the selected compressive strain levels of 0 %, 10 % and 15 %; (A, B, C, D) Chondrocyte length, (E, F, G, H) width and (J, K, L, M) height. There was no clear trend 
for changes in individual chondrocyte width and length with the application of compressive tissue strain. Chondrocyte height appeared to decrease with application of 
compressive tissue strain.   

















Cartilage disk 1 Cartilage Disk 2 Cartilage Disk  3 Cartilage Disk  4 
Figure 64: Absolute morphometric measurements for each individual chondrocyte (n=37) in the superficial zone of each of the four bovine cartilage disks (1-4 = left to right 
columns) at the selected compressive strain levels of 0 %, 10 % and 15 %; (A, B, C, D) chondrocyte volume and (E, F, G, H) sphericity. Dotted line in (E, F, G, H) indicates 
the value of a prefect sphere. Chondrocyte volume appeared to decrease with application of compressive tissue strain. Sphericity remained consistent in all cartilage disks, 
apart from chondrocytes in Cartilage Disk 2 where sphericity appeared to increase with application of compressive tissue strain.  
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4.4.3.2 Mean values ± SD of and Percentage (%) Change in Morphometric 
Measurements Compared to Baseline (Zero Strain) for All Chondrocytes 
in Each of the Four Cartilage Disks Following Application of Compressive 
Strains 
Changes in chondrocyte length, width, height, volume and sphericity for all chondrocytes 
(n=37) in the superficial zone of each of the four bovine cartilage disks following application of 
10 % and 15 % compressive tissue strains are shown as mean values ± SD in Figure 65 and 
Figure 66 and percentage (%) compared to baseline (zero strain) in Figure 67 and Figure 68. 
The population means and % change (from zero strain) of each morphometric parameter for all 
chondrocytes in each of the four cartilage disks at each strain level were statistically tested to 
determine any significant differences in the dimensions.  
The application of compressive tissue strains of 10 % and 15 % had significant observable 
effects on the morphology of chondrocytes. Mean values of length and width for chondrocytes 
in each of the four cartilage disks decreased with applied compressive tissue strain, with the 
decrease being statistically significant in Cartilage Disk 1, 2 and 4, and Cartilage Disk 1,3 and 
4, respectively (Figure 65A-D). Chondrocytes in Cartilage Disk 1 obtained a significant 
decrease in length, from an average of 13 ± 1.1 µm at 0 % strain to 12.4 ± 1.5 µm at 10 % 
applied tissue strain (p <0.05, Figure 65A) which corresponds to a percentage change of -4.7 % 
(p <0.05, Figure 67A). The width significantly reduced, from a mean value of 8.5 ± 0.7 µm at 
the uncompressed tissue state to 7.5 ± 1.1 µm and 7.4 ± 0.9 µm at 10 % and 15 % applied 
strains, respectively (p <0.05 and p <0.01, Figure 65A). The corresponding percentage change 
in width compared to baseline (zero strain) were -12.3 % and -12.4 % at 10 and 15 % tissue 
strains, respectively (p <0.05 and p <0.01, Figure 67A). In Cartilage Disk 2, a significant 
decrease in mean length value was observed, reducing from 13.4 ± 0.9 µm at 0 % applied strain 
to 11.2 ± 0.7 µm and 11 ± 0.7 µm at 10 % and 15 % applied strains, respectively but with no 
significant change in mean width with applied compressive tissue strain (p <0.0001 and p 
<0.001, Figure 65B). The corresponding percentage change in mean length compared to 
baseline (zero strain) were -16.6 % and -17.4 % at 10 and 15 % tissue strains, respectively (p 
<0.0001 and p <0.001, Figure 67B). In contrast, chondrocytes in Cartilage Disk 3 showed a 
significant decrease in mean width at each strain level (10 % and 15 %), from a mean value of 
9.4 ± 1 µm at the uncompressed tissue state to an average of 7.9 ± 0.9 µm and 7.6 ± 0.9 µm at 
10 % and 15 % applied tissue strains, respectively, but no significant changes were observed in 
mean length with applied compressive tissue strain (p <0.0001, Figure 65C). The corresponding 
percentage decrease in mean width compared to baseline (zero strain) were -15.6 % and -19.4 % 
at 10 and 15 % tissue strains, respectively (p <0.0001, Figure 67C). In Cartilage Disk 4, length 
significantly decreased from a mean of 13.5 ± 2.1 µm at the uncompressed tissue state to 11.8 ± 
1.9 µm  and 11.2 ± 2 µm at 10 % and 15 % applied tissue strains (p <0.01, Figure 65D), along 
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with a significant reduction in width between 0 % and 15 % applied tissue strains, from a mean 
of 9.2 ± 1.5 µm to 7.2 ± 0.4 µm (p <0.05). The corresponding percentage change in mean length 
compared to baseline (zero strain) were -12.5 % and -17.2 % at 10 and 15 % tissue strains, 
respectively, (p <0.01, Figure 67D) and the percentage change in mean width compared to 
baseline (zero strain) was -19.4 % at 15 % tissue strain (p <0.05). 
Reduction in mean values of height for chondrocytes in each of the four cartilage disks were 
observed following application of compressive tissue strain (Figure 65E-H). This decrease was 
statistically significant in all cartilage disks and at all applied strain levels, expect between 10 % 
and 15 % tissue strains in Cartilage Disk 1 and 4 (p <0.01, Figure 67E-H). Mean values of 
chondrocyte height in Cartilage Disk 1-4 significantly decreased from 8.5 ± 1.3 µm, 11.1 ± 1.1 
µm, 9.4 ± 1.5 µm, 10.9 ± 1.3 µm at the uncompressed tissue state to 6.9 ± 1.2 µm, 8.7 ± 0.7 µm, 
7.3 ± 1 µm, 7.2 ± 0.2 µm at 10 % applied tissue strain (p <0.01) and 6.8 ± 1 µm, 8 ± 0.7 µm, 6.9 
± 1 µm, 6.7 ± 0.4 µm at 15 % applied tissue strain, respectively (p <0.001).  
The corresponding percentage change in mean height for chondrocytes in each of the four 
cartilage disks are shown in Figure 67E-H. In Cartilage Disk 1, the height of chondrocytes 
significantly decreased from baseline (zero strain) by 19.6 %  and 19.5 % at 10 % and 15 % 
tissue strains, respectively (p <0.0001, Figure 67E). The significant percentage drop in 
chondrocyte height compared to baseline (zero strain) in Cartilage Disk 2 was by 21.6 % at 10 
applied tissue strain and 27.6 % at 15 % applied tissue strain (p <0.0001, Figure 67F). The 
percentage change in chondrocyte height from baseline (zero strain) in Cartilage Disk 3 was 
decreased by 22.3 % and 26.3 % at 10 % and 15 % tissue strains, respectively (p <0.0001, 
Figure 68G). In Cartilage Disk 4, the height of chondrocytes significantly decreased from 
baseline (zero strain) by 33.6 % and 37.9 % at 10 % and 15 % tissue strains, respectively (p 
<0.001 and p <0.0001,Figure 68H). The magnitude of percentage change in chondrocyte height 
compared to baseline (zero strain) appeared to vary across the cartilage disks, with chondrocytes 
in Cartilage Disk 1,2, 3 and 4 significantly dropped by an average of 19.5 %, 27.6 % and 26.3 % 
and 37.9 %, respectively, following application of 15 % compressive tissue strain (p <0.0001, 
Figure 67E-H). A greater change in chondrocyte height was observed from the uncompressed 
state to 10 % applied strain compared to between10 % and 15 % strain in all cartilage Disks 
(Figure 67E-H). 
Figure 66A-D shows the mean volume values for chondrocytes in each of the four cartilage 
disks decreased with applied compressive tissue strain. Volume reduction was statistically 
significant in all cartilage disks and at all applied strain levels, expect between 10 % and 15 % 
applied tissue strains in Cartilage Disk 1 (p <0.05, Figure 66A-D). Mean values of chondrocyte 
volume in Cartilage Disk 1-4 significantly decreased from 490 ± 108 µm3, 486 ± 134 µm3, 579 
± 102 µm3, 599 ± 256 µm3at the uncompressed tissue state to 413 ± 98 µm3, 374 ± 98 µm3,  556 
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± 86 µm3, 446 ± 168 µm3 at 10 % applied tissue strain and 429 ± 114 µm3, 345 ± 77 µm3, 517 ± 
75 µm3, 386 ± 150 µm3 at 15 % applied tissue strain, respectively (p <0.05). 
The corresponding percentage change in mean volume for chondrocytes in each of the four 
cartilage disks are shown in Figure 68A-D. In Cartilage Disk 1, the volume of chondrocytes 
significantly decreased from baseline (zero strain) by 15.8 %  and 13.4 % at 10 % and 15 % 
tissue strains, respectively (p <0.0001 and p <0.01, Figure 68A). The significant percentage 
drop in chondrocyte volume compared to baseline (zero strain) in Cartilage Disk 2 was by 22.5 
% at 10 applied tissue strain and 27.6 % at 15 % applied tissue strain (p <0.0001, Figure 68B). 
The percentage change in chondrocyte volume from baseline (zero strain) in Cartilage Disk 3 
was decreased by 3.6 % and 10.2 % at 10 % and 15 % tissue strains, respectively (p <0.01 and p 
<0.0001, Figure 68C). In Cartilage Disk 4, the volume of chondrocytes significantly decreased 
from baseline (zero strain) by 17.9 % and 29.9 % at 10 % and 15 % tissue strains, respectively 
(p <0.05 and p <0.001,Figure 68D). Changes in chondrocyte volume appeared to vary across 
four cartilage disks (Figure 68A-D). At 15 % applied tissue strain, percentage change in 
chondrocyte volume compared to baseline (zero strain) was dropped by an average of 13.4 %, 
27.6 %, 10.2 % and 29.9 %  in Cartilage Disk 1, 2, 3 and 4, respectively (p <0.01, Figure 68A-
D). 
Mean values of sphericity remained consistent with no significant different following the 
application of 10 % and 15 % tissue strains, expect in Cartilage disk 1 and 2 (p <0.05, Figure 
66E-H). In Cartilage disk 1, there was a significant increase in chondrocyte sphericity, from a 
mean value of 0.80  ± 0.03 at the uncompressed tissue state to 0.83 ± 0.02 (p <0.05) at 15 % 
applied tissue strain (p <0.05, Figure 66E) which corresponds to a percentage increase of 3.6 % 
(p <0.05, Figure 68E). A significant increase in sphericity was observed in Cartilage Disk 2, 
increasing from an average of 0.77 ± 0.04 at the uncompressed tissue state to 0.81 ± 0.03 and 
0.83 ± 0.02 at 10 % and 15 % applied tissue strains (p <0.05 and p <0.01, Figure 66F) which 
correspond to a percentage increase of  6.5 % and 8.5 %, respectively (p <0.05 and p <0.01, 
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Figure 65: Mean values ± SD of morphometric measurements for all chondrocytes (n=37) in the superficial zone of each of the four bovine cartilage disks (1-4 = left to right 
columns) at the selected compressive tissue strain levels of 0 %, 10 % and 15 %; (A, B, C, D) chondrocyte width and length and (E, F, G, H) height. Mean values of chondrocyte 
width decreased with applied tissue strain, with the decrease being statistically significant in Cartilage Disk 1, 3 and 4. Mean values of chondrocyte length decreased with applied 
tissue strain and a significant difference was seen in Cartilage Disk 1, 2 and 4. Significant decrease in mean values of chondrocyte height was observed in all cartilage disks at each 
tissue strain level. 
Statistical differences were performed using one way repeated ANOVA with compressive strain as the between subject factor after data normality was determined. Turkey’s post doc test was 
used for comparison between chondrocytes in the uncompressed state andduring 10 and 15 % compression. The * marking indicates significant differences in length and height measurements 
and the + marking determines statistically significant in width measurements. * and + ≡ p <0.05, ** and  + + ≡ p <0.01, *** and  + + +  ≡ p <0.001, **** and  + + + + ≡ p <0.0001. 































Figure 66: Mean values ± SD of morphometric measurements for all chondrocytes (n=37) in the superficial zone of each of the four bovine cartilage disks (1-4 = left to 
right columns) at the selected compressive tissue strain levels of 0 %, 10 % and 15 %; (A, B, C, D) chondrocyte volume and (E, F, G, H) sphericity. Dotted line in (E, F, 
G, H) indicates the cell shape for a prefect sphere. Significant decrease in mean values of chondrocyte volume was observed with application of 10 % and 15 % 
compressive tissue strains except between 10 % and 15 % strains in Cartilage Disk 1. Mean values of chondrocyte sphericity remained largely consistent irrespective of 
applied tissue strain, apart from a significant increase in Cartilage Disk 1 at 15 % applied tissue strain and in Cartilage Disk 2 at each tissue strain level. 
Statistical analysis was performed using one way repeated ANOVA with compressive strain as the between subject factor after data normality was determined. Turkey’s post doc test 
was used for comparison between chondrocytes in the uncompressed state and during 10 and 15 % compression. * ≡ p <0.05, ** ≡ p <0.01, *** ≡ p <0.001, **** ≡ p <0.0001. 
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Figure 67: Percentage (%) change in morphometric measurements from baseline (zero strain) for all chondrocytes (n=37) in the superficial zone of each of the four bovine 
cartilage disks (1-4 = left to right columns) following application of 10 % and 15 % compressive tissue strains; (A, B, C, D) chondrocyte width and length and (E, F, G, H) height. 
Percentage change in chondrocyte width decreased with applied tissue strain, with the decrease being statistically significant in Cartilage Disk 1, 3 and 4. Percentage change in 
chondrocyte length decreased with applied tissue strain and this was significant in Cartilage Disk 1, 2 and 4. Percentage change in chondrocyte height also significantly decreased 
at each tissue strain level. 
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Statistical analysis was performed using one way repeated ANOVA with compressive strain as the between subject factor after data normality was determined. Turkey’s post doc test was 
used for comparison between chondrocytes at the uncompressed state, during 10 and 15 % compression. The * marking indicates significant difference in length and height measurements 
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Figure 68: Percentage (%) change in morphometric measurements from baseline (zero strain) for all chondrocytes (n=37) in the superficial zone of each of the four 
bovine cartilage disks (1-4 = left to right columns) following application of 10 % and 15 % compressive tissue strains; (A, B, C, D) chondrocyte volume and (E, F, G, 
H) sphericity. Percentage change in chondrocyte volume significantly decreased with applied tissue strain. Significant increase in percentage change in chondrocyte 
sphericity was only observed in Cartilage Disk 1 at 15 % applied tissue strain and in Cartilage Disk 2 at each tissue strain level. 














Statistical differences were performed using one way repeated ANOVA with compressive strain as the between subject factor after data normality was determined. Turkey’s 
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4.4.3.3 Morphometric Measurements Presented as Mean values ± SD and 
Percentage (%) Change Compared to Baseline (Zero Strain) for All 
Chondrocytes Combined in Each Cartilage Disk Following Application of 
Compressive Strains  
Changes in chondrocyte length, width, height, volume and sphericity for all chondrocytes 
(n=37) in the superficial zone combined from all bovine cartilage disks (n=4) following 
application of 10 % and 15 % compressive tissue strains are shown as mean values ± SD and % 
change compared to baseline (zero strain) in Figure 69 and Figure 70.  
The mean value of length for all chondrocytes (n=37) combined in each cartilage disk 
significantly reduced at each strain level (10 % and 15 %), from an average of 13.3 ± 1.1 µm at 
the uncompressed tissue state to a mean of 12.3 ± 1.5 µm and 12.1 ± 1.6 µm at 10 % and 15 % 
applied tissue strains, respectively (p <0.0001, Figure 69A). The corresponding significant 
percentage drop in length compared to baseline (the uncompressed tissue state) were 7.7 % and 
9.1 % at 10 and 15 % tissue strains, respectively (p <0.001 and p <0.0001, Figure 69D). The 
mean width value for all chondrocytes combined from all cartilage disks significantly decreased 
from a mean of 9.1 ± 1.1 µm at the uncompressed state to an average of 7.9 ± 0.9 µm and 7.7 ± 
0.8 µm at 10 % and 15 % applied tissue strains, respectively (p <0.0001, Figure 69B). The 
width of chondrocytes significantly decreased compared to baseline (zero strain) by 12.1 % and 
14.6 % at 10 % and 15 % applied tissue strains, respectively (p <0.0001, Figure 69E).  
The overall mean value of height for 37 chondrocytes from all cartilage disks significantly 
reduced at each strain level (10 % and 15 %), from an average of 9.9 ± 1.7 µm at the 
uncompressed tissue state to a mean of 7.6 ± 1.1 µm and 7.2 ± 1 µm at 10 % and 15 % applied 
tissue strains, respectively (p <0.0001, Figure 69C). The corresponding percentage decrease in 
height compared to baseline (zero strain) was 23 % and 26.7 % at 10 and 15 % tissue strains , 
respectively (p <0.0001, Figure 69F) which were greater than the applied tissue strains.  
Figure 70A and Figure 70C shows the mean volume value and percentage change in volume 
compared to baseline (zero strain) for 37 chondrocytes combined from four cartilage disks 
decreased with applied compressive tissue strain. The overall mean value of volume 
significantly reduced from a mean of  533 ± 148 µm3at the uncompressed tissue state to an 
average of 450 ± 127 µm3 and 425 ± 119 µm3 at 10 % and 15 % applied tissue strains, 
respectively (p <0.0001, Figure 70A). The mean volume of chondrocytes was decreased by 14.3 
% at 10 % applied tissue strain and 19 % at 15 % applied tissue strain which were greater than 
the applied tissue strains and the reduction was statistically significant at both applied cartilage 
strains (p <0.0001, Figure 70C). 
The overall mean value of sphericity for all chondrocytes combined in each cartilage disk 
significantly increased from an average of 0.80  ± 0.04 at the uncompressed state to a mean of 
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0.82 ± 0.04 and 0.83 ± 0.03 at 10 % and 15 % applied strain (p <0.05 and p <0.01, Figure 70B) 
which correspond to a percentage increase of  3 % and 3.6 %, respectively (p <0.05 and p <0.01, 
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Figure 69: Morphometric measurements for all chondrocytes (n=37) in the superficial zone combined from all bovine cartilage disks (n=4) following application of 10 % 
and 15 % compressive tissue strains; (A, D) chondrocyte length, (B, E) width and (C, F) height. The data is presented in (A, B, C) mean values and (D, E, F) percentage 










Statistical differences were performed using one way repeated ANOVA with compressive strain as the between subject factor after data normality was determined. Turkey’s post 
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Figure 70: Morphometric measurements for all chondrocytes (n=37) in the superficial zone combined from all bovine cartilage disks (n=4) following application of 10 % and 
15 % compressive tissue strains; (A, C) chondrocyte volume and (B, D) sphericity. The data is presented in (A, B) mean values and (C, D) percentage change from baseline 
(zero strain). Dotted line in (B) indicates the cell shape as a prefect sphere. The chondrocytes combined in each cartilage disk showed chondrocyte volume significantly 









Statistical differences were performed using one way repeated ANOVA with compressive strain as the between subject factor after data normality was determined. Turkey’s post doc 
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4.5 Discussion 
The aim of this study was to use a novel compression device and a dual live cell staining 
method of Hoechst 33342 and CellMask Green plasma membrane stains (as described in 
Chapter 2 and Chapter 3, respectively) specifically developed to allow observation of 
chondrocytes in real time under confocal microscopy to determine the chondrocyte deformation 
behaviour in the superficial zone of bovine cartilage disks under zero, 10 % and 15 % applied 
tissue compressive strains in order to address the relationship between applied tissue 
deformation and cellular strain. Native bovine cartilage disks were used in this study as a 
readily available cartilage source prior to moving on to determining the effect(s) of incremental 
applied compressive tissue strain on cell deformation behaviour in engineered constructs 
(Chapter 5). Prior to the experiment, the effect of culture duration on chondrocyte metabolism 
and viability were accessed by XTT reduction assay and Live/Dead ® staining. Due to cartilage 
disks not being imaged immediately after harvest and being cultured for up to 3 days, it was 
necessary to assess whether the chondrocytes were viable before live cell imaging and if the 
length of culture duration would affect chondrocyte metabolism and viability within cartilage 
disks. In addition, it was also necessary to determine the potential errors introduced in the 
morphometric measurements by photobleaching of the CellMask Green plasma membrane stain 
prior to the experiment because photobleaching effects could affect the accuracy of acquired 
quantitative data from images. Thus, due to requiring to image the a sample three times at the 
strains stated above, three sequential images of selected chondrocytes from the superficial zone 
of cartilage disks were acquired under non-loaded condition and cell volume measurements 
were performed on the selected chondrocytes in all repeated images captured in each cartilage 
disk to determine any dimensional changes in the morphometric measurements introduced by 
photobleaching.    
4.5.1 The Effect of Culture Duration on Chondrocyte Metabolism and 
Viability within Native Cartilage  
For practical reasons, all native bovine cartilage disks not tested immediately after harvest were 
cultured in DMEM/F12 medium at 37ºC for up to 3 days until the time of live cell imaging. 
Prior to experimentation, it was necessary to check cell viability within the cartilage disks in 
culture under growth medium following harvest and monitor whether culture duration would 
affect cell metabolism and viability, because this could have a direct influence on cell behaviour 
and consequent cell measurements in both loaded and non-loaded conditions.    
Cell viability is normally defined by the integrity of cell membrane and/or the cell’s metabolic 
activity [269]. In the current study, the effects of culture duration on cell viability within native 
cartilage was analysed by XTT reduction assay and Live/Dead ® staining [267], [268]. It was 
found that consistent values for XTT conversion were recorded and no significant differences 
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were detected between cartilage disks cultured for different time durations, from day 0 to day 3 
(Figure 59). This would indicate that similar levels of cell metabolic activity were detected in all 
cartilage disks, suggesting tissues could be maintained in culture for (at least) up to 3 days 
without a significant effect on cell viability. XTT conversion is dependent on the number of 
viable cells and the reading is based on an average conversation or output from the entire cell 
population. The metabolic activity observed here might be similar after three days but variations 
in cell metabolic rate and cell number in cartilage disks could affect results for this study. There 
could be instances where higher number of chondrocytes metabolising slowly in some cartilage 
disks and lower number of chondrocytes metabolising quickly in other cartilage disks which 
potentially results in similar XTT values. Due to natural variations in the rate of cellular 
metabolism and cell number within cartilage disks, it was necessary to perform XTT assay 
along with Live/Dead ® imaging to complement the observations and help support the XTT data. 
Thus, cell viability of cultured bovine cartilage disks was also evaluated using Live/Dead® 
staining on cartilage slices obtained from the disks. This revealed that at day 0 (freshly 
harvested cartilage), the majority of chondrocytes were alive throughout the depth of the 
cartilage tissue (Figure 60 and Figure 61) and there was a layer of dead or dying chondrocytes 
present on the cut surface (Figure 61). After 1, 2 and 3 days in culture, there were no noticeable 
changes in the Live/Dead® staining pattern of the cartilage, suggesting the chondrocytes within 
the cartilage were still viable in culture for up to 3 days. This was in agreement with the XTT 
data and consequently supports the idea that chondrocyte viability could be maintained in 
cartilage for up to 3 days. The dead chondrocyte layer located at the cut surface could be the 
result of the cutting process in preparing the tissue slices, which would have led to some 
peripheral cell death. It is known that mechanical damage to cartilage can cause cell death 
[269], [272]. Procedures such as harvesting osteochondral plugs by coring, cutting the bone 
ends to harvest cartilage disks (described in Section 4.2.1) and cutting cartilage disks to produce 
cartilage slices (described in Section 4.3.2) would have resulted to inevitable damage to the cells 
and the ECM at the cut periphery. In addition, there was a suggestion that there were relatively 
greater numbers of red stained (dead) chondrocytes in the 3 day cultured cartilage (Figure 61H), 
perhaps cell viability started to decrease but this was a qualitative observation only and was not 
supported by the quantitative data. 
The results here suggest that incubation of bovine cartilage disks in DMEM medium maintains 
chondrocyte viability and metabolism for up to 3 days after harvesting. In earlier studies, tissue 
and cell viability have been investigated in cartilage explants for long-term culture [269], [273]–
[275]. However, it is difficult to compare the observation in the present study with previous 
studies because of the differences between source of cartilage, methods of harvesting, size of 
explants, medium and culture times used. In an attempt to evaluate the approach of non-invasive 
monitoring of tissue viability in long-term ex vivo organ culture model of osteochondral tissue, 
healthy, induced cell apoptosis and induced cell necrosis porcine femoral osteochondral plugs 
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were cultured in DMEM medium for 20 days and molecular markers, such as glucose, lactate 
dehydrogenase (LDH), alkaline phosphatase (AP), glycosaminoglycans (GAGs), and matrix 
metalloproteinase (MMP-2 and MMP-9), in the organ culture conditioned medium were used to 
indicate changes in tissue viability along with the commonly used methods (XTT assay and 
Live/Dead imaging) [269]. It was found that chondrocytes within healthy osteochondral tissue 
did not lose membrane integrity and tissue viability was sustained in culture for up to 20 days. 
In a study by Bain et al. (2008) [273], the use of serum-free chondrogenic medium to preserve 
allografts of articular cartilage and maintain the native mechanical and biochemical properties in 
long-term culture was investigated. Juvenile bovine cartilage explants (both chondral and 
osteochondral) extracted from the femoral condyles remained stable following culture in serum-
free chondrogenic medium for up to 6 weeks, with no changes in the mechanical properties, 
biochemical content and cell viability. In another study, osteochondral plugs extracted from the 
bovine metacarpalphalangeal joints was used to investigate the metabolic dynamics of cartilage 
explants following harvest and culture in vitro over a long-term period [275]. Biochemical 
properties (i.e. cell viability, cell number, proteoglycan (PG) content and collagen content) of 
the harvested osteochondral plugs were maintained over a cultured period of up to 17 days, with 
the biochemical changes remained the most stable between Day 2 and Day 10 of the culture 
period. Although it is difficult in comparing and contrasting data obtained using different 
experimental parameters, the results in the present study and earlier findings suggest cell 
viability in harvested cartilage disks could be sustained in vitro for a period of 3 days under 
culture and therefore cartilage disks cultured up to a maximum 3 days were used in this study.   
4.5.2 Volume Changes of Chondrocytes in Uncompressed Native Cartilage 
Following Repeated Confocal Scans 
Having established that harvested cartilage disks remained viable in vitro for up to 3 days, it 
was then necessary to determine any dimensional changes in the morphometric measurements 
introduced by photobleaching of the stains prior to the cell deformation experiment in cartilage 
disks.   
In Chapter 3, the ability of Hoechst 33342 and CellMask Green plasma membrane stains to 
retain fluorescent signals in native cartilage disks during and after tracking selected 
chondrocytes on multiple confocal scans was investigated. Few photobleaching effects were 
detected following the capture of three sequential volume images of chondrocytes in 
uncompressed native cartilage. Photobleaching would result in loss of fluorescent signal and 
consequent detail for cell morphology, and therefore could potentially affect the accuracy in 
obtaining quantitative data on cell deformation from collected images. In this chapter, 
quantitative analysis (i.e. chondrocyte volume measurement) was conducted on repeated 
confocal volume images of chondrocytes in uncompressed bovine cartilage disks.  
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Changes in chondrocyte volume in uncompressed bovine cartilage disks were noted after the 
capture of three repeated confocal images (Figure 62). There was a significant decrease in 
normalised chondrocyte volume for the same chondrocytes between the images, reducing by 2.1 
% and 4.5 % between Image 1 and Image 2, and Image 1 and Image 3, respectively (p <0.0001 
and p <0.001, Figure 62). This indicated that photobleaching had potentially affected the 
morphometric measurements as hypothesised. Although the drop in measured chondrocyte 
volume was statistically significant, the overall morphology of the chondrocyte was relatively 
stable over the capture of three repeated images with only minor errors introduced by the 
staining method.  
Photobleaching of fluorescent stains is a commonly known problem when conducting 
morphometric measurements over repeated scans. Several previous studies investigated the 
effect of compressive strain on chondrocyte deformation in native cartilage have taken into 
account of the potential error that photobleaching might introduce to morphometric 
measurements over repeated scans. Prior to a study that quantified the 3D changes in 
chondrocyte morphology in cartilage explants by Guilak et al. (1995) [87], changes in 
chondrocyte volume with repeated confocal scans were determined in uncompressed cartilage in 
order to assess whether photobleaching of the fluorescent stain introduced error into the 
morphometric measurements. No significant changes in volume were observed over five 
repeated scans during an hour period, which indicated that the morphology of chondrocytes was 
relatively stable over the duration of the experiment and that photobleaching had minimal effect 
on the morphometric measurements. An in situ intact rabbit cartilage study on superficial zone 
chondrocyte deformation under compressive tissue strains (0-80 %) by Madden et al. (2013) 
[85] carried out a separate experiment similar to that conducted by Guilak to examine the 
photobleaching effects on morphometric measurements. It was found that a small amount of 
chondrocyte volume was lost that might be attributed to photobleaching even though this effect 
was not statistically significant. However, Madden believed that it may have contributed to the 
final quantitative measurements. Nevertheless, it is important to take into account of the 
potential error that photobleaching might introduce to measurements. Thus, the measurement 
errors associated with the staining method in this thesis was taken into account for 
morphometric measurements as a limitation of the staining method. 
4.5.3 The Effect of Incremental Compressive Tissue Strains on 
Chondrocyte Deformation in Native Cartilage  
The deformation behaviour of chondrocytes has been investigated extensively in cartilage 
explants under static compression [21], [51], [87], [133]–[138], [210]. However, to the author’s 
best knowledge, no study has managed to track the same population of live chondrocytes and 
determine the 3D morphological changes in non-fixed and non-cut cartilage disks during 
different compressive strain levels. Thus, the aim of this study was to determine the 
- 163 - 
chondrocyte deformation behaviour within the superficial zone of non-fixed bovine cartilage 
disks during different compressive tissue strain levels in equilibrium conditions and compare 
this to previous studies in the literature in order to verify the method prior to cell deformation 
experiments in tissue engineered constructs. Changes in chondrocyte 3D morphology were 
examined in response to incremental compression of bovine cartilage disks by tracking and 
making morphometric measurements of the same population of chondrocytes at 0 %, 10 % and 
15% applied compressive tissue strains. Incremental static compressive tissue strain values of 
10 % and 15 % were used in this study to conform within the physiological range of native 
cartilage strains in vivo of between 0 % and 30 % [130], [210], [264]. In addition, these strain 
levels have been used in other studies in the literature and this would allow for more meaningful 
comparison of results [85], [87], [137], [144]. Only cells that had clear cell boundaries were 
analysed for cell deformation quantification.  
Cartilage disks stained Hoechst 33342 and CellMask Green plasma membrane stains (described 
in Section 4.3.3) were placed in to the newly developed device (see Chapter 3) and viewed 
under confocal microscopy at the selected levels. After an equilibration period of 30 mins in 
each case, confocal volume images of the same chondrocytes in the superficial zone of cartilage 
disks was acquired sequentially and Amira software used to quantitate chondrocyte 
morphometric parameters including: cell length, width, height, volume and sphericity (see 
Section 4.3.6.2 for full methodology). Cell morphometric data was collected for 6 to 11 
chondrocytes per cartilage disk and from four cartilage disks from the patellofemoral groove of 
two bovine knee joints. A total of the same 37 cells from four cartilage disks under the selected 
strain levels were analysed for chondrocyte deformation quantification. These measurements 
will serve as a baseline for more physiologically-relevant dynamic studies in the future beyond 
this thesis.  
In the present study, the morphology of the superficial zone chondrocytes in the uncompressed 
state within bovine cartilage disks were similar with the findings in previously reported studies 
on different articular cartilage sources (discussed later within this section). The major finding of 
this study showed that chondrocytes underwent significant changes in morphology, size and 
volume following application of compressive tissue strains. The most prominent effects on 
morphology were changes in cell height and volume while changes in lateral dimensions (cell 
length and width) and sphericity were much smaller. The chondrocyte deformation response 
observed in this study is likely influenced significantly by the structure and composition of the 
ECM and pericellular matrix (PCM) surrounding the chondrocyte and the chondrocyte itself. 
Under compressive loading, chondrocytes perceive alterations in their local mechanical 
environment through direct stress transmission from the ECM to the chondrocytes causing them 
to restructure their cytoskeleton and deform accordingly [87], [95]. 
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Application of compressive tissue strains resulted in changes in chondrocyte height and volume. 
A significant decrease in cell height was observed in chondrocytes in all cartilage disks (p<0.01, 
Figure 65E-H). The overall chondrocyte height reduced from an average of 9.9 ± 1.7 µm in the 
uncompressed tissue state to a mean of 7.2 ± 1 µm at 15 % applied tissue strain (Figure 69C). 
The magnitude of overall reduction in chondrocyte height were 23 % and 26.7 % under 10 % 
and 15 % compressive tissue strains (Figure 69F). Reduction in chondrocyte height was perhaps 
to be expected as the measurements were recorded in the same (z axis) direction as the applied 
compressive strain. The chondrocyte height change under compression of cartilage can be used 
as an indication of axial cellular compressive strain. Compression of native cartilage also 
resulted in a significant reduction in chondrocyte volume (p <0.0001, Figure 70A and Figure 
70C). The overall volume of chondrocytes was decreased from an average of 533 ± 148 µm3 in 
the non-loaded tissue state to a mean of 425 ± 119 µm3 at 15 % strain (Figure 70A). Volume 
was reduced by 14.3 % and 19 % at 10 % and 15 % applied tissue strains, respectively (Figure 
69C) and were statistically significant at both applied strains. 
A greater change in height was observed from the uncompressed state when 10 % compressive 
strain was applied compared to the difference in height associated with an increase from 10 % 
and 15 % strain in all cartilage disks (Figure 69C and Figure 69F). This suggests greater cell 
deformation occurs when greater tissue strain is applied. Compression of cartilage would be 
expected to generate internal stresses that are withstood by the ECM, resulting in deformation 
and a substantial amount of mechanical stress would be presumably transmitted to the PCM and 
chondrocytes [276]. It therefore seems reasonable to hypothesise that a greater degree of applied 
tissue strain would result in larger cellular strain.  
The changes in chondrocyte height and volume were greater than the applied tissue strains, 
indicating a significant change in chondrocyte morphology in the superficial layer of 
compressed native cartilage. This illustrates the low compressive modulus of superficial layer 
relative to the other zones, resulting in greater matrix deformation and consequently larger 
changes in height and volume under compressive tissue strains; i.e. overall cartilage 
deformation is not uniform throughout its cross-section with the superficial zone deforming 
more than the average overall deformation. The significant reduction in chondrocyte volume 
also demonstrated chondrocyte has the ability to regulate their cytoplasmic volume in response 
to changes in osmotic and mechanical environment surrounding it. Differences in ECM 
biochemical composition and ultrastructure between the zones directly influences the 
mechanical properties throughout the tissue depth (as described in Section 1.4) [146], [148] and 
therefore explains why the superficial zone would deform more and consequently backing up 
the significant reduction in chondrocyte height and volume observed in this study. 
The superficial zone of articular cartilage has several unique structural features which contribute 
to its low compressive modulus relative to the middle and deep zone (as described in Section 
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1.2) [51]. The collagen fibres are oriented parallel to the articular surface compared to a 
perpendicular orientation in the deep zone [51]. The proteoglycan concentration is lower in the 
superficial zone than the deep zone [51]. In addition, the superficial ECM is characterised by 
higher permeability than the other zones [51]. Due to the unique superficial structural features, 
lateral fluid exudation would occur more easily under cartilage compression in the surface 
compared with the other zones [51]. Thus, the ECM in the superficial layer is typically the most 
compliant and bears a large proportion of the deformation for physiologically relevant tissue 
strains (10 % - 30 % strain), resulting in greater matrix deformation (higher local ECM strain 
causes greater cell fluid exudation) and consequently a larger reduction in chondrocyte height 
and volume as observed in this study [51], [85].  
The findings in this study correspond with the previous measurements of the zonal variation in 
chondrocyte shape recorded in cartilage explants [87], [137] under unconfined static 
compressions which showed reduction in chondrocyte height and volume with increasing 
compressive tissue strains. The findings in a study by Choi et al. (2007) [137] demonstrated that 
cell compressive strains were 27 %, 21 % and 2.2 % in the superficial, middle and deep zones, 
respectively, when a porcine cartilage explant was subjected to 10 % applied strain. In Guilak’s 
study, chondrocyte height was shown to reduce by 25.6 %, 18.8 % and 20.7 % and volume were 
dropped by 21.8 %, 15.5 % and 17.5 % in the superficial, middle and deep zones of canine 
cartilage explants, respectively, under 15 % tissue strain [87]. These studies have provided 
evidence of the complex and inhomogeneous mechanical environment surrounding 
chondrocytes within native adult articular cartilage [87], [137]. The magnitude of the 
morphological changes in chondrocytes under compressive loading was reported to be highly 
dependent on the depth of the tissue, with highest deformation in the superficial zone and lowest 
in the deep zone. This was consistent with the significantly greater local ECM strain recorded in 
the superficial layer compared to the middle and the deep zones [87], [137]. Although cell 
morphology measurements were not recorded in the middle and deep zone in this current study, 
the large reduction in chondrocyte height and volume observed in this study is consistent with 
previous measurements under static compression in the superficial layer of cartilage explants, 
therefore it is in general agreement that greatest cell deformation occur in the superficial zone 
[87], [137].  
The effects of compressive tissue strain on the lateral measurements (i.e. length and width) and 
sphericity were less prominent compared to the findings in height and volume of the 
chondrocytes. The changes in chondrocyte lateral dimensions within the cartilage disks are 
shown in Figure 65A-D and Figure 67A-D. The overall trend of the lateral changes of 
chondrocytes showed chondrocyte length and width to decrease (Figure 69). The absolute 
magnitude of change in sphericity was very small, with sphericity increasing from 0.8 ± 0.04 at 
0 % strain to 0.82 ± 0.04 and 0.83 ± 0.03 at 10 % and 15% applied tissue strain, respectively, 
and this does not reflect a drastic change in cell shape (Figure 70B). Taken together the 
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sphericity data for cell shape was relatively consistent between the uncompressed and 
compressed states. There was a significant increase in sphericity between 0 % and 10 % applied 
strains and between 0 % and 15 % applied strains which were 3 % and 3.6 %, respectively 
(Figure 70D). Given the photobleaching effect introduced measurement errors (2.1 % and 4.5 
%) to the deformation data measured between confocal images captured at 0 %, 10 % and 15 % 
applied strain (discussed in Section 4.5.2), it may have contributed to the variance observed in 
sphericity. Taken together all the deformation metrics, it appeared that chondrocytes maintained 
a similar shape but only partially maintained their size (decrease in length, width, height and 
volume but maintain sphericity) in response to unconfined compressive static strains. 
The observed overall changes in the morphology of superficial zone chondrocyte (decrease in 
length, width, height and volume but maintain sphericity) within bovine cartilage disks 
subjected to compressive tissue strains are believed to be attributed to the local matrix 
environment around the chondrocytes. The local matrix composition and structure play an 
important role in influencing the mechanical properties of the superficial zone of cartilage and 
consequently affects the micromechanical environment surrounding the chondrocytes. In 
particular, the interaction between the collagen network and the swelling (fluid) pressure 
(generated by negative charges from the PGs and the ionic constituents of the synovial fluid) 
within the ECM directly influence the stresses, strains and fluid flow in and around the 
chondrocytes and, therefore, would play a significant role in the mechanical response of 
chondrocytes under compressive loading [95], [148]. However, the deformation response of 
chondrocytes observed in this study cannot be solely explained by the ECM ultrastructure, 
composition and the mechanical properties of the superficial zone. Earlier studies showed that 
PCM modulates cell deformation and volume changes during cartilage compression [85], [95], 
[137], [146], [148]. The PCM is believed to play an important role in controlling the 
biomechanical environment in and around chondrocytes under mechanical and osmotic loading 
conditions by transmitting and transforming mechanical signals from the ECM to the 
chondrocytes [147], [148]. PCM is a narrow region rich in negatively charged PGs (including 
aggrecan, hyaluronan and decorin) and collagen fibres (mainly type IV collagen as well as types 
II and IX collagen) that completely surrounds the chondrocyte [87], [137], [143], [146].  
Previous studies have demonstrated that the ECM and PCM surrounding chondrocytes affect 
the chondrocytes’ ability to regulate their deformation response under mechanical and osmotic 
loading conditions [137], [146], [147]. With the collagen fibres oriented parallel to the articular 
surface and in combination with the swelling (fluid) pressure induced by interplay of mobile 
ions in the physiological interstitial fluid and the negatively fixed charge in the PGs inside the 
ECM and PCM in the superficial zone, internal stresses can exist in the uncompressed tissue 
and induce lateral strain to the chondrocytes [95], [147]. Under static compression of cartilage, 
the tension acting on the collagen fibrils in the ECM would increase [147]. As a consequence, 
this would generate a higher stress environment within the chondrocyte vicinity and, therefore, 
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apply higher lateral strains for the chondrocytes [147]. These conditions would transmit to the 
PCM and produce high tension for the pericellular fibrils, resulting in increased stiffness and 
consequently limit chondrocyte radial expansion [147]. Fluid pressure would also build up 
within the ECM, inside the chondrocytes as well as the PCM surrounding the chondrocytes 
during static compressive loading of cartilage [95], [147]. As a result of cartilage compression 
and as a consequence of an increase in radial strains on the chondrocytes and fluid pressure 
generated within the ECM, PCM and inside the chondrocytes, lateral fluid exudation of the 
tissue would occur in order to reduce the fluid pressure in the local ECM [95]. This would lead 
to the fluid inside the chondrocyte to escape, resulting in a decrease in chondrocyte axial 
diameter (height) and volume which highly likely complement with the observed findings in 
this study [95].  
During the stress relaxation period (where tissue is kept under a constant strain condition for 
some finite interval of time), the ECM has been reported to recoil to almost its original 
dimensions and induced chondrocytes to recoil laterally in a similar manner under an 
equilibrium compressive state [95]. Likhitpanichkul et al. (2005) [95] found that the ECM 
expanded laterally as a result of tissue lateral fluid exudation during the application of 
unconfined compression and caused the chondrocyte to expand laterally while being axially 
compressed [95]. This resulted in a slight increase in ECM volume since the lateral expansion 
dominated the axial compression [95]. The ECM then recoiled to almost its original dimension 
gradually until it reached an equilibrium state, inducing the chondrocytes to recoil laterally in a 
similar manner [95]. As a result of the recoiling process of the tissue under static compression, 
chondrocytes would be exposed to high tension due to the radial diameter being compressed by 
the stiff collagen fibrils, in combination with the stiff ECM due to high fluid pressure and, thus, 
increased high lateral strain [95]. The chondrocyte lateral deformation was therefore speculated 
to be highly influenced by the magnitude of fluid pressure within the ECM (which is relative to 
the permeability of ECM) that acts on the chondrocytes [95]. In addition to the recoiling of 
chondrocytes, this would force more fluid inside the chondrocytes to exudate, resulting in 
further reduction in volume [95]. The amount of recoiling chondrocyte radial diameter would 
partly influence the magnitude in chondrocyte volume changes. 
Theoretical models found that the chondrocyte deformational response was also further dictated 
by the mechanical properties of PCM and the chondrocyte itself [95], [147]. The models 
demonstrated that ‘Stiff’ PCM (with high fixed charge density induced by the PGs and stiffer 
pericellular fibrils) further decreased chondrocyte height and exerted greater lateral compression 
to the chondrocytes due to high swelling pressure which caused chondrocyte lateral strain to 
increase and recoiled the radial diameter beyond its original dimensions compared to ‘less stiff’ 
PCM with lower fixed charge density (lower swelling pressure) and collagen fibril stiffness 
[95], [147]. The stiffness of the chondrocyte itself also had an effect on the deformation 
behaviour [95]. Chondrocytes with lower Donnan osmotic pressure was found to modulate to 
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behave like a softer material and, therefore, the (lateral and axial) deformation was larger 
compared to those with higher Donnan osmotic pressure [95]. Thus, the effect on cell 
deformation of PCM and the mechanical properties of chondrocytes themselves should not be 
neglected and we can assume these effects might have partly contributed to the measurements of 
chondrocyte height, length and width in this study despite the unknown values of the local ECM 
and PCM strains.  
The observed reduction in chondrocyte length and width in this study could therefore be 
attributed to the combination of the characteristic of tissue radial deformation and the 
mechanical properties of PCM and the chondrocyte itself. In addition, the reduction in axial 
diameter caused by the applied compressive strain combined with the recoiling of chondrocyte 
radial diameter (dictated by the permeability of the ECM, the stiffness of PCM and chondrocyte 
itself) may therefore help explain the significant reduction in chondrocyte volume observed in 
this study. The mechanical properties of ECM and PCM should be investigated along with the 
chondrocyte deformation response under compression in future studies.  
There was slight variation in the deformation response of individual chondrocytes within each 
cartilage disk (Figure 63 and Figure 64), suggesting the mechanical environment around the 
chondrocytes differed slightly. The measurements of the cell deformation response were 
recorded on chondrocytes located within a volume of approximately 2.023 cm3 (3D confocal 
image size: 318 x 318 x 20 µm) in each cartilage disk, it can therefore be assumed that there 
was no drastic variation in ECM composition and its mechanical properties within the sample 
area. The observed differences in chondrocyte deformation response could be related to the 
physical properties of PCM and the chondrocyte itself as discussed previously in this section. 
The stiffness of the pericellular matrix and the chondrocyte itself contributes to its ability to 
regulate shape and volume under mechanical and osmotic loading conditions [95], [147]. 
Therefore, slight differences in the PCM structure and composition and the stiffness of the 
chondrocyte may contribute to the differences in chondrocyte deformation observed within each 
cartilage disk in this study.  
There was considerable variation in the deformation response of individual chondrocytes 
between cartilage disks that were harvested from areas within the same joint region (medial and 
lateral patellofemoral groove) (Figure 65-68), suggesting the mechanical environment of ECM 
differed even where cartilage disks were harvested from the same joint region and raising 
questions about the validity of assuming that chondrocytes within a given zone of articular 
cartilage experience the same mechanical loading. One possible reason for the observed 
differences in cell deformation behaviour between cartilage disks harvested from the 
patellofemoral groove could be attributed to the variation in the load, contact area and stresses 
acting on the patellofemoral groove during normal activities [277], [278] giving rise to site-
specific variations in ECM properties and chemistry. The amount of applied joint stresses are 
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variable and depend on the degree of flexion and the amount of weight is put on the ground 
[277]. During articulation between the patellofemoral groove cartilage and the opposing patellar 
cartilage, the patella has movement in multiple planes with contact point (area) changes between 
the two joint surfaces throughout the range of motion and the loads transmitted change too, and 
hence to the different level of applied stresses arising as a result [277]. The stress placed on the 
joint surface is defined as the resultant compression force acting on the joint (which is 
dependent on the joint angle and muscle tension) divided by the patellofemoral joint contact 
area [277]. A high compression force combined with a small contact area would result in high 
joint stress acting on the cartilage surface [277]. In addition, the amount of joint stress acting on 
the cartilage surface depends on the type of activities [277], [278]. Studies have demonstrated 
human applied forces of 1.3 times body weight (BW) during level walking and 5.6 times BW 
during running [279]. Cartilage disks used in this study were harvested from (two) knees of two 
different cattle. The amount/type of activities would vary between the cattle and therefore would 
reflect the difference in the amount in which the patellofemoral joints were stressed. As a 
consequence of variable stress level acting on the patellofemoral groove cartilage throughout the 
range of motion and during different activities, matrix structural differences might have evolved 
and influence the mechanical properties of the local cartilage that consequently affect the 
mechanical environment surrounding the chondrocytes. The observed differences in cell 
deformation behaviour between cartilage disks might also arise from biological variabilities 
among cattle from different ages, cattle breeds and genders. Therefore it seems reasonable that 
the slight different deformation behaviour between cartilage disks harvested from the knees of 
two different cattle could be attributed to biological variation and variation in applied loads and 
stresses in different areas of the patellofemoral grooves.    
4.5.3.1 Morphometric Measurements Comparisons with Previous Chondrocyte 
Deformation Studies 
In the present study, the mean (± SD) length, width, height, volume and sphericity of the 
chondrocytes in the uncompressed state were 13.3 ±1.1 µm, 9.1 ±1.1 µm, 9.9 ±1.7 µm, 533 
±148 µm3 and 0.80 ±0.04, respectively. The uncompressed chondrocyte morphology recorded 
in this study was similar to the findings in previously reported studies on articular cartilage in 
the literature. In a study by Guilak et al. (1995) [87], the length, width, height and volume 
measurements conducted in the superficial area of articular cartilage explants were 15 ±1.6 µm, 
15 ±1.9  µm, 4.8 ±1.8 µm and 876 ±422 µm3, respectively. Another study conducted by Han et 
al. (2010) [145] determined length, width, height and volume to be 11.3 ±0.3 µm, 8.6 ±0.2 µm, 
5.1 ±0.1 µm and 250 ±9 µm3 in intact native cartilage attached to its native bone respectively. A 
mean volume of approximately 500 µm3  was recorded in a study conducted by Choi et al. 
(2007) [137]. The measurements obtained in the current study were the same in magnitude 
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compared to the studies reported in the literature but the absolute values different to other 
studies which were also differed from one another. 
The deformation of chondrocytes observed in this study was compared to those previously 
reported in cartilage explant and intact cartilage under static unconfined 15 % compressive 
strain (Figure 71). Superficial zone chondrocyte deformation from a cartilage explant study by 
Guilak et al. (1995) [87] and an intact cartilage study by Madden et al. (2013) [85] were used 
for comparison with the present study and only the available data (cellular compressive strain 
and volume measurements) are presented. The compressive cell strain and volume were similar 
in the current study compared to that found in the cartilage explant study by Guilak et al. (1995) 
[87] but much greater than that of the intact cartilage study by Madden et al. (2013) [85]. 
The observed differences in the morphometric measurements (at the uncompressed state and 
under 15 % applied tissue strain) may be associated with the use of different species and 
different measurement joint sites [85], [265], [280], [281]. Porcine femoral condyle and canine 
patellofemoral groove cartilage were used in studies of Choi et al. (2007) [137] and Guilak et 
al. (1995) [87], respectively, while (New Zealand White) rabbit retropatellar and femoral 
condyle cartilage were used in studies carried out by Han et al. (2010) [145] and Madden et al. 
(2013) [85], respectively, compared to the bovine patellofemoral groove cartilage used in the 
present study. It has been previously demonstrated that significant differences exist in the 
biochemical composition and the biomechanical properties of ECM among species despite their 
anatomic similarity [280]. Furthermore, the matrix composition and the biomechanical 
properties have been reported to significantly vary in different sites (patella groove and femoral 
condyles) within a patellofemoral joint, possibly due to differing in functional requirements, 
loading patterns and topography of the different sites [280], [282]. Athanasiou et al. (1991) 
[280] tested five species (bovine, canine, human, monkey and rabbit) of knee joint cartilage 
harvested from “high” (lateral and medial femoral condyles) and “low” (patellar groove) load 
Figure 71: Comparison of data (% strain/volume change) obtained in the current study  for 
chondrocyte height strain and volume (black bars) and previous studies using cartilage 
explants(light grey bars) and intact cartilage (dark grey bars). In all cases, results are presented for 
an applied tissue compressive strain of 15 %. 
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bearing areas of the distal femur for their biomechanical properties (aggregate modulus, 
Poisson’s ratio and permeability). The results indicated significant differences in material 
properties between species and sites [280]. The material properties of the patellar groove (high 
permeability, low aggregate modulus and Poisson’s ratio) suggested that it can be compressed 
greater and faster compared to the other tested sites, allowing rapid fluid transport to achieve a 
fast stress distribution under high applied load in order to create a congruent patellofemoral 
articulation [280]. The differences in material properties of articular cartilage among species 
and in different sites of the patellofemoral joint reflect on the differences in matrix biochemical 
composition which consequently affect the local mechanical environment around the 
chondrocytes. Madden et al. (2013) [85] also found that cell deformation was dependent on 
joint site in which chondrocytes from the rabbit femoral condyle and patellar cartilage showed 
different deformation behaviour under tissue compression. Structural differences may have 
likely evolved to adapt mechanically and consequently influence the local cartilage mechanical 
properties [85].  
Another factor that may partly contribute to the observed difference is age. Structural changes 
associated with age include softening of articular surface, a reduction in the amount of 
proteoglycan, and alteration in fibrous structure (fibrillation), leading to a compromised ECM 
with loss of matrix integrity, tensile strength and stiffness [283]. These changes subsequently 
alter the mechanical environment of chondrocytes [145], [147]. The use of different 
measurement methods, such as staining techniques, imaging methods and tissue compression 
methods used (discussed in Section 2.5), could also attribute to the differences in the 
morphometric measurements (at the uncompressed state and under 15 % applied tissue strain).   
The sample preparation (cartilage explants versus intact cartilage attached to its bone) was 
thought to be attributed to the observed differences in cell deformation between the current 
study and the study by Madden et al. (2013) [85] (Figure 71). Intact cartilage attached to its 
bone was used in Madden et al. (2013) [85] compared to cartilage explants used in Guilak et al. 
(1995) [87] and in the current study. It is possible that the tissue integrity in the explant was 
compromised by removing the underlying bone in sample preparation, causing disruption to the 
cartilage matrix and possible loosening to the collagen fibril tension [265]. Consequently, this 
may cause lateral fluid exudation of tissue to occur more easily and allow more fluid inside the 
chondrocyte to escape, resulting in larger cellular compressive stain (greater reduction in cell 
height) and volume changes in cartilage explant observed by Guilak et al. (1995) [87] and the 
current study. 
The observed differences in uncompressed chondrocyte morphometric measurements and the 
magnitude of the differences in chondrocyte compressive strains and volume changes illustrates 
the difficulty in comparing observations in the current study to previous studies due to the use 
of different measurement methods, sample preparation and cartilage harvested from different 
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animals, different joint sites and age of the experimental animals. Nevertheless, the chondrocyte 
deformation data observed in this study was in general agreement with those reported in the 
previous cartilage explant studies [87], [137]. This infers that despite all the variations, such as 
species, activity levels, age and different measurement methods, that there appears to be a range 
of cell deformations within healthy cartilage across all species studied. In addition, this suggests 
that a novel methodology to visualise, image and quantify live cell morphology developed in 
this thesis was capable of determining chondrocyte deformation in compressed native cartilage 
disks. The imaging method lent itself to image analysis to provide quantitative data on cell 
deformation. Thus, the methods used in this study to determine changes in cell morphology will 
be utilised to examine the cell deformation behaviour in tissue engineered constructs under 
compression in order to understand the mechanism behind construct development and to 
optimise construct maturation in the longer term.      
4.6 Conclusion 
To the author’s best knowledge, no study has managed to track the same population of live 
chondrocytes and determine the 3D morphological changes in cartilage disks under different 
compressive strain levels. It is the first time that the superficial zone chondrocyte 3D 
deformation behaviour was determined under incremental compressive tissue strains (10 % and 
15 %) in non-fixed bovine cartilage disks using live cell imaging and a custom designed 
compression device. Chondrocytes underwent significant changes in shape, size and volume in 
response to cartilage compression. These deformational changes were substantially greater than 
the overall applied tissue strains, indicating that large changes in chondrocyte morphology 
might occur in the superficial zone during periods of physiological compressive loading. 
Cartilage in this zone is known to have a lower compressive modulus than other zones in the 
articular cartilage resulting in a consequently greater matrix deformation and larger changes in 
chondrocyte morphology. Chondrocyte deformation was presumed to be largely influenced by 
the local ECM environment as well as partly modulated by the mechanical properties of PCM 
and the chondrocyte itself. Chondrocyte deformation may therefore be considered to be a 
function of applied tissue load and local cartilage matrix structure.  
The findings in the current study were consistent with previous deformation measurements of 
superficial zone chondrocytes in cartilage explants in another specie [87]. The very similar 
deformation measurements across species where the explant method was used lends weight to 
the argument that chondrocyte behaviour perhaps is similar across species. The findings in the 
present study also suggests that a novel methodology to visualise, image and quantify live cell 
morphology developed in this thesis was capable of determining changes in chondrocyte 3D 
morphology in compressed native cartilage disks. The experimental strategy was therefore used 
to examine the cell deformation response in tissue engineered constructs in the later study 
(Chapter 5).  
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Chapter 5 - Effect of Compressive Strains on Cell Deformation in 
Cartilage Constructs 
Having developed a staining method used for live cell confocal imaging to label and visualise 
cells within 3D native and tissue engineered cartilage, a novel compression device for tissue 
strain application and a custom workflow on Amira software capable for cell deformation 
quantification analysis, this chapter investigates the effects of incremental compressive strains 
on the deformation behaviour of live synoviocytes within cartilage constructs developed at 
different time points, in an attempt to better understand the mechanism behind the construct’s 
development and to address the relationship between the applied tissue strain and cellular 
strain. Constructs were created using the mechanical loading method developed by Finlay et al. 
(2016) [1]; bovine synoviocytes were dynamically seeded on PET scaffolds followed by 
incubation in chondrogenic culture for 4 weeks before being subjected to cyclic compressive 
loading for an hour at 1 Hz, 5 days per week for 28 or 56 days. The maturation of constructs 
were analysed by collagen, sulphated glycosaminoglycan (sGAG) and DNA content, dynamic 
compressive modulus, histological staining characteristics (Alcian blue / Sirius red) and 
immunohistochemical staining characteristics (collagen type I and collagen type II). Confocal 
images of randomly selected synoviocytes were captured (i) at zero strain, (ii) an estimated 
percentage in applied compressive strain during mechanical loading in the bioreactor and (iii) 
28 % applied compressive strain for both loaded and non-loaded constructs developed at 
different time points (Day 0, 28 and 56). Synoviocyte deformation quantification was conducted 
on the randomly selected synoviocytes in loaded and non-loaded constructs after 56 days of 
culture using Amira software. Synoviocyte morphometric parameters included cell length, 
width, height, volume and sphericity. The constructs developed in this study revealed only a 
small amount of cartilage-like matrix (according to collagen content, sGAG content, 
histological and immunohistochemical staining) in comparison to those in Finlay et al. (2016) 
study which resulted in correspondingly low compressive modulus. The primary reason for the 
differences could be related to the starting thickness (porosity) of the scaffolds used in the 
constructs, emphasising the importance of scaffold material’s dimension, pre-culture period 
and mechanical loading in promoting a chondrocyte-like phenotype, leading to cartilage-matrix 
and mechanical properties within the constructs. No significant change was observed in 
synoviocyte morphology within Day 56 loaded constructs under the estimated strain applied to 
the construct during mechanical loading and 28 % compressive tissue strain. It is possible that 
the microenvironment around the measured synoviocytes may contribute to the observed effects, 
in particular the stiffness of the constructs and the site-specific ECM quality that would have led 
to variable quantities of collagen type II and GAG within the constructs. A further study with 
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larger sample size and lower scaffold porosity as originally intended is required to give a better 
insight into the mechanism behind the construct’s development and the relationship between 
applied tissue strain and the cellular strain within the constructs. Nevertheless, a novel 
methodology to visualise, image and quantify live cell morphology within cartilage constructs 
under incremental static compressive tissue strains was achieved. 
5.1 Introduction  
Finlay et al. (2016) [1] attempted to engineer functional cartilage constructs for long term 
cartilage repair in vitro using mechanical stimulation. Constructs were created through the 
combining of PET scaffolds and bovine synoviocytes followed by incubation in chondrogenic 
culture for 4 weeks before being subjected to cyclic compressive loading for an hour at 1 Hz, 5 
days per week for 28, 56 or 84 days. The resulting constructs achieved high compressive 
modulus and cartilage-like histological appearance comparable to that of native cartilage. The 
high-modulus values obtained from the constructs was hypothesised to be related to the nature 
of the mechanical loading regime applied as the constructs matured. The application of 
compressive mechanical loading was designed to apply apporpiate stress and strain to the pre-
cultured synoviocyte/PET constructs through the use of a force controlled bioreactor and 
silicone rings. Under the conditions determined by the bioreactor set up and the confinement of 
the constructs within silicone rings, applied strain to the constructs was regulated to between 13 
% and 23 %. This strain value appeared to produce suitable stress within the deposited matrix of 
each construct, presumably via mechanotransductive effects on the residing cells, causing an 
anabolic response. The application of mechanical loading to the constructs initially triggered a 
surge of cell proliferation, followed by continued deposition of cartilage-like matrix. As the 
cells continued to respond and adapt to the challenge of mechanical loading, this apparently 
increased the construct thickness together with increased compressive stiffness of the construct. 
As this effect continued, a greater proportion of the load applied by the bioreactor was taken by 
the construct as well as increasing the strain applied (because of an increase in construct 
thickness). The stress (and strain) experienced by the cells remained at a level that promoted 
further matrix deposition. This effectively created a self-regulating mechanical regime where 
consistently increasing the thickness and the compressive stiffness of the construct occurred in 
conjunction with increased applied stress and strain [1]. This would presumably continue until 
the stress and strain levels reached a homeostatic level, i.e. when the majority of the applied 
load from the bioreactor is taken by the construct [1]. However, the time period taken to 
produce such constructs (approximately three to four months) limits its suitability for translation 
to the clinic. If a long culture period remains then the manufacturing costs will be high. This 
will not be an issue if the manufacturing costs can be offset by selling at a high price for the end 
product. However, if the end product cannot be sold at a price that offsets the production costs, 
then it will not economically viable and the efficiency of construct development needs be 
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accelerated. Thus, in order to bring this method one step closer to clinical translation, reducing 
the culture period will increase the feasibility that it will be economically viable (as well as 
reducing the risk that something might go wrong during culture). 
In native cartilage, chondrocytes are responsible for the elaboration and maintenance of 
extracellular matrix (ECM) that gives cartilage its strength and load-bearing function [21], [22], 
[139]. Previous studies have shown that mechanical loading modulates the biosynthetic 
response of chondrocytes in vivo [121], [122] and in vitro [123]–[128], demonstrating the 
importance of mechanical loading on cartilage homeostasis [93], [278], [284]. Chondrocytes are 
sensitive to changes in their environment and the level of their metabolic response is dependent 
on the type, magnitude and frequency of the applied mechanical loading [142], [285]. 
Chondrocytes in articular cartilage detect and respond to mechanical signals through 
mechanotransduction in conjunction with other environmental and genetic factors to regulate 
their metabolism [21], [22]. The mechanical signals are transferred to the chondrocytes through 
force transmission from the ECM resulting in cellular deformation (changes in shape and 
volume) [59], [65], [87], [94], [95]. Many studies have investigated the deformation behaviour 
of chondrocytes in cartilage explants [21], [87], [139] and for chondrocytes within other 
scaffold materials (e.g. isolated chondrocytes seeded in agarose) [88], [140]–[143] under static 
compression. In Chapter 4, the deformation response of a given population of chondrocytes 
from the superficial zone of bovine articular cartilage disks was examined. The findings showed 
that changes in chondrocyte shape and volume in native cartilage under unconfined static 
compression were consistent with previously published measurements. It is believed that 
chondrocyte deformation is closely associated with deformation of ECM as well as modulation 
by the mechanical properties of the pericellular matrix (PCM) and the chondrocyte itself. 
However, under tissue deformation, the local mechanical environment (i.e. matrix content and 
composition) around chondrocytes in native cartilage will not be comparable to those in 
cartilage constructs because native cartilage has distinct structural heterogeneities; matrix 
heterogeneity and depth-dependent heterogeneity [286]. Matrix heterogeneity refers to the 
different matrices that surround a chondrocyte in native cartilage; a PCM (the immediate layer 
of matrix outside a chondrocyte), a territorial matrix (TM), and an interterritorial matrix (IM), 
also known as ECM (the bulk of the matrix in cartilage) [286].  In contrast, the matrix of 
engineered constructs was found to be relatively homogeneous based on histology [1]. From 
histology, it was observed that there was an increase in Alcian blue staining (which corresponds 
to sGAG content), from very little at the beginning of culture to dense at the end of culture, 
comparable to native cartilage [1]. However, a hierarchical native cartilage structure was not 
observed.      
In order to promote or maintain differentiation of synoviocytes to a chondrocyte-like phenotype 
in the constructs and consequently the production of the desired cartilaginous matrix, a 
sufficient amount of compressive load is required to stimulate the cells to respond in the 
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required manner. The role of synoviocytes in producing and maintaining ECM is crucial to the 
maturation of the tissue. However, the magnitude of strain transmitted through the ECM and 
directly acting on the cells that corresponds to the applied external load during the different 
stages in construct development is unknown and is yet to be determined. To date, such 
constructs have been examined from a tissue level with histological and immunochemical 
visualisation of cell and matrix distribution but no attempt has been made to visualise the 
constructs at the level of a single cell. Therefore, the aim of the work described in this chapter 
was to examine the deformation behaviour of living synoviocytes within cartilage constructs 
under incremental compressive tissue strains in order to address the relationship between 
applied tissue strain and cellular strain. This involved identification of the actual mechanical 
regime experienced by the synoviocytes in the constructs at different time points of their 
development during mechanical loading. To fulfil the aim, it was proposed that cellular 
deformation would be examined under the estimated tissue strain experienced by the constructs 
in the bioreactor during construct development (as described in Section 5.3.7). A compressive 
strain of 28 % was also used in the experiments in an attempt to determine how synoviocytes 
would respond under conditions approaching maximum physiological loading (physiological 
range lies between 0 % and 30 % [130], [210], [264]), in terms of any changes in cell 
morphology (shape and size).  
The work would also hopefully provide new insight into the mechanism(s) underpinning the 
construct’s development and provide essential information for promoting matrix synthesis and 
deposition in future constructs. In addition, a better understanding of the effect of cellular 
deformation within constructs developed at different stages could improve efficiency of 
construct growth with consequential benefits for increased potential for clinical translation.   
The aim of this study was approached via the following objectives:  
 To fabricate cartilage constructs using synoviocyte/PET scaffold constructs using the 
mechanical loading method developed by Finlay et al. (2016) [1]. 
 To assess the effects of mechanical loading on the maturation of constructs at different 
time points (Days 0, 28 and 56) of development by determination of compressive 
dynamic moduli, collagen, sulphated glycosaminoglycan (sGAG) and DNA content, 
histological staining with Alcian blue/Sirius red and immunohistochemical staining for 
collagens type I and type II.  
 To determine the effects of incremental compressive strains on cell deformation 
behaviour in constructs developed at different time points in the uncompressed state, 
during estimated strain subjected by the bioreactor and at 28 % tissue strain. This was 
achieved by live cell imaging, utilising the live cell staining method of Hoechst 33342 
and CellMask green plasma membrane stains (described in Chapter 2) and confocal 
microscopy to fluorescently label and visualise synoviocytes in the constructs whilst 
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using the novel compression device developed specifically for tissue strain application 
(described in Chapter 3) and Amira software for cell deformation quantification 
analysis. 
An overview of the experimental plain is depicted in Figure 72.  
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Figure 72: Overview of experimental plan for determining the effect of incremental compressive strains on cell deformation behaviour in cartilage constructs. 
- 179 - 
  
5.2 Experimental Methodologies 
5.2.1 Cell isolation, Monolayer Culture, Dynamic Seeding and 
Chondrogenic Culture of Synoviocytes on PET Scaffolds  
Synoviocytes were isolated, expanded in vitro, dynamically seeded on to PET scaffolds and 
cultured under static chondrogenic conditions as stated in Section 3.3.3. In brief, synoviocytes 
were isolated from bovine synovium via collagenase digest for 3 hrs at 37°C. The digest was 
filtered and centrifuged before the pellet was resuspended and seeded into tissue culture flasks. 
Synoviocytes were cultured in DMEM/F12 medium supplemented with 10 % FBS, 1x AB and 2 
mM L-glutamine at 37°C, 5 % CO2 and above 90 % humidity. When approximately 90 %, 
confluency was reached, cells were passaged by trypsinisation and re-seeded at 5000 cells/cm2. 
Medium change occurred every 3-4 days. Cells between passages 1 and 3 were used for 
experimentation.  
Once sufficient amount of cell numbers had been achieved, a 250,000 cells/mL suspension was 
prepared. An aliquot of 1 mL cell suspension coupled with a PET scaffold disk were inserted in 
a 2 mL capacity polypropylene tube. Each tube was then inserted into a dynamic seeding 
apparatus built in-house and rotated at a rate of approximately 0.25 Hz. The dynamic cell 
seeding device was placed in the incubator at 37°C for 24 hrs to allow the cells to attach to the 
PET scaffold.  
Once seeding was completed, each cell-PET construct was transferred into a single well of a 24 
well cell culture plate. Each construct was submerged in 1 mL of chondrogenic medium, which 
consisted of DMEM/F12 medium supplemented with, 10 ng/mL TGF-β3, 50 µg/mL L-ascorbic 
acid-2-phosphate sesquimagnesium salt hydrate, 10-7 M dexamethasone, 1x ITS, 1x AB and 2 
mM L-glutamine. Chondrogenic medium was freshly made prior to application due to the 
instability of TGF-β3 and ascorbic acid-2-phosphate in solution. The plates were placed in the 
incubator at 37°C. Cultures were kept under these conditions for 4 weeks. Medium change 
occurred every 3-4 days. 
5.2.2 Mechanical Loading of Synoviocyte/PET Constructs  
Following 4 weeks in chondrogenic culture, application of mechanical loading to constructs was 
achieved using an in-house built compressive bioreactor that was used previously in Finlay et 
al. (2016) [1]. The aim of applying mechanical stimulation to the pre-cultured constructs was to 
further develop the immature constructs towards a mechanically functional cartilage-like tissue. 
The mechanical stimulus required to potentially induce mechanotransduction and anabolic 
matrix synthesis was defined as one that generates stress and strain to the neo-tissue elaborated 
within the constructs within physiological ranges comparable to those experienced within native 
cartilage.  
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The response of immature constructs (after 4 weeks of chondrogenic culture but before the 
mechanical loading commenced i.e. Day 0) to compressive load was examined previously by 
Finlay et al. (2016) [1]. This identified that the appropriate loading regime for application onto 
immature constructs was between 13 % and 30 %. These values are specific to constructs upon 
commencement of the mechanical loading. The authors showed that the loads measured at 
strains below 10 % were almost negligible, indicating little stress was being transmitted to the 
matrix and residing cells, whereas at strains greater than approximately 13 %, the recorded load 
increased exponentially, demonstrating the potential for stress to be transmitted to the matrix 
and the resident cells. An upper limit of 30 % strain was chosen (approaching the maximum 
values of strain observed in native cartilage) because it was believed that the “loose” matrix 
developed within the construct in the early stages was unlikely to transmit damaging forces to 
the cells.  
The compressive bioreactor (Figure 73) was built to apply cyclic compressive loading to 
constructs within a custom culture apparatus (Figure 74). Its external dimensions of 250 x 235 x 
100 mm3 allowed it to be placed within an incubator. This maintained standard culture 
conditions (i.e 37ºC, 5 % CO2 and greater than 90 % humidity) whilst allowing application of 
mechanical loading. The bioreactor consisted of 12 loading channels which could be set 
individually to apply a uni-axial force of between 0.5 and 10 N. 
The loading mechanism of the bioreactor is briefly described as follows (see Figure 73). The 
bioreactor is driven by a 12 volt DC motor (A) connected to an assembly of a gear box (B), 
timing belt and pulley system (C) which causes two cam shafts (D) (only one cam shaft is 
visible in Figure 73) to rotate at a frequency of 1 Hz. As the cam shaft rotates, it causes twelve 
connected transmission shafts (F) to reciprocate vertically at the same frequency, therefore 
loading samples contained within the culture chambers beneath. The ends of the transmission 
shafts are where the plungers and culture apparatus are linked to the bioreactor by connectors 
(H). A C-shaped follower (with roller) (E) was used to ensure the transmission shaft moved 
with the rotating cam shaft. The waveform of the transmission shaft and the plunger is governed 
by the cam’s geometry. The bioreactor was force controlled and the force delivered by each 
plunger comprised the weight of the plunger assembly (which includes the C-shaped follower 
(with roller), transmission shaft, plunger and the associated connectors) and load exerted from a 
pre-compressed spring (G). For the application of the minimum force (0.5 N), the spring is 
removed. In contrast, for the application of maximum force (10 N), a spring is installed and 
highly compressed to produce the required force.  
The bioreactor compresses up to twelve samples that are placed within two custom culture 
chambers, with each construct cultured in a separate well of a chamber that is located beneath 
six bioreactor loading channels. Referring to Figure 74, each chamber consists of six separate 
wells (L), a lid (K), six plungers each with a diameter of 8 mm (J) and six connectors that link 
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the plungers and the transmission shafts (I). The well is 14 mm in depth and 14 mm in diameter 
and can accommodate up to 900 µL of culture medium. When these components are assembled, 
the plungers were aligned with the centres of the wells within the culture chamber by the small 
holes in the lid (the large holes permit gaseous exchange). Moreover, during assembly, a 
flexible polyurethane film (Smith & Nephew, Watford, UK, Opsite Flexigrid, 4631) was affixed 
on the underside of the culture lid in order to seal the rim of each chamber and the exits of the 
plungers so the culture chamber contents are protected from contamination whilst allowing gas 
exchange and movement of the plungers. All culture components were made out of stainless 
steel 316 because of its good biocompatibility under in-vitro conditions. During the non-loading 
periods, the assembled culture apparatus could be disconnected from the bioreactor as a 
standalone piece of equipment, therefore allowing simultaneous culture of many constructs 
within multiple culture chambers.   
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Figure 73:Internal assembly of the in-house built cyclic compressive bioreactor; (A) 12 volt DC 
motor, (B) gear box, (C) timing belt and pulley system, (D) cam shaft, (E) C-shaped follower with 
roller in contact with cam and connected to (F) transmission shaft and (G) pre-compressed spring 
and (H) the end of transmission shaft where the plunger and culture apparatus joined by connector 
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The following setup was adapted to apply compressive loading in a quasi-displacement 
controlled modality, by the introduction of a silicone ring within each well of the culture 
chambers that would be significantly stiffer than the constructs. It was proposed to modify the 
loading mechanism of the bioreactor from a force controlled setup to a custom-construct 
displacement control setup because the previous study [287] demonstrated that the average force 
required to compress constructs by 20 % was 0.16 N, which was below the minimum force the 
bioreactor can apply (0.5 N). It was deemed to be unwise to tamper with the original load 
controlled mechanism used in the bioreactor in order to apply the desired compression (0.16 N) 
because the bioreactor was effective at applying consistent load over a great amount of cycles. 
Figure 74:Components of culture apparatus for in-house built cyclic compressive bioreactor; (I) 
connector to the bioreactor (illustrated in Figure 73H) and (J) plungers, (K) culture lid, (L) culture 
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In addition, whilst it was technically simple to reduce the minimum force applied by the 
bioreactor, there was a significant negative consequence in applying such low load. The flexible 
and breathable membrane that covers the lid of the culture apparatus to ensure sterility of the 
constructs and the surrounding medium imparts resistance to the movement of the plungers 
during the motion of the transmission shafts. The effect of this resistance to such a low load 
would likely be considerable, variable and difficult to determine, thus a displacement controlled 
mechanism was adapted. A relatively high force of 5 N applied by the bioreactor was therefore 
selected to avoid any potential consequences with regards to the effects of the resistance from 
the polyurethane membrane. Another advantage of confining the constructs within silicone rings 
was that this could reduce potential lateral construct displacement within the culture wells 
during mechanical loading and consequently ensure the constructs were loaded centrally during 
each loading cycle, reducing the incidence of construct displacement. As the constructs were 
loaded within the confines of a silicone ring that would be significantly stiffer than the 
constructs themselves, it was assumed that the constructs would have negligible stiffness with 
regards to the surrounding silicone rings and, thereby, the plunger displacement would only be 
influenced by the silicone ring when the bioreactor applied a force of 5 N. By knowing the 
compressive modulus of the silicone material as well as the dimensions of the silicone ring and 
the force applied by the bioreactor, the distance which the plunger travels could be determined. 
Construct strain applied by the bioreactor was, therefore dependent on the plunger displacement 
and construct thickness. 
A silicone elastomer (Sylard® 184, VWR International; Lutterworth, UK, 634165S) was chosen 
for silicone ring fabrication because of its known biocompatibility and its predictable behaviour 
under compressive loading. Finlay et al. (2016) [1] tested the mechanical behaviour of the 
silicone material and found that cured silicone had a stiffness value of 2.64 MPa which is 
substantially stiffer than the constructs that had been cultured for 4 weeks under chondrogenic 
conditions (0.2 MPa at 20 % compressive strain). Finlay [1] also found out that the silicone 
elastomer rings strained on average by 3.3 % when subjected to a cyclic load of 5 N by a 
bioreactor plunger within a culture chamber. By knowing the amount the silicone rings strained 
on average under cyclic loading of 5 N, compressed thickness of silicone rings can be calculated 
which was used to calculate the applied tissue strain.     
Following 4 weeks of chondrogenic culture, the synoviocyte/PET scaffold constructs were 
removed from their wells and their thickness measured using sterile Vernier callipers (accuracy 
of ± 10 µm). Silicone rings with various thicknesses (between 1650 µm and 1750 µm) were 
fabricated (described in Section 5.2.3) in order to accommodate the application of the selected 
strain range by selecting rings of appropriate thickness from a range of rings of different 
thicknesses. To achieve a desired strain in the range between 13 % and 30 %, a silicone ring of 
specific thickness was matched with each construct. Those constructs with a measured thickness 
of between 1970 µm and 2210 µm were selected. This corresponded to a strain between 17 % 
- 185 - 
  
and 22 %. For example, when a silicone ring with a thickness of 1650 µm was compressed in 
the bioreactor by a plunger with 5 N force, the resulting 3.3 % strain would correspond to a 
deformation of 55 µm, which corresponds to a compressed height of 1595 µm. If a construct 
with a measured thickness of 1970 µm was compressed within this silicone ring under the 
assumption the construct has negligible stiffness in comparison to the silicone ring, we can 
assume it would be deformed to a final height of 1595 µm (by implementation of the silicone 
ring that limited the travel of the plunger) which corresponds to an applied strain of 19 %.  
Constructs that met the thickness criteria were placed into a bioreactor culture well. Any that 
were not within the construct thickness range between 1970 µm and 2210 µm were returned to 
culture within the confinement of silicone rings and used as experimental controls (i.e. non-
loaded constructs) for the remainder of the culture period. The silicone rings matched with the 
non-loaded constructs therefore theoretically yielded the desired strain range between 13 % and 
30 % if they were placed under in the bioreactor during mechanical loading. The corresponding 
silicone ring to each non-loaded construct was later used to determine the amount of applied 
construct strain for cell deformation examination (see Section 5.3.8).  
The spring was pre-compressed to apply 5 N of force in the bioreactor. This was validated by 
placing a transducer from the Bose ElectroForce 3200 mechanical testing machine beneath the 
connector to the plunger of the bioreactor and ensuring the transmission shaft was at its lowest 
position. Constructs within each culture chamber well were loaded into the bioreactor each day 
for an hour (5 day per week) and subjected to 5 N of force at a frequency at 1 Hz. After each 
loading period, the constructs were checked to ensure they had not been displaced from the 
confinement of the silicone ring during loading. All constructs continued to receive 
chondrogenic medium throughout the remainder of the culture periods, with medium change 
every 3-4 days.  
Constructs were removed from culture at Days 0 (i.e., at the end of the 4-week static culture 
period), 28 and 56 to be processed for analysis.  
5.2.3 Silicone Ring Fabrication  
In order to apply physiologically relevant mechanical loading to the pre-cultured (immature) 
constructs using a displacement controlled mechanism in the bioreactor, they were confined 
within silicone rings during mechanical loading (as described in Section 5.2.2). A silicone 
elastomer (Sylard® 184, VWR International; Lutterworth, UK, 634165S) was used to fabricate 
the silicone rings.  
The procedure for silicone rings fabrication is described as follows. Following the 
manufacturers’ instructions, Sylgard® 184 silicone elastomer base was combined with Sylard 
184 curing agent in a 10:1 ratio, mixed vigorously and degassed under vacuum. Referring to 
Figure 75, whilst still in the liquid phase, a syringe was used to draw up the silicone and slowly 
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injected it in between (A) two glass plates. The space between the two glass plates is governed 
by (B) a U-shape spacer which determines the resulting polymerised silicone thickness. The 
glass plates were held in place by (C) clamps to ensure correct spacing. During this process, any 
visible bubbles in the silicone migrated to the surface where they dissipated. The entire 
apparatus (Figure 75) was moved to a drying cabinet at 40ºC to accelerate curing overnight.  
Once cured, the clamps were removed and the plates were submerged under water. The plates 
were then slowly prised part, leaving a silicone sheet on one of the plates which was carefully 
peeled away. Silicone rings were then produced using a custom made circular cutter, of internal 
diameter 6 mm and external diameter 14 mm. The rings were further modified by removing 1 
mm of the external diameter from four sides with a scalpel to create four edges perpendicular to 
each other (Figure 76). This ensured the rings fitted in to the wells of the bioreactor, allowing 
fluid movement but avoiding displacement of constructs occurring during loading. Silicone 
rings with thicknesses ranging between 1.65 mm and 1.75 mm were fabricated by using spacers 
of different thicknesses to accommodate constructs with various thicknesses in order to apply 
the selected strain range. Silicone ring thickness was confirmed with Vernier calipers. Silicone 
rings were rinsed in PBS prior to a wash in 70 % ethanol and then autoclaved to ensure sterility 








Figure 75: Assembly of the apparatus used to fabricate cured silicone sheets for silicone rings; (A) 
liquid silicone injected in between two glass plates where (B) a U-shaped spacer is held by (C) 
clamps to ensure correct spacing. 
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5.3 Analytical Methods 
5.3.1 Papain Digestion and Collagen, Sulphated Glycosaminoglycan and 
DNA Quantification  
5.3.1.1 Papain Digestion 
Before collagen, sGAG and DNA quantification could be carried out, the contents of the 
constructs needed to be solubilised. Papain was previously used by Hoemann et al. (2002) [288] 
on milligram quantities of cartilage and was shown to consistently solubilise tissue and cells, 
whilst retaining the collagen, sGAG and DNA content from degradation.  
Following culture of constructs at each  experimental time point (days 0, 28 and 56), they were 
washed in PBS and cut into smaller pieces before placing at 60ºC for 24 hrs in sterile 1.5 mL 
screw cap microtubes (Elkay Laboratory Products, Basingstoke, UK, 021-4153) with 0.5 mL of 
0.2 µm filter-sterilised papain digestion buffer [5 mM L-cysteine (Sigma-Aldrich, Irvine, UK, 
168149), 100 mM Na2HPO4 (Fisher Scientific UK, Leicestershire, UK, S9763), 5 mM EDTA 
(Sigma-Aldrich, Irvine, UK), pH 7.5] containing 125 mg/mL papain type III (Sigma-Aldrich, 
Irvine, UK, P4762). The resulting solution was stored frozen at -80ºC until analysed (n = 6 for 
each time point). Bovine articular cartilage specimens were digested in the same manner as the 
constructs for collagen, sGAG and DNA quantification in native bovine cartilage as a form of 
positive control.  
 
Figure 76: Example of a modified silicone ring. Silicone rings (internal diameter 6 mm and 
external diameter 14 mm) were further modified by removing 1 mm of the external diameter from 
four sides (white arrows) to create four edges perpendicular to each other to ensure the rings fitted 
in to the wells within the culture chambers of the bioreactor, allowing fluid movement but avoiding 
displacement of constructs occurring during loading.  
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5.3.1.2 Collagen Quantification 
The amount of collagen in the constructs was determined using the hydroxproline (HYP) assay. 
This imino acid is a major component in collagen and can be used for its indirect quantification 
since it comprises approximately 13.5 % of the total collagen content [289]. The HYP assay is a 
colorimetric assay in which a chromophore is formed from HYP via reaction with p-
dimethylaminobenzaldehyde [290], [291].  
A 30 µL aliquot of papain digested construct was placed in a sterile 1.5 mL screw cap 
microtube which was placed in a hot plate for evaporation. Following this, 50 µL of 2M NaOH 
(Sigma-Aldrich, Irvine, UK) was added to the microtube before placing in the autoclave at 
121ºC. Ten microlitres of this were added to a well in a 96-well microplate along with 90 µL of 
Chloramine-T solution [1.27 g chloramine-T (Sigma-Aldrich, Irvine, UK, 402869) in 20 mL n-
propanol in 100 mL acetate citrate buffer (50 g citric acid monohydrate, 12 mL glacial acetic 
acid, 120 g sodium acetate trihydrate, 34 g NaOH to pH 6.5 in 1 L). The plate was placed in a 
sealed bag in a water bath for 25 mins at 65ºC. Samples were then mixed with 100 µL of freshly 
prepared Ehrlich’s reagent (3.8 mL of 60 % perchloric acid (VWR Chemicals, Lutterworth, UK) 
slowly added to 1.5 g p-dimethylaminobenzaldehyde (Sigma-Aldrich, Irvine, UK, D2004) in 
6.2 mL n-propanol (Sigma-Aldrich, Irvine, UK, 34871) and incubated at 60°C for 20 mins. 
Absorbance at 550 nm (excited at 480 nm) was read using a microplate spectrophotometer. 
Bovine articular cartilage specimens were tested as per the experimental constructs in order to 
determine the typical amount of collagen in native tissue and use as a reference for construct 
comparison. 
Hydroxproline standards were prepared using 1 mg/mL L-hydroxproline (Sigma-Aldrich, 
Irvine, UK, 41875). A range HYP standards of 4 μg/μL to 20 μg/μL was produced. Each 
standard then followed the same process to that of experimental samples; evaporation, 
combination with NaOH, autoclaving, combination with Chloramine-T solution and Ehrlich’s 
reagent before fluorescence being read. Triplicates were carried out for all experimental samples 
and HYP standards. 
5.3.1.3 Sulphated Glycosaminoglycan Quantification  
sGAG content of constructs was determined using a Dimethylmethylene Blue (DMMB) assay. 
sGAG is an important component of cartilage and DMMB, a cationic dye, can be used to detect 
GAGs in solution [292]. Upon binding to sGAG, DMMB undergoes a change in colour in the 
absorption spectrum [293], [294].    
A 1 µL aliquot of papain digested construct was added to a well of a 96-well microplate before 
combing with 99 µL of PBE buffer. Two hundred microlitres of DMMB solution (40 mM NaCl, 
40 mM glycine, 46 µM DMMB, to pH 3) was added to each well, pipette mixed and incubated 
for 5 mins at room temperature before absorbance was read at 525 nm using a microplate 
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spectrophotometer. Bovine articular cartilage specimens were tested as per the experimental 
constructs in order to determine the typical amount of sGAG in native tissue and use as a 
reference for construct comparison. 
sGAG standards were prepared from 2.5 mg/mL chondroitin sulphate (Sigma-Aldrich, Irvine, 
UK, C4384). A 10 µL aliquot of the chondroitin sulphate solution was added to 990 µL PBE 
buffer. This was then serially diluted with PBE buffer to produce a range of 0.25 and 2 µg of 
standards. One microlitre aliquots of each standard solution were added to 99 µL of PBE buffer 
before combining with 200 µL of DMMB solution within a 96-well microplate, pipette mixed, 
incubated for 5 mins at room temperature and absorbance read at 525 nm. Triplicates were 
carried out for all experimental samples and sGAG standards. 
5.3.1.4 DNA Quantification 
DNA content was determined in the constructs as a surrogate measure for cell numbers and was 
performed using the Quant-iT (™) PicoGreen® assay (Invitrogen, Paisley, UK, P7589). The 
PicoGreen assay kit contained Quant-iT™ PicoGreen® dsDNA reagent, 20x TE buffer and 
Lambda DNA standard. Picogreen is a fluorescent probe that binds double stranded DNA 
(dsDNA) and upon binding to dsDNA, fluorescence enhances 1000 fold [295]. Picogreen also 
binds to single stranded DNA and RNA but fluorescence enhancement is dramatically lower 
compared to dsDNA binding [295]. According to the manufacturer, the sensitivity of Picogreen 
is 400 fold greater compared to Hoechst 33258 (another commonly used DNA quantification 
molecule; a fluorochrome called bisbenzimide). 
A 10 µL aliquot of the papain digested construct was added to 290 µL of 1x TE buffer (10 mM 
Tris-HCL and 1 mM EDTA, at pH 7.5). Fifty microlitres of this was combined with 50 µL 
PicoGreen working solution (35 µL PicoGreen concentrate, 6965 µL TE buffer) and added to a 
well of a 96-well microplate. Fluorescence was read at 520 nm (excited at 480 nm) using a 
microplate spectrophotometer after the plate was incubated at room temperature for at least 5 
mins. Bovine articular cartilage specimens were tested as per the experimental constructs in 
order to determine the typical amount of DNA in native tissue and use as a reference for 
construct comparison. 
DNA standards were prepared from 100 µg/mL bacteriophage lambda DNA which was 
provided with the PicoGreen reagent (Invitrogen, Paisley, UK, P7581-Ccompenent C). Twenty 
microlitres of 100 µg/mL bacteriophage lambda DNA were added to 980 µL TE buffer. This 
was then serially diluted with TE buffer, to create a range of concentrations between 1 µg/mL 
and 1 ng/mL. Fifty microlitres of each standard was combined with 50 µL PicoGreen working 
solution before fluorescence being read. Triplicates were carried out for all experimental 
samples and DNA standards. 
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5.3.2 Dynamic Mechanical Testing  
A dynamic mechanical testing method was used because it simulates functional physiological 
loading and an appropriate response of the constructs [296]. The (compressive) modulus of 
loaded and non-loaded constructs was measured at each time point (Days 0, 28 and 56) when 
subjected to dynamic unconfined compression. The Young’s modulus (E) (under tension or 
compression) is defined as stress (σ) divided by strain (ε) (Equation 1) and used to describe the 




  (Eq. 1)  
Engineering stress (σ) is defined as Force (F) acting on the cross sectional area (Ao) of the 




  (Eq. 2)  
Strain (ε) is defined as the ratio of deformation (ΔL) of the sample compared to its original 




  (Eq. 3)  
In order to calculate stiffness of the constructs, measurements of cross-sectional area, thickness 
and force in combination with deformation were required. The Instron ElectroPuls TM E3000 
(Instron, High Wycombe, UK) was used to dynamically test the constructs, as shown in Figure 
77. Referring to Figure 77, a 250 N transducer (G) was secured to the base of the rig frame, to 
which a mechanical action wedge grip (F) was attached. A second mechanical grip (B) was 
connected to the test rig actuator (A). Two metallic platens (with diameters greater than the test 
samples) were placed and secured in the two grips ((C) and (E)). The top platen (C) was 
lowered with a force of 100 N to bring the two platens together before establishing a ‘zero’ 
displacement position’. A distance of 2.5 mm was then set apart between them. A column of 
PBS was formed between the platens in which a construct was suspended (D).   





























Figure 77: Dynamic mechanical testing rig set up; (A) actuator, (B, F) mechanical actin wedge 
grips, (C,E) platens, (D) space where top platen lowered to form PBS column with suspended 
construct and (G) 250 N load transducer.  
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The thickness of each construct was first measured. Under the control of the Instron 
WaveMartix software (Instron, High Wycombe, UK), the top platen was lowered at a rate of 50 
µm/s and stopped until a tare load of -0.02 N was reached. The load data obtained were then 
filtered through a rolling average of 20 data points to reduce noise. Construct thickness was read 
as the distance between the two facing surfaces of the platens at this tare load. The top platen 
was then positioned at this distance and subjected the construct to 10 cycles of 20 % cyclic 
strain of a triangular waveform at 1 Hz as shown in Figure 78. Both force and resulting 
compressive deformation of the construct were simultaneously recorded.  
 
The 4 last loading cycles (out of 10) were selected for measuring the compressive moduli of the 
constructs as it was previously shown by Finlay et al. (2016) [1] that a number of cycles were 
required in order to reach a steady state in the loading behaviour of the constructs. This steady 
state was achieved by the time of the first 6 cycles. Hence, the final 4 cycles were used for 
mechanical testing. Stress-strain curves were plotted from the displacement/force data obtained 
from these 4 later cycles, to which a best-fit exponential curve was fitted. Curves obtained 
illustrated a non-linear stress/strain relationship (Figure 79). A tangent modulus of the construct 
was calculated by differentiating the exponential best-fitted curve and obtaining the gradient at 




Figure 78: Example of 10 cycles of 20 % strain triangular waveform at 1Hz applied to constructs for 
the means of dynamic mechanical testing.  
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5.3.3 Fixation, Embedding and Sectioning of Constructs  
In order to evaluate construct histology, loaded and non-loaded constructs (n = 3 for each time 
point) were removed from culture and washed in PBS to remove excess medium before 
submerging in 10 % NBF (CellPath, Newtown, UK, BAF-6000-08A) for at least 30 mins to fix 
the tissue. Fixed constructs were then stored in PBS ready for embedding and sectioning. 
Embedding and sectioning of the fixed constructs were performed by Covance Laboratories Ltd 
(Harrogate, UK). A 3 mm wide central region was cut from the 5 mm diameter construct discs 
using a scalpel prior to embedding. The cut strip was then embedded in paraffin wax within an 
enclosed tissue processor, with the cut face positioned parallel to the resulting block to create 
longitudinal sections with regards to the disc face. In brief, samples were dehydrated through 
increasing concentrations of ethanol followed by multiple xylene treatments to remove the 
ethanol. The final step of embedding was to infiltrate the melted paraffin wax into the sample by 
the aid of vacuum. Once the wax had cooled and solidified, the samples were sectioned to a 
thickness of 5 µm using a rotary microtome. Sections were floated on water at 45ºC to remove 
any wrinkles formed during sectioning and mounted onto Superfrost Plus sides (VWR, 
Lutterworth, Leicestershire, UK, 631-0446) and left to dry. The resulting sections were 
transported back (apart from a Day 56 non-loaded construct lost during transportation) and 
stored at room temperature until analysed by histological and immunhistochemical staining. 
 Bovine osteochondral plugs (n=3) were used as positive and negative controls for Alcian 
blue/Sirius red staining and immunohistochemical staining (i.e. collagen type II and collagen 
type I). The tissue plugs were processed as per the experimental constructs (i.e. fixed, 
Figure 79: Example of typical engineering stress vs strain curve acquired from dynamic mechanical 
testing. Exponential fit (blue line) made between 0.0 and 0.2 strain. 
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embedded and sectioned) with the exception of being decalcified prior to being embedded. 
Decalcification was achieved by placing the tissue plugs in 14 % EDTA at room 
temperature with agitation for 3 weeks. Decalcification was validated by X-ray.  
5.3.4 Histological Staining and Light Microscopy of Sectioned Constructs  
Histological staining was used to provide a visual impression on the gross distribution of 
different components present in each section and to some limited extent, an indication of the 
amount of such material within the section based on the staining density [297].  
A staining combination of Alcian blue/Sirius red stains were used to  highlight GAGs and 
collagen fibre distribution, respectively. The deeper the staining of Alcian blue and Sirius red, 
the greater the concentration of GAGs and collagen.  
5.3.4.1 Alcian Blue/Sirius Red Staining Methodology  
Sections were taken to water; firstly by clearing the paraffin wax with xylene for at least 5 mins 
before washing in absolute ethanol twice (5 mins each) and a final wash in water (1 min).  
Sections were stained with Weigert’s haematoxylin (Atom Scientific, Hyde, UK) for 10 mins to 
visualise cell nuclei, followed by a water step to remove excess stain. Sections were stained 
with Alcian blue (Merck Chemicals Ltd, Gillingham, UK, 1.01647.0500) for 10 mins. Excess 
stain was removed by a water wash (1 min). Sections were then stained with the Picosirius red 
kit (Polysciences Inc, Eppelhem, Germany), by placing in phosphomolybdic acid for 2 mins. 
Picosirius red stain was applied for 45 mins and followed by application 1N hydrochloride acid 
(HCl) for 2 mins and 70 % ethanol for 45 secs.   
Sections were then dehydrated in two washes in absolute ethanol (5 mins each) and cleared in 
xylene for 5 mins. Finally, the sections were mounted in p-xylene bis-pyridinium bromide 
(DPX) (Sigma-Aldrich, Irvine, UK, 317616) before visualisation by the Olympus BX50 light 
microscope. Images were compiled using Nikon NIS-Elements software. Positive controls were 
produced using decalcified osteochondral plugs and proceeded as described in the above 
protocol.  
5.3.4.2 Immunohistochemistry and Light Microscopy of Sectioned Constructs   
Immunohistochemistry uses the principle of antibodies binding to a specific antigen to detect 
and localise target proteins within a histological sample [298]. When antibodies have been 
raised against a particular antigen, they will bind to that antigen. An antibody that is conjugated 
with a detectable molecule e.g. the flurophore fluorescein, can localise the antigen. 
Immunohistochemistry methodology used in this study adapted these basic principles in which  
primary and secondary antibodies were used. Primary antibodies specific to collagen type I and 
collagen type II  were raised commercially in an animal host (e.g. mouse) and were provided 
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purified. The primary antibodies were applied to sections of the experimental tissue and allowed 
to bind to their target antigen. A secondary antibody, raised against the immunoglobulins of the 
specific animal host of the primary antibody was then applied to the sections in order to identify 
the first antibody in the sample. The secondary antibody was conjugated to horse radish 
peroxidase (HRP) permitting localisation of target proteins via light microscopy. Upon the 
completion of primary and secondary antibodies binding and incubation with a chromogenic 
substrate, a brown precipitate is formed at the site of bound antibodies which consequently 
localise the antigens under investigation. 
Sections were taken to water; firstly by clearing the paraffin wax with xylene for at least 5 mins 
before washing in absolute ethanol twice (5 mins each) and a final wash in water (1 min).  
Endogenous tissue peroxidase was blocked by immersion of sections in 2 % H2O2 for 20 mins 
followed by a PBS wash. An antigen retrieval step took place by submerging the sections in 
boiled antigen unmasking solution for 5 mins (Vector Laboratories, Peterborough, UK, H-3301) 
for immunohistochemical staining of collagen type I and 0.1 % chymotrypsin at 37ºC for 30 
mins (within 0.1 % CaCI2, at pH 7.8) (Sigma-Aldrich, Irvine, UK, C4129) for 
immunohistochemical staining of collagen type II, followed by a PBS wash. Sections were then 
blocked with normal goat serum (Dako, Ely, UK, X0907) for 20 mins to reduce non-specific 
binding and washed with PBS. Following this, sections were incubated with a primary antibody 
overnight at 4ºC. Primary antibodies used were raised against collagen type I (Abcam, 
Cambridge, UK, monoclonal ab6308) and collagen type II (Calbiochem, Nottingham, UK, 
monoclonal II-4C11) and were diluted at 1 in 50 and 1 in 600 respectively. Sections were then 
washed with PBS before incubation with secondary antibodies for 30 mins as per the 
EnVisionTM kit’s instructions ((Dako, Ely, UK, K5007). Once incubation was completed, 
sections were further washed with PBS and chromogenic substrate applied for 10 mins. 
Developed sections were washed with water, counterstained within Harris’s Haematoxylin 
(ThermoScientific, Northumberland, UK, 6765002) for 3 mins, water washed and 
submerged in Scott’s tap water for 2 mins before a final water wash.  
Sections were then dehydrated in two washes in absolute ethanol (5 mins each) and cleared in 
xylene for 5 mins. Finally, the sections were mounted in DPX before visualisation by the 
Olympus BX50 light microscope. Images were compiled using Nikon NIS-Elements software.  
Negative controls were generated using Day 56 construct and decalcified osteochondral plug 
sections by omitting the primary antibody step from the above protocol and then proceeding as 
described. Positive controls were produced using decalcified osteochondral plugs and proceeded 
as per the experimental constructs. For osteochondral plugs, articular cartilage was used as a 
collagen type II positive tissue; subchondral bone was used as a collagen type I positive 
tissue. 
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5.3.5 Live Cell Staining of Cell Nuclei and Plasma Membrane for 
Synoviocytes within Constructs using Hoechst 33342 and CellMask 
Green Plasma Membrane  
Synoviocytes within loaded and non-loaded constructs were stained with Hoechst 33342 and 
CellMask green plasma membrane in order to visualise cell nuclei and plasma membrane as 
described in Section 3.3.2.3. In brief, a combined staining working solution of 1 µg/mL Hoechst 
33342 and 1x CellMask green plasma membrane was freshly prepared with DMEM/F12 
medium and applied to samples placed in a 24-well cell culture plate. The plate was covered 
with aluminium foil to protect it from the light and incubated at 37°C and 5 % CO2 for 40 mins. 
Constructs were then washed three times in Live Cell Imaging Solution. Following on from the 
wash step, diluted ProLong Live Antifade Reagent was applied to samples which were then 
incubated in the dark at 37°C for 2 hrs before visualisation via the Nikon A1R confocal 
microscope.   
5.3.6 Confocal Imaging Acquisition of Selected Synoviocytes in Constructs 
Following Staining after the Addition of ProLong TM Live Antifade 
Reagent 
Volume images of synoviocytes within the constructs were acquired using the Nikon A1R 
inverted confocal microscope. The 405-nm Solid state and 488-nm Argon lasers were used to 
excite Hoechst 33342 and CellMask green plasma membrane stains, respectively. Lasers were 
set at 5 % of full power and the pinhole at 1 Au. Unidirectional galvo scanning and channel 
series were used to capture all images. Synoviocytes from the central region of the tissue surface 
were randomly selected at a depth of 20-30 µm inside the tissue. Volume images were recorded 
by taking serial optical sections of 512 x 512 pixels at 0.2 µm intervals with a 40x oil immersion 
objective (S Fluor 1.30 NA). A total of five constructs from each loaded and non-loaded groups 
were imaged.  
5.3.7 Application of Compressive Strain to Synoviocyte/PET Scaffold 
Constructs  
The mechanical loading regime developed by Finlay et al. (2016) [1] that was used to create 
high modulus cartilage-like constructs was hypothesised to be a self-regulating system driven 
by the maturation of the developing constructs themselves. In the early stage of construct 
development, the vast majority of the applied load would be taken by the silicone ring 
surrounding each construct but some load would be applied to the cells within the construct 
causing them to experience a physiologically relevant level of stress that induces an anabolic 
response [1]. Cells would react to this by upregulating the production and secretion of cartilage-
like ECM in an attempt to “resist” the applied load [1]. As the construct continued to mature 
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with increased elaboration of cartilage-like ECM, this would cause an increase in both thickness 
and compressive stiffness [1]. The accumulation of new ECM would distribute the load away 
from the cells, thereby reducing cellular stress [1]. However, when the construct matures in this 
way, under the conditions of the bioreactor set up, a greater proportion of the 5 N load applied 
by the bioreactor plunger would be taken by the construct as well as increasing the strain 
applied [1]. Thus, as the stiffness and thickness of the construct increase, the stress and strain 
applied would also increase and remain at a level that promotes further load-distributing- matrix 
deposition [1]. This would continue until the majority of the load is taken by the construct and 
not the silicone ring [1]. At this point, the effect of mechanical loading on the construct would 
have reached a plateau and would mainly serve to maintain tissue composition, akin to the 
homeostasis of native articular cartilage [1]. Thus, Finlay et al. (2016) [1] proposed this to be a 
“self-adapting” mechanism.   
In order to provide a better understanding of Finlay’s hypothesised mechanism in developing 
cartilage-like constructs and to address the relationship between applied tissue strain and 
cellular strain in constructs developed at different time points, it was proposed to examine cell 
deformation under the estimated strain applied by the bioreactor during mechanical loading 
(customised to each construct) and with a compressive strain of 28 % in loaded constructs. Non-
loaded controls were also examined under the two strain levels at each time point (the estimated 
strain if it was placed under 5 N of load in the bioreactor and compressive strain of 28 %).  
To determine the morphometric changes in synoviocytes within loaded and non-loaded 
constructs developed at different time points (Days 0, 28 and 56) under different magnitudes of 
uniaxial unconfined compressive tissue strain (the estimated amount of strain subjected to the 
constructs within the bioreactor during mechanical loading and 28 %), the compression device 
described in Chapter 2 was used. The thickness of the construct was first measured using the 
Bose ElectroForce 3200 mechanical testing machine. The mechanical testing rig was set up to 
determine the zero displacement point as described in Section 2.4.2.3. In brief, the top platen of 
the testing rig was lowered at a rate of 0.2 mm/s towards the bottom platen until the two platens 
were brought together with a force of 100 N to establish a ‘zero displacement’ position, before 
being set 2.5 mm apart. The construct was then placed in a horizontal position between the two 
platens and the top platen was lowered at a rate of 0.2 mm/s until the load signal read a tare load 
of 0.02N. The distance between the two platens at this tare load was defined as the construct 
thickness.  
To determine the estimated strain applied to the construct when placed under 5 N of load in the 
bioreactor, each construct was mechanically tested under a load of 5 N within the confines of 
the corresponding silicone ring that was used during mechanical loading in the case of the 
loaded constructs and during static chondrogenic culture for non-loaded constructs (as described 
in Section 5.2.2). The construct, along with the silicone ring, were placed within the Instron 
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ElectroPulsTM E3000 mechanical testing rig which was set up as described in Section 5.3.2. 
However, the top platen in the set up was replaced by a bioreactor plunger. Between the space 
of the plunger and the bottom platen, a column of PBS was formed in which the construct-
silicone ring was held in a horizontal position centrally to the space. The combined construct-
silicone ring was then subjected to a static compressive load of 5 N, therefore mimicking the 
loading inside the bioreactor. The resulting displacement was recorded and the deformed 
thickness was obtained. The estimated strain percentage subjected to the construct under 5 N 
load within the bioreactor during mechanical loading was calculated by the deformation (the 
original construct thickness minus the resulting deformed thickness under 5 N load) divided by 
the original construct thickness times a hundred. The amount of compressive displacement 
required to be applied to the construct surface by the micrometer in the compression device to 
yield the estimated strain subjected to the constructs during mechanical loading was determined 
as the amount of deformation under 5 N load.  
To determine the final compressed thickness that corresponded to tissue strain of 28 %, the 
amount of compressive displacement required to be applied by the micrometer to the tissue 
surface was calculated knowing the construct thickness. For example, 28 % strain of  a construct 
with thickness of 2 mm would correspond to a deformation of 560 µm, which would correspond 
to a compressed height of 1440 µm. Thus, 560 µm of displacement would be applied to the 
construct using the micrometer.    
In chapter 2, it was determined that the coverslip used in the compression device would undergo 
flexion during load application and it was important to take this into account when calculating 
the load required to compress the construct. To achieve this, each construct was placed in 
between the two platens of the Bose ElectroForce 3200 mechanical testing machine and the top 
platen was lowered at a rate of 0.2 mm/s until the load signal read a tare load of 0.02 N. The 
construct was then subjected to loads up to 700 g at a rate of 50 g/s, whilst recording the 
displacement at 200 Hz. The amount of load required to apply selected compressive tissue 
strains (the estimated strain applied by the bioreactor during mechanical loading or 28 %) 
specifically to each construct was then determined from the construct displacement/ load data. 
To determine the amount of displacement attributable to the coverslip flexes, the displacement 
that corresponded to the load required to apply the selected compressive strain to the construct 
was read from the standard curve of displacement/load for the coverslip (see chapter 2). The 
amount of displacement caused by coverslip flexion was added on top of the compressive 
displacement that corresponds to selected tissue strain in order to compensate for the glass 
flexion effect.     
The compression device was set up as described in Section 2.3.3 for tissue strain application. As 
demonstrated in Figure 43 in Section 4.3.5, all the components, such as a well with an opening 
at the bottom, a coverslip, a platen, a magnetic disk, a brace, metal screws and a micrometer, 
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assembled to form the compression device in which attached to the Nikon A1R confocal 
microscope stage. In brief, the coverslip was attached to the bottom of the device well using 
silicone grease. The individual stained construct was placed on the coverslip before filling the 
well with diluted ProLong live antifade reagent in Live Cell Imaging Solution to maintain 
hydration and cell viability during imaging. To assemble the top half of the device, the 
micrometer was fixed onto the brace by a small screw along with the platen that was connected 
to the micrometer by a magnetic disk. The top half of the device was secured to the well via the 
brace by two metal screws. The experimental procedure used to compress the tissue engineered 
construct and image selected synoviocytes in the uncompressed state and during selected 
compressive tissue strains (the estimated strain applied by the bioreactor during mechanical 
loading or 28 %) is shown in Figure 80. To define the ‘0 % strain’ position (the uncompressed 
state), the platen was lowered by the micrometer to the distance equal to the construct thickness. 
This position was held for 30 mins before compressive strains were applied. Synoviocytes from 
the central region of the construct were randomly selected at a depth of 20-30 µm inside the 
tissue. Volume images of the selected synoviocytes in the non-loaded state were captured prior 
to application of compression. Approximately 40 to 50 synoviocytes were typically captured in 
the field of a volume image. A compressive tissue strain equal to the estimated strain applied to 
each construct by the bioreactor during mechanical loading (including compensation for 
additional coverslip flexion displacement) was then applied in a direction parallel to the tissue 
surface, using the micrometer. The construct was allowed to equilibrate for 30 mins and volume 
images were recorded of the synoviocytes which were randomly selected from the central 
region of the tissue. The construct was then further compressed by manual turning of the 
micrometer to yield a compressive strain of 28 % and allowed to reach equilibrium for 30 mins 
before synoviocytes were again randomly selected from the central region of the construct for 
the final capture of volume images. Different populations of synoviocytes were selected and 
imaged in the uncompressed state and during the two levels of applied strain because it was not 
possible to track the same synoviocytes throughout each procedure as the constructs were highly 
cellular and the cells were densely packed within the constructs developed at the early time 
points (Days 0 and 28). A total of five constructs from each loaded and non-loaded group at 
each time point (Days 0, 28 and 56) were compressed and imaged using this experimental 
procedure. 
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5.3.8 Confocal Image Analysis 
5.3.8.1 Quantification of Synoviocyte Deformation  
Amira software was used for quantification of any morphometric changes of synoviocytes in 
constructs under different conditions of loading. A custom workflow, specifically developed by 
the author, was used to analysis 3D confocal volume images of cells and perform cell 
morphometric measurements in order to quantify cell deformation behaviour under incremental 
compressive strains (see Section 4.3.6.2 for full methodology). The custom workflow was 
created by selecting and combining several modules used for image processing, cells 
identification and data analysis (i.e. 3D rendering and cell morphology measurements on the 
identified cells). For cell deformation quantification on volume images of synoviocytes acquired 
under different magnitudes of compressive strains in this Chapter, the ‘Border Kill’ module in 
the workflow (as described in Section 4.3.6.2) was excluded. In brief, volume images of 
synoviocytes were converted to 16 Bit greyscale TIFF images and separated into two image 
stacks of the nuclei and plasma membrane prior to importing them to Amira software. Image 
voxel size was set and the custom workflow was then applied on the image stacks to perform 
3D reconstruction and morphometric measurements of synoviocytes.  
First, images were smoothed using a Gaussian filter to reduce noise and preserve cell edges,  
followed by interactive thresholding for image segmentation in order to identify and label the 
nuclei and the plasma membrane (cell boundaries), respectively. Image sets were further 
processed by applying modules such as the ‘Fill Holes’ and ‘Remove Small Spots’ modules to 
fill incompletely labelled objects i.e. the nuclei or plasma membrane in their respective image 
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Figure 80: Flow diagram of the experimental procedure used to sequentially image synoviocytes in the 
tissue engineered constructs in the uncompressed state and during estimated compressive strain 
subjected to the construct during mechanical loading and 28 % compressive tissue strain.   
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both image stacks were processed through the workflow by each module in order, they were 
then merged together by using the ‘Arithmetic’ module to create a binary image that highlights 
the nuclei and plasma membrane of synoviocytes. The next stage was to identify and select 
synoviocytes from the process, merged image stack for 3D rendering and morphometric 
quantification analysis. However, this was not a straight forward task; synoviocytes within the 
constructs were highly confluent and present in tight, dense collections of cells and 
consequently many of them touched and overlapped each other which made it difficult to 
recognise and separate them as individual synoviocytes. An extra step was conducted to 
segment synoviocytes from other touching synoviocytes by manually defining dividing lines 
with the use of the ‘lasso tool’ from the Image Segmentation Editor of Amira on each 
synoviocyte on every 2D image that made up the 3D data. Once clear cell boundaries were 
refined, the plasma membrane and the corresponding nuclei were selected and registered as 
synoviocytes (Yellow boundaries, Figure 81). The identified synoviocytes were then extracted 




Figure 81: XY-orthoslices of the processed, merged image stack which highlights the boundaries 
of the potential nuclei (blue) and plasma membrane (green). Synoviocytes segmented from other 
touching synoviocytes with the use of the lasso tool and registered as synoviocytes (yellow 
boundaries) for 3D rendering and cell morphometric measurements. 
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A ‘Volume Rendering’ module was used for 3D reconstruction of selected synoviocytes for 3D 
visualisation purpose (Figure 82). The ‘Label Analysis’ module was used to carry out cell 
morphometric measurements on the identified synoviocytes. Morphometric parameters, 
including cell length, width, height, volume and sphericity were selected to determine cell 
deformation behaviour in loaded and non-loaded constructs under incremental compressive 
strains.   
However, morphometric measurements were performed only on loaded and non-loaded 
constructs at time point Day 56 because it was not possible to identify cell edges in constructs at 
early time points (Day 0 and 28) due to the high density of cells within those constructs as is 
evident in the confocal images (Figure 103-105). Where measurements were possible, 10 
synoviocytes were selected from confocal images of each construct (two constructs from each 
loaded and non-loaded groups) in the uncompressed state, during estimated strain experienced 
by the constructs during mechanical loading and applied strain of 28 % for morphometric 
measurements.  
5.4 Results  
5.4.1 Collagen, Sulphated Glycosaminoglycan and DNA Content of 
Synoviocyte/PET Constructs Subjected to Compressive Mechanical 
Loading 
The effect of mechanical loading on the biochemical composition and cellularity of maturing 
constructs was determined by measuring their collagen, sGAG and DNA content measured 
using HYP, DMMB and PicoGreen assays respectively.  
Figure 82: 3D rendering of selected synoviocytes from the label  image for 3D shape visualisation 
purpose. 
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From Day 0 to Day 56, there was a significant increase in the collagen content for both loaded 
and non-loaded constructs with no apparent differences between the two groups at each time 
point throughout the entire culture period (p <0.05, Figure 83). Compared with native cartilage, 
the constructs had less collagen content (Figure 83).  
The sGAG content of both loaded and non-loaded constructs significantly increased between 
Day 0 and Day 28 (p <0.001 and p <0.05, Figure 84). No statistical differences in sGAG content 
were seen between loaded and non-loaded constructs at any of the time points. Native cartilage 
had a significantly greater amount of sGAG compared to the constructs at any time point 
(Figure 84).   
The cellular (DNA) content of non-loaded constructs significantly increased within the first 28 
days of culture and continued at an elevated level for the remaining culture period (to 56 days) 
but was not statistically different to that at Day 28 (p <0.05, Figure 85). For loaded constructs, 
there was also significant increase in DNA content throughout the entire 56 days of culture (p 
<0.01, Figure 85). Loaded constructs had significant greater amount of DNA than non-loaded 
constructs at Day 28 and Day 56 (p <0.001 and p <0.01, Figure 85). Native cartilage had 

















No significant differences were seen between loaded and non-loaded constructs at each individual time 
point. Significant increase in collagen content was observed from Day 0 to Day 56 in both loaded and 
non-loaded constructs. The collagen content in native cartilage was significant greater than the loaded 
and non-loaded constructs. Data represented as means ± SD (n=6). Data was analysed by one way 
ANOVA. * indicates significant difference in non-loaded and loaded constructs and # indicates 





Figure 83: Collagen content of synoviocyte/PET constructs following pre-culture in chondrogenic 
medium for 4 weeks and then subjected to a mechanical loading regime for either 28 or 56 days. L 
≡ Loaded (dark grey), NL ≡ Non-loaded constructs (light grey) and Cartilage ≡ Native cartilage 
(black). 







No significant differences were seen between loaded and non-loaded constructs at each individual time 
point. Significant increase in sGAG content was observed from Day 0 to Day 28 in both loaded and 
non-loaded constructs. Native cartilage was associated with significantly greater sGAG content 
compared to both loaded and non-loaded constructs at each individual time point. Data represented as 
means ± SD (n=6). Data was analysed by one way ANOVA. * indicates significant difference in non-
loaded and loaded constructs and # indicates significant difference in comparison with the native 
cartilage.  * ≡ p <0.05, *** ≡ p <0.001. 
Figure 84: sGAG content of synoviocyte/PET constructs following pre-culture in chondrogenic 
medium for 4 weeks and then subjected to a mechanical loading regime for either 28 and 56 days. 
L ≡ Loaded (dark grey), NL ≡ Non-loaded constructs (light grey) and Cartilage ≡ Native cartilage 
(black). 
# 
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5.4.2 Compressive Moduli of Pre-Cultured Synoviocyte/PET Constructs 
Subjected to Compressive Mechanical Loading 
In order to determine and compare the mechanical properties of the constructs that were 
subjected to compressive loading with those of non-loaded controls, the dynamic compressive 
moduli of the constructs were measured as previously described in Section 5.3.2. Stress-strain 
curves were then plotted from the displacement/force data, followed by best-fit exponential 
curves fitted to the plotted data and tangent moduli calculated at a strain value of 18 %.  
Compressive modulus measured at 18 % strain of non-loaded and loaded synoviocyte/PET 
constructs following pre-culture in chondrogenic medium for 4 weeks and then subjected to a 
mechanical loading regime for either 28 and 56 days are shown in Figure 86 and summarised 
Table 2. At 18 % strain, the moduli of non-loaded constructs increased gradually at each time 
Figure 85: DNA content of synoviocyte/PET constructs following pre-culture in chondrogenic 
medium for 4 weeks and then subjected to a mechanical loading regime for either 28 and 56 days. L ≡ 





Significantly greater DNA content was seen in loaded constructs compared to non-loaded constructs at 
each individual time point. Significant increase in DNA content was observed from Day 0 to Day 28 in 
both loaded and non-loaded constructs and this continued to be statistically significant  from Day 28 to 
Day 56 in loaded constructs. No significant differences were seen between native cartilage and 
constructs at Day 0 but DNA content in native cartilage was significant lower than in both loaded and 
non-loaded constructs at Day 28 and Day 56. Data represented as means ± SD (n=6). Data was analysed 
by one way ANOVA. * indicates significant difference in non-loaded and loaded constructs and # 
indicates significant difference in comparison with the native cartilage. * ≡ p <0.05, ** ≡ p <0.01, *** ≡ 
p <0.001, **** ≡ p <0.0001. 
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point, from an average of 0.07 ± 0.01 MPa at Day 0 to a mean of 0.39 ± 0.16 MPa at Day 56 
(Table 2). Loaded constructs had a significant increase in moduli at Day 28 (average of 0.58 ± 
0.29 MPa) (p <0.01, Figure 86); these loaded constructs had a higher mean value at Day 56 
(0.88 ± 0.45 MPa) but this was not significantly different to Day 28 (Table 2). Loaded 
constructs had greater moduli values than non-loaded constructs at each time point, with a 
significant difference observed at Day 56 (p <0.01, Figure 86). At Day 28, loaded constructs 
had 2x greater moduli values than the non-loaded constructs and 2.3x at Day 56 (Figure 86). 
Thus, the greatest effect of mechanical loading on constructs compressive moduli occurred 
between Day 28 and Day 56.  
 
** ** 
Figure 86: Compressive moduli measured at 18 % strain for synoviocyte/PET constructs under 1 
Hz 20 % cyclic strain following pre-culture in chondrogenic medium for 4 weeks and then 
subjected to a mechanical loading regime for either 28 and 56 days. L ≡ Loaded (dark grey) , NL 
≡ Non-loaded constructs (light grey). 
No significant differences were observed between loaded and non-loaded constructs except for moduli 
of loaded constructs which was significantly greater at Day 56 compared with non-loaded constructs. 
Significant increase in moduli was observed from Day 0 to Day 28 in loaded constructs. Data was 
analysed by one way ANOVA. ** ≡ p <0.01 (n=8). 
- 208 - 
  
Table 2: Tangential compressive modulus measured at 18 % strain of non-loaded and loaded 
synoviocyte/PET constructs following pre-culture in chondrogenic medium for 4 weeks and then 
subjected to a mechanical loading regime for either 28 and 56 days.  
 
Non-loaded construct modulus at 18 
% Strain (± SD) (MPa) 
Loaded construct modulus at 18 % 
Strain (± SD) (MPa) 
Day 0 0.067 (± 0.011) 0.067 (± 0.011) 
Day 28 0.282 (± 0.07) 0.575 (± 0.288) 
Day 56 0.389 (± 0.163) 0.882 (± 0.448) 
 
5.4.3 Histology of Pre-Cultured Synoviocyte/PET Constructs Subjected to 
Compressive Mechanical Loading  
In order to identify matrix components and provide a visual impression of cellular and matrix 
distribution within the constructs, histological and immunohistochemical staining were used. A 
histological staining combination of Alcian blue/Sirius red was used to visualise sGAG and 
collagen, respectively, and immunohistochemistry was used to identify collagen Type I and 
collagen Type II. Collagen Type II and high levels of sGAG are classical markers for cartilage, 
detection of their presence would support the deposition of cartilage-like matrix [25], [299]. 
Collagen Type I is not found in cartilage (with the exception of small quantities at the 
superficial layer) [300] and was therefore used as a negative maker.  
As a control, the histological appearance of a decalcified bovine osteochondral plug, probed 
with antibodies for collagen type I or collagen type II is shown in Figure 87. Collagen type II 
staining was observed in the articular cartilage (Figure 87A), as would be expected. Staining for 
collagen type II was not seen in the bone (Figure 87A), again, as would be expected. Collagen 
type I staining was observed in the bone and not seen on the articular cartilage layer (Figure 
87C), also as would be expected. There was no evidence of co-localisation of the two 
antibodies. The results showed that the antibodies were reacting in a specific manner and were 
therefore, suitable to use on experimental constructs.   
Negative immunohistochemical control sections (where incubation of the primary antibody had 
been omitted) are shown in Figure 87B, Figure 87D and Figure 88. There was no visible 
staining present, indicating the wash steps and the secondary antibody procedure did not cause 
false positive staining.  
The histological appearance of the loaded and non-loaded constructs at different time points 
(Day 0, 28 and 56) of the culture period are shown in Figure 89 to 102. The data are 
summarised below.  
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At Day 0 (i.e. after 4 weeks pre-culture in chondrogenic medium but before application of 
mechanical loading), a low level of staining was seen for collagen type I, collagen type II and  
with Alcian blue (Figure 89 to 91).  
By Day 28, there was a noticeable increase in immunostaining for Collagen type II and in 
staining with Alcian blue in both loaded and non-loaded constructs, suggesting the deposition of 
cartilage-like matrix (Figure 92 to 98). However, the staining intensity for both Collagen type II 
and Alcian blue were still low in comparison to that seen in the native cartilage (Figure 87A and 
87C). Staining for Collagen type II and Alcian blue was primarily found at the edges of the 
construct and either the top or bottom face of the construct (it was not possible to determine 
which way up the constructs had been position after processing), suggesting the laying down of 
cartilage-like matrix appeared to first occur at these regions of the construct. This was 
particularly apparent in one of the non-loaded constructs (Figure 93) and two of the loaded 
constructs (Figure 95 and Figure 97). Collagen type I immunostaining slightly increased 
throughout all constructs compared to those at Day 0. There were no discernible differences in 
staining between loaded and non-loaded construct by Day 28, apart from one of the non-loaded 
constructs having a considerably stronger staining intensity for collagen type II and Alcian blue 
than other constructs (Figure 93). In addition, with regards to construct shape, loaded constructs 
had a uniform shape (Figure 93 to 97) whilst non-loaded constructs were non-uniform (this is 
particularly evident in Figure 92 and Figure 94). 
By Day 56, there was no discernible differences in any of the staining in non-loaded constructs 
compared with those at Day 28, with the exception that one of the non-loaded constructs 
displayed further increase in straining for Alcian blue at the periphery of the construct, as shown 
in Figure 98. There was slight increase in Alcian blue staining at Day 56 for loaded constructs 
compared to those at Day 28. Strong Alcian blue staining appeared around the circumferential 
edge of the loaded constructs (this is particularly evident in Figure 100 and Figure 102) and low 
level staining occurred in areas toward the cores of two of the constructs (Figure 100 and Figure 
102). In addition, at Day 56 there were visible differences in histological appearance between 
loaded and non-loaded constructs. Loaded constructs had greater staining intensity than the non-
loaded constructs at Day 56, apart from one non-loaded construct with strong Alcian blue 
staining at the surface, as seen in Figure 98. Both loaded and non-loaded constructs had a 
uniform shape but non-loaded construct thickness was considerably thicker than the loaded 
construct ones.  
 











Figure 87: Histological appearance of sections of decalcified bovine osteochondral plugs. Sections stained with 
(A) antibodies to Collagen type II, (C) antibodies to Collagen type I, (E) Alcian blue/Sirius red and without the 
inclusion of either (B) Collagen type II or (D) Collagen type I primary antibody. 
 (A) Strong positive Collagen type II staining was seen for the articular cartilage and no staining in the subchondral 
bone, (B) no collagen type II staining was seen in either articular cartilage and subchondral bone for controls, (C) 
no Collagen type I staining was seen in articular cartilage but positive type I staining was evident in subchondral 
bone, (D) no Collagen type I staining was seen in either articular cartilage and subchondral bone in controls. Scale 
bar 500 µm, (E) strong Alcian blue staining of articular cartilage and strong Sirius red staining of subchondral bone 










Figure 88: Negative controls for immunochemistry. Histological appearance of sections from two 
constructs at Day 56 of mechanical loading stained without the inclusion of either Collagen type I or 
Collagen type II primary antibodies. Two images captured from each end of the constructs are collaged 
and shown in each case, representing the entire construct. 
There was a lack of staining throughout the sections, suggesting an absences of non-specific staining. 
Scale bar 500 µm. 








Figure 89: Histological appearance of sections from a construct at Day 0 (Sample 1) after 4 weeks of 
pre-culture in chondrogenic medium (prior to application of mechanical loading). Sections stained with 
(A) antibodies to Collagen type I, (B) antibodies to Collagen type II and (C) Alcian blue/Sirius red. Two 
images captured from each end of the constructs are shown collaged in each case, representing the 
entire construct.  
There was no obvious immunostaining for both collagen types and a lack of blue or red staining in the 
Alcian blue/Sirius red stained sections. Circle highlighting PET scaffold fibre. Scale bar 500 µm. 








Figure 90: Histological appearance of sections from a construct at Day 0 (Sample 2) after 4 weeks of pre-
culture in chondrogenic medium (prior to application of mechanical loading). Sections stained with (A) 
antibodies to Collagen type I, (B) antibodies to Collagen type II and (C) Alcian blue/Sirius red. Two 
images captured from each end of the constructs are shown in each case, representing the entire 
construct. 
There was no obvious immunostaining for both collagen types and a lack of blue or red staining in the Alcian 
blue / Sirius red stained sections. Circle highlighting PET scaffold fibre. Scale bar 500 µm. 
 











Figure 91: Histological appearance of sections from a construct at Day 0 (Sample 3) after 4 weeks of 
pre-culture in chondrogenic medium (prior to application of mechanical loading). Sections stained with 
(A) antibodies to Collagen type I, (B) antibodies to Collagen type II and (C) Alcian blue / Sirius red. 
Two images captured from each end of the constructs are shown collaged in each case, representing the 
entire construct. 
There was no obvious immunostaining for both collagen types and a lack of blue or red staining in the 
Alcian blue / Sirius red stained sections. Circle highlighting PET scaffold fibre. Scale bar 500 µm. 
 









Figure 92: Histological appearance of sections from a non-loaded construct at Day 28 (Sample 1) of 
culture without the presence of mechanical loading. Sections stained with (A) antibodies to Collagen 
type I, (B) antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured from 
each end of the constructs are shown collaged in each case, representing the entire construct. 
There was a slight increase in staining for collagen type II and Alcian blue, compared to constructs at  Day 
0. Also note the non-uniform cross-sectioned shape. Circle highlighting PET scaffold fibre. Scale bar 500 
µm. 









Figure 93: Histological appearance of sections from a non-loaded construct at Day 28 (Sample 2) of 
culture without the presence of mechanical loading. Sections stained with (A) antibodies to Collagen 
type I, (B) antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured from 
each end of the constructs are shown collaged in each case, representing the entire construct. 
There was an increase in staining for collagen type II and Alcian blue, compared to constructs at  Day 0. 
Also note the non-uniform cross-sectioned shape. Circle highlighting PET scaffold fibre. Scale bar 500 
µm. 
 









Figure 94: Histological appearance of sections from a non-loaded construct at Day 28 (Sample 3) of culture 
without the presence of mechanical loading. Sections stained with (A) antibodies to Collagen type I, (B) 
antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured from each end of the 
constructs are shown collaged  in each case, representing the entire construct.  
There was a slight increase in staining for collagen type II and Alcian blue, compared to constructs at  Day 0. 
Also note the non-uniform cross-sectioned shape. Circle highlighting PET scaffold fibre. Scale bar 500 µm. 
 











Figure 95: Histological appearance of sections from a loaded construct at Day 28 (Sample 1) of culture 
with the presence of mechanical loading. Sections stained with (A) antibodies to Collagen type I, (B) 
antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured from each end of 
the constructs are shown collaged in each case, representing the entire construct. 
There was a slight increase in staining for collagen type II and Alcian blue, compared to constructs at  Day 0. 
Circle highlighting PET scaffold fibre. Scale bar 500 µm. 
 









Figure 96: Histological appearance of sections from a loaded construct at Day 28 (Sample 2) of culture 
with the presence of mechanical loading. Sections stained with (A) antibodies to Collagen type I, (B) 
antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured from each end of 
the constructs are shown in each case, representing the entire construct. 
There was a slight increase in staining for collagen type II and Alcian blue, compared to constructs at  Day 0. 
Circle highlighting PET scaffold fibre. Scale bar 500 µm. 
 












Figure 97: Histological appearance of sections from a loaded construct at Day 28 (Sample 3) of culture 
with the presence of mechanical loading. Sections stained with (A) antibodies to Collagen type I, (B) 
antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured from each end of 
the constructs are shown collaged  in each case, representing the entire construct. 
There was a slight increase in staining for collagen type II and Alcian blue, compared to constructs at  Day 
0. Circle highlighting PET scaffold fibre. Scale bar 500 µm. 
. 













Figure 98: Histological appearance of sections from a non-loaded construct at Day 56 (Sample 1) of 
culture without the presence of mechanical loading. Sections stained with (A) antibodies to Collagen 
type I, (B) antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured from 
each end of the constructs are shown collaged in each case, representing the entire construct. 
Further increased staining for Alcian blue and similar staining intensity for collagen type II, together with 
increased construct  thickness, in comparison to Day 28 can be seen. Circle highlighting PET scaffold fibre. 
Scale bar 500 µm. 












Figure 99: Histological appearance of sections from a non-loaded construct at Day 56 (Sample 2) of 
culture without the presence of mechanical loading. Sections stained with (A) antibodies to Collagen type 
I, (B) antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured from each end 
of the constructs are shown in each case, representing the entire construct. 
Similar staining intensity for collagen type II and Alcian blue, together with an increased uniform  construct 
cross-sectional thickness can be seen when compared to Day 28. Circle highlighting PET scaffold fibre. 
Scale bar 500 µm. 













Figure 100: Histological appearance of sections from a loaded construct at Day 56 (Sample 1) of 
culture with the presence of mechanical loading. Sections stained with (A) antibodies to Collagen 
type I, (B) antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured from 
each end of the constructs are shown collaged in each case, representing the entire construct. 
A similar staining intensity for collagen type II and Alcian blue, can be seen compared to Day 28. There was 
also a decreased construct thickness, compared with non-loaded constructs. Arrow indicating cartilage-
matrix deposited in locations toward the core of the construct. Circle highlighting PET scaffold fibre. Scale 
bar 500 µm. 













Figure 101: Histological appearance of sections from a loaded construct at Day 56 (Sample 2) of 
culture with the presence of mechanical loading. Sections stained with (A) antibodies to Collagen 
type I, (B) antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured 
from each end of the constructs are shown collaged  in each case, representing the entire construct. 
A similar staining intensity for collagen type II and Alcian blue, can be seen compared to Day 28. 
There was also a decreased construct thickness, compared with non-loaded constructs. Circle 
highlighting PET scaffold fibre. Scale bar 500 µm. 
 












Figure 102: Histological appearance of sections from a loaded construct at Day 56 (Sample 3) of 
culture with the presence of mechanical loading. Sections stained with (A) antibodies to Collagen 
type I, (B) antibodies to Collagen type II and (C) Alcian blue / Sirius red. Two images captured 
from each end of the constructs are shown collaged in each case, representing the entire 
construct. 
A similar staining intensity for collagen type II and Alcian blue, can be seen compared to Day 28. 
There was also a decreased construct thickness, compared with non-loaded constructs. Arrow 
indicating cartilage-matrix deposited in locations toward the core of the construct. Circle highlighting 
PET scaffold fibre. Scale bar 500 µm. 
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5.4.4 Confocal Microscopy of Synoviocytes within Compressed and 
Uncompressed Constructs under Incremental Compressive Strains 
In order to determine the cellular deformation behaviour in constructs subjected to incremental 
compressive strains, staining using Hoechst 33342 and CellMask green plasma membrane stains 
(described in Chapter 3) was used to fluorescently label and visualise the synoviocytes within 
the constructs, coupled with confocal microscopy. A novel compression device (described in 
Chapter 2) was then used for tissue  strain application. Confocal images of randomly selected 
synoviocytes were captured (i) in the uncompressed state, (ii) during an estimated strain applied 
by the bioreactor during mechanical loading and (ii) during 28 % compressive strain for both 
loaded and non-loaded constructs developed at different time points (Day 0, 28 and 56) (Figure 
103 to 107). Five constructs from each loaded and non-loaded group were imaged. Two 
constructs in each group are displayed in this section. There was a considerable change in 
synoviocyte morphology between loaded and non-loaded constructs developed at different time 
points (Day 0, 28 and 56) (Figure 103 to 107).  
At Day 0 of the mechanical loading experiment (i.e. after 4 weeks of pre-culture in 
chondrogenic medium but before the mechanical loading commenced), large numbers of 
synoviocytes were observed within the uncompressed, immature constructs (Figure 103A and 
Figure 103D). Cells within the dense population of synoviocytes appeared to be thin and 
elongated in shape and were found to congregate in clusters near the PET scaffold fibres within 
the constructs (Label 1, Figure 103). Due to the synoviocytes being so densely packed, it was 
not possible to determine the individual cell boundaries that is a  necessary requirement for 
morphometric measurements, presenting an extremely difficult challenge for cell deformation 
quantification analysis later in this study. During the application of compressive strains 
(estimated strain subjected during mechanical loading and the maximum 28 % strain applied), 
synoviocyte boundaries remained difficult to identify due their close proximity to one another 
(Figure 103B, Figure 103C, Figure 103E and Figure 103D).  
The morphology and distribution of synoviocytes within non-loaded constructs are shown in 
Figure 104 and Figure 106. At Day 28, synoviocytes remained spindle-like in morphology 
(Label 1, Figure 104). There was no discernible difference in morphology between synoviocytes 
in non-loaded constructs at Day 28 (Figure 104) and those in Day 0 (Figure 103). Large 
numbers of synoviocytes continued to congregate closely together (Figure 104) similar to the 
observation seen in Day 0 constructs (Figure 103). By Day 56, some synoviocytes became more 
spread in morphology with larger projected areas but the majority remained elongated in shape 
(Label 2 and Label 3, Figure 106). Synoviocytes with a spread morphology perhaps suggested 
that they may be undergoing differentiation. Thin protrusions in spreading synoviocytes were 
observed in non-loaded constructs at Day 56 (Figure 106), indicating that cell-cell and cell-
matrix interactions and adhesions may be taking place. These thin projected areas would 
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comprise of the cell’s internal cytoskeleton (actin filaments, microtubules and intermediate 
filaments) which allows the synoviocyte to move and connect to other synoviocytes or the 
ECM, via their respective cadherins and intergins. The synoviocytes at Day 56 (Label 1, Figure 
106) were more sparsely distributed compared to earlier time points (Day 0 and 28), allowing 
the clear identification of cell boundaries and consequently making it possible for cell 
deformation quantification analysis later in this study.   
The morphology and distribution of synoviocytes within loaded constructs changed 
significantly throughout the entire 56 days of culture (Figure 105 and Figure 107). At Day 28, 
synoviocytes were more spread in morphology (Label 1, Figure 105) compared to those at Day 
0 and those seen in the non-loaded constructs at Day 28 (Figure 103 and Figure 104), perhaps 
indicating that synoviocytes were stimulated towards differentiation by the mechanical loading. 
Synoviocytes were sparsely distributed within the loaded constructs at Day 28 (Label 3, Figure 
105) compared to those in Day 0 and those in non-loaded constructs at Day 28 (Figure 103 and 
Figure 104). Some synoviocytes were seemingly in close proximity with each other and thin 
cellular protrusions were observed, suggesting that cell-cell and cell-matrix interactions might 
be taking place (Label 1, Figure 105). By Day 56, synoviocytes continued to be spread in 
morphology and were sparsely distributed (Label 1 and Label 2, Figure 107). Thin cellular 
protrusions were still seen in these spreading synoviocytes, suggesting continual cell-cell and 
cell-matrix interactions and adhesions within the constructs. Due to the sparse distribution of 
synoviocytes in loaded constructs, synoviocytes with clear cell boundaries could be identified 
and so  analysed for cell deformation later in this study.
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Figure 103: 3D volume images of 
synoviocytes in both uncompressed 
and compressed state within two 
construct samples (1,2) at Day 0 
stained with Hoechst 33342 (blue) 
and CellMask green plasma 
membrane stains (green) for nuclei 
and plasma membrane respectively; 
images of synoviocytes captured 
during 0 %, estimated strain 
applied during mechanical loading 
(23 % for both samples) and 28 % 
compressive tissue strain in Sample 
1 (A, B, C) and Sample 2 (D, E, F). 
Images are presented in the Z-
plane. 
Dense populations of synoviocytes 
with spindle-like morphologies 
could be seen around the scaffold 
fibres in both uncompressed and 
compressed states within constructs 
at Day 0 (Label 1). Blue 
fluorescence signal was picked up 
by the scaffold fibres in the PET 
scaffold (Label 2). Scale bar 80 µm. 
 
 
Sample 1 – Day 0 
Sample 2 – Day 0 
0 % strain 23 % strain 28 % strain 













80 µm 80 µm 80 µm 
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Dense populations of  synoviocytes 
with spindle-like morphologies 
could be seen in both uncompressed 
and compressed states within the 
non-loaded constructs at Day 28 
similar to those seen at Day 0 (Label 
1). Blue fluorescence signal was 
picked up by the scaffold fibres in 
the PET scaffold (Label 2). Scale 




Figure 104: 3D volume images of 
synoviocytes in both uncompressed 
and compressed state within two 
non-loaded construct samples (1,2) 
at Day 28 stained with Hoechst 
33342 (blue) and CellMask green 
plasma membrane stains (green) for 
nuclei and plasma membrane 
respectively; images of synoviocytes 
captured during 0 %, estimated 
strain applied during mechanical 
loading (23 % for Sample 1 and 22.4 
% for Sample 2) and 28 % 
compressive tissue strain in Sample 
1 (A, B, C) and Sample 2 (D, E, F). 
Images are presented in the Z-
plane. 
22.4 % strain 
Sample 1 – Non-loaded – Day 28 
Sample 2 – Non-loaded – Day 28 
0 % strain 23 % strain 28 % strain 
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A more spread synoviocyte 
morphology with thin cellular 
protrusions can be seen  in both the 
uncompressed and compressed state 
within the loaded constructs at Day 28 
compared to those at Day 0 and those 
in non-loaded constructs at Day 28 
(Label 1). Synoviocytes were also 
more sparsely distributed  though still 
in close proximity with each other, 
suggesting of cell-cell interactions 
(Label 3). Blue fluorescence signal 
was picked up by the scaffold fibres in 
the PET scaffold (Label 2). Scale bar 
80 µm. 
Figure 105: 3D volume images of 
synoviocytes in both uncompressed 
and compressed state within two 
loaded construct samples (1,2) at 
Day 28 stained with Hoechst 33342 
(blue) and CellMask green plasma 
membrane stains (green) for nuclei 
and plasma membrane respectively; 
images of synoviocytes captured 
during 0 %, estimated strain 
applied during mechanical loading 
(13.2 % for Sample 1 and 13.5 % 
for Sample 2) and 28 % 
compressive tissue strain in Sample 
1 (A, B, C) and Sample 2 (D, E, F). 
Images are presented in the Z-
plane. 
13.5 % strain 
Sample 1 – Loaded – Day 28 
Sample 2 – Loaded – Day 28 
0 % strain 13.2 % strain 28 % strain 
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The majority of synoviocytes appeared 
to be spindle-like in shape (Label 3) but 
some could be seen with a more spread 
morphology (Label 2) in both 
uncompressed and compressed states 
within the non-loaded constructs at Day 
56, in comparison to those in non-
loaded constructs at Day 28. 
Synoviocytes distributed more sparsely 
within the construct compared to earlier 
time points (Day 0 and non-loaded 
constructs at Day 28) (Label 1). Blue 
fluorescence signal was picked up by 
the scaffold fibres in the PET scaffold 
(Label 4). Scale bar 80 µm.  
Figure 106: 3D volume images of 
synoviocytes in both uncompressed 
and compressed state within two non-
loaded construct samples (1,2) at Day 
56 stained with Hoechst 33342 (blue) 
and CellMask green plasma 
membrane stains (green) for nuclei 
and plasma membrane respectively; 
images of synoviocytes captured 
during 0 %, estimated strain applied 
during mechanical loading (23.1 % 
for Sample 1 and 21 % for Sample 2) 
and 28 % compressive tissue strain in 
Sample 1 (A, B, C) and Sample 2 (D, 
E, F). Images are presented in the Z-
plane. 
21 % strain 
Sample 1 – Non-loaded – Day 56 
Sample 2 – Non-loaded – Day 56 
0 % strain 23.1 % strain 28 % strain 
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Figure 107: 3D volume images of 
synoviocytes in both uncompressed 
and compressed state within two 
loaded construct samples (1,2) at Day 
56 stained with Hoechst 33342 (blue) 
and CellMask green plasma 
membrane stains (green) for nuclei 
and plasma membrane respectively; 
images of synoviocytes captured 
during 0 %, estimated strain applied 
during mechanical loading (14.7 % 
for Sample 1 and 12.4 % for Sample 
2) and 28 % compressive tissue strain 
in Sample 1 (A, B, C) and Sample 2 
(D, E, F). Images are presented in the 
Z-plane. 
A spread morphology for the 
synoviocytes, together with multiple 
this cell processes were seen in both 
uncompressed and compressed states 
within the loaded constructs at Day 56, 
similar to those in loaded constructs at 
Day 28 (Label 1). The cell density was 
also more sparse  compared with Day 0 
and with unloaded constructs though 
cells were still in close proximity with 
one another, suggesting the possibility 
of cell-cell interactions (Label 3). Blue 
fluorescence signal was picked up by 
the scaffold fibres in the PET scaffold 
(Label 2). Scale bar 80 µm. 
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5.4.5 Quantification of Synoviocyte Deformation under Incremental 
Compressive Tissue Strains In Constructs via Amira: Morphometric 
Measurements 
In order to determine the deformation behaviour of synoviocytes in constructs under 
compressive tissue stains, confocal images of synoviocytes were captured as previously 
described in Section 5.3.7 in an uncompressed state and during applied compressive strains for 
both loaded and non-loaded constructs developed at different time points. Constructs stained 
with Hoechst 33342 and CellMask Green plasma membrane stains were placed in to the newly 
developed device (see Chapter 3) and viewed under confocal microscopy at (i) zero strain, (ii) 
an estimated percentage in applied compressive strain during mechanical loading in the 
bioreactor and (iii) 28 % applied compressive strain. After an equilibration period of 30 mins in 
each case, images of different populations of synoviocytes were acquired. However, constructs 
developed at Day 0 and Day 28 were excluded for synoviocyte deformation quantification 
analysis due to the extremely high cell densities within these constructs which consequently 
made identification of the outline of the synoviocytes (necessary for morphometric 
measurements) impossible. Morphometric changes were therefore only recorded and compared 
between loaded and non-loaded constructs after 56 days of culture as synoviocytes showed 
defined boundaries at this time point (as shown in Figure 106 and Figure 107). Data was 
collected for 10 different synoviocytes in each case per construct and from two different 
constructs in each loaded and non-loaded group. Amira software was used to quantify 
synoviocyte morphometric parameters including: cell length, width, height, volume and 
sphericity (see Section 4.3.6.2 for full methodology). The resulting data is presented as mean 
values ± SD for all synoviocytes in each of the two constructs per loaded and non-loaded groups 
and compared statistically at each strain value.   
In loaded constructs in the uncompressed state, the mean (± SD) volume, sphericity, height, 
length and width of the synoviocytes were 6203 ± 1348 µm3 and 4341 ± 1409 µm3, 0.42 ± 0.05 
and 0.41 ± 0.08, 14.2 ± 2.3 µm and 9.8 ± 1.4 µm, 85.2 ± 16.2 µm and 90.1 ± 23 µm and 15.9 ± 
1.2 µm and 12 ± 1.4 µm in Sample 1 and Sample 2, respectively (Table 3). In uncompressed 
non-loaded constructs, the mean (± SD) volume, sphericity, height, length and width of the 
synoviocytes were 6804 ± 2904 µm3 and 6179 ± 2320 µm3, 0.30 ± 0.07 and 0.32 ± 0.03, 11.6 ± 
2.1 µm and 9.4 ± 2.9 µm, 138.1 ± 43.6 µm and 122.4 ± 27.3 µm and 18.3 ± 3.4 µm and 15.4 ± 
4.3 µm in Sample 1 and Sample 2, respectively (Table 3). There were no discernible differences 
in morphometric measurements between uncompressed synoviocytes within loaded and non-
loaded constructs at Day 56.  
Application of incremental compressive tissue strains on non-loaded constructs resulted in 
significant observable effects on synoviocyte morphology. Morphometric changes for 
synoviocytes in each non-loaded construct sample (n = 2) following application of compressive 
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tissue strains are presented as mean values ± SD  in Figure 108A-H. Synoviocyte volume tended 
to decrease in non-loaded constructs with applied tissue strain (Figure 108C and Figure 37E), 
with the decrease being statistically significant only in Sample 2 when comparing synoviocytes 
in the uncompressed state and those at 28 % strain (p <0.05, Figure 108E) and synoviocytes 
under an estimated strain applied to the constructs during mechanical loading in the bioreactor 
(21 %) compared to those at 28 % compressive tissue strain (p <0.05, Figure 108E). Under the 
application of estimated strain applied during mechanical loading in the bioreactor (23.1 % 
strain for Sample 1 and 21 % for Sample 2, respectively) and 28 % compressive cartilage strain, 
sphericity appeared to be consistent with no significant differences (Figure 108B and Figure 
108F). Cell height in Sample 2 tended to decrease with applied tissue strain but it was not 
statistically significant (Figure 108G). However, a significant decrease in cell height was 
observed for Sample 1 at 23.1 % and 28 % applied tissue strain (p <0.01 and p <0.0001, Figure 
108C). Following application of incremental compressive tissue strain, there was no significant 
effects on the length and width of the synoviocytes in non-loaded construct samples (Figure 
108D and Figure 108H), apart from a significant reduction in cell width in Sample 1 between 
cells in the uncompressed state to compared to those at the estimated strain applied during 
mechanical loading in the bioreactor (23.1 %) and 28 % strain (p <0.01, Figure 108D). 
The morphometric measurements of synoviocytes within loaded constructs following 
application of compressive tissue strains are presented in Figure 109A-H. Following applied 
tissue strains to loaded constructs (estimated applied strain during mechanical loading in the 
bioreactor of 14.7 % for Sample 1 and 12.4 % for Sample 2, respectively, and 28 % 
compressive strain), no significant difference was observed in cell volume, height, width and 
length of synoviocytes (Sample 1 and Sample 2) (Figure 109). There was also no significant 
change in sphericity in both loaded constructs (Sample 1 and Sample 2), with the exception that 
a significant decrease in sphericity was observed in Sample 1 between synoviocytes at 0 % and 






Table 3: Mean values ± SD of morphometric measurements for 10 different synoviocytes in the 
uncompressed state from two constructs in each of the loaded and non-loaded group at Day 56; cell 
volume, sphericity, height, length and width. 
Day 56 Volume Sphericity Height Length Width 








(±SD) (µm3) (±SD) (±SD) (µm) (±SD) (µm) (±SD) (µm) 
Non-loaded 
Sample 1 
6804 ± 2904 0.30 ± 0.07 11.6 ± 2.1 138.1 ± 43.6 18.3 ± 3.4 
Non-loaded 
Sample 2 
6179 ± 2320 0.32 ± 0.03 9.4  ± 2.9 122.4 ± 27.3 15.4 ± 4.3 
Loaded 
Sample 1 
6203 ± 1348 0.42 ± 0.05 14.2 ± 2.3 85.2 ± 16.2 15.9 ± 1.2 
Loaded 
Sample 2 
4341 ± 1409 0.41 ± 0.08 9.8  ± 1.4 90.1 ± 23 12 ± 1.4 
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Sample 1 –  Non-loaded – Day 56 

















Figure 108: Mean values ± SD of morphometric measurements for 10 different synoviocytes from two non-loaded construct samples at Day 56 (Sample 1 and Sample 2 = top and bottom 
rows) under different experimental conditions (uncompressed state, estimated strain experienced by the constructs during mechanical loading in the bioreactor (23.1 % for Sample 1 and 21 
% for Sample 2, respectively) and 28 % compressive tissue strain); cell volume, sphericity, height, width and length for sample 1 (A, B, C, D) and sample 2 (E, F, G, H). Dotted line in (B, F) 
indicates the value for a prefect sphere. A significant decrease in cell volume was only observed in Sample 2 between synoviocytes in the uncompressed state and those at 28 % strain. 
Sphericity remained largely consistent irrespective of applied tissue strain in both samples. Significant decrease in cell height was only observed for synoviocytes in Sample 1 with application 
of 23.1 % and 28 % compressive tissue strains. No significant differences in cell length and width with applied tissue strain were observed in both samples, apart from significant decreases in 








Statistical analysis was performed using one way ANOVA with compressive strain as the between subject factor after data normality was determined. Turkey’s post doc test was used for comparison 
between synoviocytes within non-loaded constructs in the uncompressed state and during estimated compressive strain applied during mechanical loading (23.1 % for Sample 1 and 21 % for Sample 2, 
respectively) and 28 % compression. * ≡ p <0.05, ** ≡ p <0.01, **** ≡ p <0.0001. 
 


















Sample 1 – Loaded – Day 56 
Sample 2 – Loaded – Day 56 
Figure 109: Mean values ± SD of morphometric measurements for 10 different synoviocytes from two loaded construct samples at Day 56 (Sample 1 and Sample 2 = top and bottom rows) 
under different experimental conditions (uncompressed state, estimated strain experienced by the constructs during mechanical loading in the bioreactor (14.7 % for Sample 1 and 12.4 
% for Sample 2, respectively) and 28 % compressive tissue strain); cell volume, sphericity, height, width and length for Sample 1 (A, B, C, D) and Sample 2 (E, F, G, H). Dotted line in (B, 
F) indicates the value for a prefect sphere. No significant change in cell volume, height, length and width were observed for all samples with applications of estimated strain applied 
during mechanical loading in the bioreactor and 28 % compressive tissue strain. Sphericity also remained largely consistent irrespective of applied tissue strain in both samples, apart 
from a significant decrease in sphericity in Sample 1 between synoviocytes in the uncompressed state and those at 28 % strain. 
* 
Statistical analysis was performed using one way ANOVA with compressive strain as the between subject factor after data normality was determined. Turkey’s post doc test was used for 
comparison between synoviocytes within loaded constructs in the uncompressed state and during estimated compressive strain applied during mechanical loading (14.7 % for Sample 1 and 12.4% 
for Sample 2, respectively)  and 28 % compression. * ≡ p <0.05. 
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5.5 Discussion 
The aim of this study was to determine cell deformation behaviour under compression in 
cartilage constructs developed at different time points in order to gain a better understanding on 
the loading mechanism that was previously used by Finlay et al. (2016) [1] for the creation of 
mechanically functional constructs for long term cartilage repair. The relationship between 
applied tissue strain and resulting cellular strain was of particular interest. By understanding the 
effect of the mechanical loading to which the residing cells are subjected within constructs 
developed at different stages, information for improving the rate of quality matrix deposition 
would be provided which in turn would provide consequential benefits for accelerated clinical 
translation. 
In Finlay et al. (2016) study [1], there was no significant difference in compressive modulus 
values and histological appearance for constructs after 56 and  84 days of mechanical loading. 
This suggested that the constructs had reached a plateau in mechanical stiffness. For this reason,  
constructs that had been cultured ± loading for up to 56 days were used in this study.  
The progress of construct maturation was assessed by analysing the collagen, sGAG and DNA 
content, compressive moduli and histological appearance of loaded and non-loaded constructs at 
each time point (Day 0, Day 28 and Day 56). Synoviocyte morphology within the constructs at 
the different time points was viewed by the use of confocal microscopy under incremental 
compressive strains (estimated strain experienced by each construct during mechanical loading 
within the bioreactor and 28 % compressive tissue strain). Due to the high cell density of the 
synoviocytes within the constructs at earlier time points, the morphometric changes were 
measured and quantified only in loaded and non-loaded constructs at Day 56. From these 
results, the protein (sGAG and collagen) and DNA content along with the histological findings 
and compressive properties of the constructs might be associated with the cell deformation 
characteristics observed within both loaded and non-loaded constructs.      
5.5.1 The Effect of Compressive Mechanical Loading on the Collagen and 
Sulphated Glycosaminoglycan Content of Pre-Cultured 
Synoviocyte/PET Constructs  
The collagen content of all constructs was found to significantly increase between Day 0 and 
Day 28 and also between Day 28 and Day 56 for those constructs subjected to mechanical 
loading ( p <0.05, Figure 83). The sGAG content also increased significantly in both loaded and 
non-loaded constructs between Day 0 and Day 28 but remained at a similar level at Day 56 (p 
<0.05, Figure 83). There were no significant differences in both collagen and sGAG content 
between loaded and non-loaded constructs at each time point (Figure 82 and Figure 83).  
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Collagen (primarily type II collagen) and glycosaminoglycans are typically found as major 
ECM components within native articular cartilage. The significant increase in collagen and 
sGAG content seen in the constructs after 28 days suggests an ECM that has characteristics 
similar to native cartilage was initially deposited during synoviocyte differentiation under 
chondrogenic medium conditions during this time period. At Day 56, the observed sustained 
higher levels of collagen and sGAG indicate further elaboration of cartilage-like matrix within 
the constructs. The deposition of a cartilage-like matrix in the constructs was further supported 
by the increased intensity of Alcian blue staining and type II collagen immune-positive staining, 
with low immune-positive staining for type I collagen in constructs at Day 28 and Day 56 
(Figure 92 to Figure 102). The increased collagen and sGAG content observed in the constructs 
during the entire culture period was also commensurate with an observed increase in 
compressive moduli (Figure 86).   
There were no statistically significant differences in both increased collagen and sGAG content 
between loaded and non-loaded constructs at each time point (Figure 83 and Figure 84). This 
suggests that both phenomena are caused by a shared circumstance, such as the factors 
(dexamethasone and TGF-β3) contained in the chondrogenic medium, which both were cultured 
in. The synoviocytes were initially seeded onto PET fibre scaffolds and placed in chondrogenic 
medium for 4 weeks, in order to initiate the differentiation of synoviocytes and begin the lay 
down of cartilage-like matrix. However, the lack of histological staining with Alcian blue and 
collagen type II seen in Day 0 constructs in this study (Figure 89 to Figure 91) suggested that 
only a very small amount of matrix that is similar to that of native cartilage had been produced 
and this is in line with Finlay et at. (2016) results. As the synoviocytes continued to differentiate 
in chondrogenic medium for the next 28 days, an increased but still small amount of the desired 
cartilage-like matrix was laid down, as indicated by the increase in collagen and sGAG content 
(Figure 83 and Figure 84) and in histological staining (Figure 92 to Figure 97) for cartilage 
matrix. A steady elaboration of cartilage-like matrix by the synoviocytes as a function of their 
increasing exposure to chondrogenic medium continued in all constructs up to Day 56. The 
findings of collagen and sGAG analysis in conjunction with the low intensity of histological 
staining for cartilage-like matrix (despite staining by Alcian blue and collagen type II antibodies 
increasing at Day 28 and remaining at a consistent intensity at Day 56) observed in both loaded 
and non-loaded constructs at Day 28 and Day 56 suggests it took longer than 4 weeks to initiate 
the formation of the desired matrix and cellular phenotype that is receptive to mechanical 
loading. This is further supported by the morphological changes in synoviocytes observed at 
Day 28 in loaded constructs and at Day 56 in non-loaded constructs (Figure 105 and Figure 
106), where there were only limited shifts in cell morphology from the original spindle shaped, 
to a more spread morphology (i.e. large projected areas). 
Both the collagen and sGAG content of loaded and non-loaded constructs were significantly 
lower than that of native cartilage (Figure 83 and Figure 84). This observation corresponds with 
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the histological findings of low Alcian blue staining and type II collagen immune-positive 
staining throughout the loaded and non-loaded constructs at Day 56 (Figure 98 to Figure 102) in 
comparison to the high intensity of staining observed in the native cartilage (Figure 87A and 
Figure 87E). Although cartilage-like matrix deposition in constructs was indicated by the 
increased collagen and sGAG content and histological staining from Day 0, the amount of 
matrix produced by the synoviocytes after 56 days of culture was still very low compared with 
native cartilage which is reflected by the low compressive modulus values (Table 2). 
5.5.2 The Effect of Compressive Mechanical Loading on the DNA Content 
of Pre-Cultured Synoviocyte/PET Constructs  
After the first 28 days of application of mechanical loading to the constructs, the DNA content 
(used as a measure of cellularity within the constructs) significantly increased within both 
loaded and non-loaded constructs, in comparison to those at Day 0 (p <0.0001 and p <0.05, 
Figure 85). Continual increase in DNA content was observed within both loaded and non-
loaded constructs throughout the remaining culture period at Day 56 but it was only statistically 
significant in loaded constructs (p <0.01, Figure 85). The significant increase in cellular content 
in loaded and non-loaded constructs at Day 28 indicated an increase in cell proliferation and this 
presumably continued for loaded constructs up to Day 56. This significant increase in DNA 
content (and therefore cell numbers) throughout the entire culture period observed only in 
loaded constructs suggests that the mechanical loading was stimulating cell proliferation rather 
than differentiation in to a mature chondrocyte phenotype at this later time period. These data 
also imply that the magnitude of the loading sensed by the cells was not harmful, leading to cell 
apoptosis or necrosis and net cell loss. The effect of mechanical stimulation on cell proliferation 
has previously been investigated on chondrocytes in 3D culture [90], [301]–[304]. Studies have 
demonstrated a modulation in the proliferative response to mechanical loading by chondrocytes 
in 3D culture and this is believed to be regulated by the mechantransduction processes through 
different pathways such as stretch-activated ion channels [301] and integrins (specifically α5β1) 
[90]. Significant observations from these studies were that enhanced proliferation caused by 
mechanical loading occurs primarily where immature chondrocytes were involved and secondly 
for cells that have adopted a chondrogenic phenotype (e.g. after treatment with TGF-β3) [90]. 
The process of cartilage growth in a joint is a complex one and consists of multiple stages, with 
immature chondrocytes initially proliferating in response to mechanical loading followed by the 
maturation stage i.e. differentiation in to mature chondrocytes [305]–[307]. In the current work, 
after 4 weeks of pre-culture in chondrogenic medium, the DNA data suggests the synoviocytes 
are behaving in a similar manner to immature chondrocytes which started to proliferate in 
response to mechanical loading throughout the culture period to Day 56. The observation that 
cell proliferation occurs with cells that are in a “receptive” phenotype also implicate the 
importance of pre-culture in chondrogenic medium (that contains TGF-β3) in this study in order 
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to ensure that the synoviocytes are expressing the relevant integrins and becoming more 
chondrocyte-like. TGF-β is known to regulate metabolic processes in articular cartilage and 
numerous studies have demonstrated that the provision of TGF-β can influence the phenotypic 
status of the cells in order to re-express a chondrogenic phenotype [308]–[311]. However, the 
effect of mechanical loading had not stimulated observable cell differentiation.   
The DNA content of non-loaded constructs initially increased significantly at Day 28 and did 
not change significantly between Day 28 and Day 56. In addition, significantly greater DNA 
content was observed in loaded constructs compared to those in non-loaded constructs at each 
time point. This implies that mechanical loading might be the cause for the significant increase 
in cell proliferation at the later time point of Day 56. As expected, native cartilage had 
significantly less DNA content than both loaded and non-loaded constructs (apart from at Day 
0) due to a sparse population of chondrocytes in articular cartilage (Figure 85). 
5.5.3 Histological Appearance of Pre-Cultured Synoviocyte/PET 
Constructs Subjected to Compressive Mechanical Loading 
Histological analysis (of collagen types I and II, and Alcian blue/Sirius red) supported the 
protein (collagen and sGAG) content of the developing constructs, as stated in previous 
sections.  
At Day 28, histological images revealed that the cellular and matrix distribution was similar in 
loaded and non-loaded constructs (Figure 92 to Figure 97). The majority of the cells were 
located at the edges and either the top or bottom face of the constructs which appeared to have a 
flatter morphology and this is where the first evidence of a cartilage-like matrix (staining 
positive for collagen type II and sGAG) had been synthesised and deposited. This could be due 
to nutrient availability, where the surface of the construct would have the greatest amount of 
nutrient available, potentially facilitating more cells to proliferate and differentiate into a 
chondrocyte-like phenotype [312], [313].  
Histological differences observed at Day 56 were apparent between loaded and non-loaded 
constructs (Figure 98 to Figure 102). By Day 56, there was evidence of a slight increase in 
staining intensity of cartilage-like matrix revealed around the periphery of the loaded constructs 
(in comparison to Day 28 constructs) (Figure 98 to Figure 102), indicating more cartilage-like 
matrix was laid down. In addition, although it’s not apparent throughout their cross-section, it 
was evident that the histological staining of cartilage-like matrix was found in regions near the 
cores of the loaded constructs following an initial non-homogenous matrix deposition on the 
periphery of the constructs (indicated by arrow in Figure 100 and Figure 102). It could be 
suggested that the majority of cells are yet to further differentiate into chondrocyte-like cells, 
consequently affecting the deposition of cartilage-like ECM. Cells were seemingly 
differentiating to more classic chondrocyte-like cells in some locations within the loaded 
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constructs, such as the surfaces and regions toward the cores of the constructs, based on the 
presence of their associated cartilage-like matrix. This is further supported by the confocal 
findings of significant morphological changes in synoviocytes at the periphery of the loaded 
constructs at Day 56 (Figure 107). It was assumed that when the mechanical loading was 
applied during the culture period, it would trigger the cells to favour matrix synthesis and 
deposition. However, the lack of abundant histological staining of cartilaginous matrix observed 
in loaded constructs at Day 56 in this study suggests that very little cartilage-like matrix was 
laid down by the cells in response to the mechanical stimulation (Figure 100 to Figure 102).  
In non-loaded constructs it was evident that histological staining only occurred at the periphery 
throughout the culture period. Under free swelling conditions, the cells within the constructs are 
seemingly differentiating based on their local environmental conditions and variations (e.g. 
nutrient availability and cell density), leading to some regions (e.g. the edges of the constructs) 
assuming a more classic chondrocyte-like phenotype with associated matrix and other regions 
(e.g. the core of the construct) not so.  
Another visual difference between loaded and non-loaded constructs after Day 56 was the 
overall shape of the constructs themselves. Loaded constructs had a more consistent thickness 
and disc-like cross-sectional shape through the culture period, whilst the non-loaded constructs 
appeared non-uniform with marked variation and were thicker. The application of mechanical 
loading along with the confinement of the silicone ring appeared to compact the constructs and 
inhibit extraneous growth in all aspects that did not follow the overall margins of the construct. 
The lateral displacement was limited when the edges of the construct came into contact with the 
silicone ring under mechanical loading. This would have resulted in unintended circumferential 
loading, limiting extraneous growth in that plane. In non-loaded constructs, the growth was not 
physically limited in any aspects expect in the lateral plane by the confinement of the silicone 
ring, thereby leading to constructs with non-uniform cross-sectional shape and non-consistent 
thickness. These constructs would not be appropriate for use in the clinical setting because a 
cartilage replacement should be smooth and level, allowing it to follow the curvature of the 
neighbouring native cartilage surface to avoid abnormally high stress generation and support 
smooth articulation. 
5.5.4 The Effect of Compressive Mechanical Loading on the Compressive 
Moduli of Pre-Cultured Synoviocyte/PET Constructs  
The compressive moduli of non-loaded constructs (measured at 18 % strain), on average, 
increased gradually throughout the culture period but there was no significant difference at each 
time point (Figure 86 and Table 2). This slight increase is likely due to the continual culture of 
constructs in chondrogenic medium, resulting in the cells steadily laying down cartilage-like 
matrix [186]. This is supported by the observed increase in collagen content (Figure 83), initial 
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increase in sGAG content followed by consistent sGAG level (Figure 84) and consistent level of 
DNA content (Figure 85) throughout the entire culture period. The suggestion of matrix 
deposition is further supported by the increase in histological staining for cartilage matrix 
between Day 0 and Day 28 which remained consistent by Day 56 (Figure 92 to Figure 94). 
Nevertheless, the amount of detectable cartilage-like matrix remained low in non-loaded 
constructs. 
The compressive moduli for loaded constructs increased significantly between Day 0 and Day 
28 and but there was no statistical difference in compressive modulus values between Day 28 
and Day 56 (Figure 86 and Table 2).  
The cause of the increase in compressive moduli in loaded constructs from Day 0 to Day 28 
could be similarly attributed to that suggested for the non-loaded constructs, i.e. due to an 
increase in cartilage-like matrix being deposited as is evident by comparable histological 
findings (noticeable increase in Alcian blue and collagen type II staining in both loaded and 
non-loaded constructs) (Figure 92 to Figure 97). As suggested previously, during this period the 
increased collagen and sGAG content in both loaded and non-loaded constructs is caused by a 
shared circumstance such as the chondrogenic medium. Given the similarity of the protein 
content (collagen and sGAG) and the histological staining of cartilage matrix in loaded and non-
loaded constructs at Day 28, it is likely that the chemical cues in the chondrogenic medium and 
the biological conditions (i.e. nutrient availability and cellular density) during this period remain 
highly influential in determining the matrix production and resulting construct stiffness. It is 
presumed that mechanical loading will only have a predominating effect on cellular phenotype 
with the formation of a (stiffer) construct in the presence of accumulated cartilage-like matrix. 
In this case, as there were no significant differences in modulus values between the two 
experimental groups, mechanical loading has not had an obvious effect on cartilage-matrix 
formation at this early stage but has had an effect on cellular behaviour, as supported by the 
significant differences observed in the increase in cellularity between loaded and non-loaded 
constructs (Figure 85). There is, however, another contributor (apart from increased deposition 
of cartilage-like matrix) that could enhance the stiffness of the loaded constructs. At Day 28, the 
histological images showed that the thickness of loaded constructs appeared to have decreased 
with the application of compression, compared to a thickening observed in the non-loaded 
constructs (Figure 92 to Figure 97) (discussed in Section 5.5.3), potentially indicating 
compaction/consolidation of the laid down matrix. As the loaded and non-loaded constructs 
have statistically similar collagen and sGAG content and histological staining, the differences 
between compressive moduli could be partly attributed to matrix compaction/consolidation.  
At Day 56, after the surge in proliferation that was evident between Day 0 and Day 28 and the 
suggestion of cartilage-like matrix production during the first 28 days of mechanical loading, it 
was presumed that plenty of cells are present and potentially receptive to mechanical loading via 
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the relevant integrins and in association with relevant cartilaginous matrix molecules. Therefore, 
it might be expected that the cells would be in an ideal position to react to the mechanical 
challenge by depositing more cartilage-like matrix to resist the compression, thereby 
substantially increasing the compressive moduli of the constructs. The compressive moduli of 
the loaded constructs, on average, increased from Day 28 to Day 56, but this was not 
statistically significant (Figure 86 and Table 2). This unexpected phenomenon might suggest 
that not much new cartilage-like matrix was produced in response to mechanical stimulation 
between 28 and 56 days of loading. This is further indicated by the similar (low) histological 
staining for cartilage-like matrix observed in loaded constructs at Day 28 and Day 56 (Figure 
100 to Figure 102), in contrast to the histologically mature and high stiffness constructs 
developed in Finlay et al. (2016) [1]. One possible reason for the observed lack of cartilage-like 
matrix deposition and the low compressive moduli obtained for constructs after 56 of 
mechanical loading in this study might be the starting thickness/porosity of the PET scaffold 
used in the present study. The scaffold material (with 97.0 % porosity) was initially heat 
compressed in order to yield scaffolds with an overall porosity of 90.2 % by volume and 0.9 
mm thickness. However, after the heat compression process in this study, the resulting scaffold 
thickness was on average 1.85 ± 0.24 mm which was twice the thickness than expected (those 
used in Finlay et al. (2016) [1]). There are a couple of factors that may help explain the 
observed differences in scaffold thickness, such as quality control of the PET material (i.e. were 
new measurements of porosity made after each batch, to ensure that any variability in the source 
material and the heat pressing process were taken into account?), differences in thickness 
measurement techniques and the preservation of scaffold properties. It is likely that the scaffold 
properties was not retained due to the scaffold material used in this study was over 10 years old 
and therefore possibly displayed a recovery of its thickness. As a result of increased scaffold 
thickness but still with the same amount of fibres, an increase in porosity would be expected and 
this could potentially affect the rate of matrix production and deposition. These data suggest that 
the scaffold used in the present study had a greater porosity than that (90.2 % porosity) used by 
Finlay et al. (2016) [1]. Prior to the 2016 study, Finlay investigated the effect of scaffold 
porosity variation on matrix production and deposition with different cell types [287]. 
Combinations of scaffolds of differing porosities (90.2 % - 97 %) and cell types such as human 
foetal osteoblastic cells (hFOB), bovine synoviocytes and human bone marrow mesenchymal 
stem cells (BM-MSC) were used to determine the best combination to produce the greatest 
quantity of matrix [287]. The protein content in conjunction with the SEM images of the cell-
scaffold constructs after 4 weeks in chondrogenic culture illustrated that scaffold with the 
lowest porosity 90.2 % (from 97 %) was the most advantageous in promoting matrix production 
and filling of the scaffold with all three cell types [287]. Cell-scaffold constructs produced with 
a scaffold of 90.2 % porosity were completely filled with cells and matrix compared to those 
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constructs used scaffolds with the highest porosity of 97 % which only partial filling up to 50 
%.   
There are a number of potential factors that could influence matrix deposition that are associated 
with an increased in scaffold porosity. One possible factor could be a reduction of the potential 
surface area for cellular attachment leading to a lower number of cells being present in the 
constructs after seeding and hence an overall reduction matrix production. However, there was 
an equal weight of fibres present in the scaffolds used in both studies and the consequent total 
surface area available for cellular attachment would be the same irrespective of changes in 
porosity. In addition, the cellular (DNA) content obtained in this study for both loaded and non-
loaded constructs at each time point was comparable to those in the 2016 study [1]. This was 
therefore unlikely to be the causative factor to explain the observed low cartilage-like matrix 
deposition and low compressive moduli obtained in constructs in this study. A more significant 
factor associated with increased porosity is the resulting increase in void volume between fibres 
in the scaffolds used in the present study compared with the 2016 study, therefore requiring 
more matrix to fill the scaffold. The resulting increase in void space with respect to increased 
thickness is thus likely to have contributed to the observed lack of cartilage-like matrix 
deposition and the low compressive moduli obtained in constructs in this study. Increasing 
scaffold porosity would also yield increased distance between scaffold fibres that could 
potentially prevent cells from bridging between scaffold fibres, leading to reduced cell-cell 
interactions and causing a delay in promoting a cell phenotype with increased matrix synthesis 
and deposition. Cell-cell interactions play a crucial role in tissue formation through cell 
signalling, allowing cells to communicate with each other in response to alterations in their 
microenvironment. It has been implicated in the literature that cell-cell interaction is an 
important factor during the differentiation of mesenchymal cells towards osteoblastic and 
chondrogenic phenotypes (in addition to cell-matrix interactions) [314], [315]. Direct 
mechanical signals originated from the mechanical loading of constructs or signals from another 
synoviocyte can be sensed by a synoviocyte and are likely to be transferred to their 
neighbouring synoviocytes through cell-cell contacts [316]. Transmission of mechanical forces 
can occur via cadherins which are cell-cell adhesion transmembrane molecules [317]. They are 
able to bridge plasma membrane and link other synoviocytes to allow cells to communicate with 
each other in response to changes in their microenvironment [317]. Confocal images of 
synoviocytes within constructs at Day 0 in his study (Figure 103) provided evidence to suggest 
that increased distance between scaffold fibres as a result of increased porosity is likely to be the 
primary driver for reduced matrix production and consequent low compressive moduli obtained 
in constructs in this study (Figure 86). Confocal images revealed synoviocytes were located on 
scaffold fibres and where fibres are in close proximity to one another (as shown in Figure 103) 
whilst a sparse number of synoviocytes were observed in areas with larger inter-fibrillar gaps. 
This suggests that cell-cell interactions primarily occurred in areas with small inter-fibrillar 
- 246 - 
  
gaps, allowing the cells to bridge the gaps to promote a chondrocyte-like phenotype with 
increased matrix synthesis and deposition in order to fill the pores of the scaffold. A scaffold 
with a higher porosity would have a greater proportion of large inter-fibrillar gaps than scaffolds 
with lower porosity, such as those used in the 2016 study. As a consequence, the occurrence of 
cell-cell interactions would be limited which could hinder the development of a desired 
phenotype and subsequent cartilaginous matrix deposition and, therefore less matrix filled pores 
within the scaffolds is likely. This is supported by the lack of Alcian blue and collagen type II 
staining for the constructs in this study.  
During the same stage of construct development (between Day 28 and Day 56) in Finlay’s 2016 
study, a substantial increase in compressive moduli was observed for the loaded constructs and 
the histological findings revealed clear differences between loaded and non-loaded constructs 
[1]. The compressive modulus occurred in conjunction with intense, homogenous histological 
staining for Alcian blue and collagen type II throughout the loaded constructs. Finlay provided 
evidence to show that suitably applied mechanical stimulation is a predominating factor in 
developing and maintaining chondrocyte-like phenotype and consequent cartilaginous matrix 
deposition [1]. The low compressive moduli obtained in this study suggests using a scaffold 
with suitable porosity is essential in promoting cartilaginous matrix synthesis and deposition 
which is believed to be time dependent. More porous scaffolds might take longer for cell-cell 
interactions to occur and if the porosity is greater than a threshold value, these interactions 
might not happen at all. Thus, in this study, use of a scaffold with higher porosity has 
potentially hindered the rate of cell differentiation and matrix deposition within the constructs 
which in turn resulted in lower matrix synthesis and deposition after the pre-culture period. It 
was originally assumed that when mechanical loading was initially applied during experimental 
culture, this stimulation to the cells would favour matrix synthesis and deposition. However, 
this was not observed in this study, presumably due to the issues described above in respect of 
scaffold porosity. The data in this study suggests that the cells hadn’t differentiated to the same 
extent as in previous studies and therefore the effect of loading had been only to promote cell 
proliferation rather than enhance matrix secretion. 
The bioreactor was set up in such a way that at Day 0 (following the 4 weeks in chondrogenic 
culture) it applied strain to constructs at magnitudes between 17 % to 22 %, as determined by 
the stiffness of the silicone rings and the applied load of 5 N by the pre-compressed springs 
within the bioreactor. It is possible that insufficient amounts of initial cartilage-like matrix had 
been laid down within the constructs during the 4 week pre-culture period, potentially due to 
using a scaffold with higher porosity. This would then result in the matrix might being 
insufficiently stiff – or insufficiently cartilage-like - to be able to transmit the mechanical 
signals to the cells, further hindering the rate of cell differentiation and matrix deposition. The 
histological images of constructs at Day 0 revealed the lack of cartilage-like matrix present 
within the constructs (Figure 89 to Figure 91). Matrix stiffness has been implicated in regulating 
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gene expression and cell fate, such as in directing the differentiation of mesenchymal stem cells 
[84]. Interestingly, ECM stiffness can also influence cell phenotype [84]. Articular 
chondrocytes can respond to the mechanical loads imposed on their matrix through 
mechanotransduction. This is a process in which cells can sense and respond to the biophysical 
properties of the extracellular environment through integrin-mediated adhesion, converting them 
to biochemical signals that modulate the metabolic activity of the cells [89], [90]. The external 
mechanical forces induce matrix strains and associated stresses, which promote assembly of the 
cytoskeleton into actin stress fibres and focal adhesions and drive a variety of signalling 
cascades, inducing the desired mechanotransdutional effects [84]. In order to transmit the 
applied external mechanical forces from the matrix to the cells and consequently influence cell 
differentiation and matrix production, the matrix is required to have a sufficient stiffness [84]. 
In the case of the constructs used in this study, the lack of a competent matrix at the outset of 
the introduction of mechanical loading would preclude these mechanotransduction events from 
taking place, or at least mean that they would be much less common. 
The idea of confining the constructs within silicone rings was that the rings would initially take 
the majority of the load applied from the bioreactor and apply strains between 17% and 22 % on 
the constructs to produce suitable stress within the deposited matrix and residing cells, 
triggering anabolic effects. Cells would react to the compressive loading by upregulating the 
production of cartilage-like matrix that can distribute the load away from the cells, reducing 
cellular stress in an attempt to “resist” the applied load. This accumulation of new matrix would 
then cause the constructs to marginally increase its thickness (by matrix deposition causing an 
increased amount of sGAG and consequently bound water) and its compressive stiffness. As the 
cells continued to lay down cartilage-matrix in response to the mechanical stimulation, the 
stiffness and thickness of the constructs would eventually become comparable to that of the 
silicone rings, thereby the constructs would effectively take a greater proportion of the applied 
load as well as increasing the strain applied. This consequently would maintain cellular 
mechanical stimulation and induce continued anabolic effects, effectively creating a positive 
feedback loop, steadily increasing the thickness and the compressive stiffness of the constructs. 
This loop would continue until the majority of the load applied from the bioreactor would be 
taken by the constructs and not by the surrounding silicone ring.  
However, by Day 56 in the current study, the stiffness of all of the constructs had not developed 
beyond the stiffness of the silicone rings (compressive modulus of 0.88 MPa (Day 56 loaded-
constructs) vs 2.64 MPa (cured silicone) respectively at 18 % strain), indicating that the silicone 
ring was still taking up the majority of the load. In addition, the thickness of the loaded 
constructs at Day 56 (Figure 100 to Figure 102) remained the same as that at Day 28 (Figure 95 
to Figure 97). This again suggests that the mechanical loading might not have been effective in 
inducing the anabolic effects observed in Finlay’s 2016 study. The DNA content of constructs 
in the current study showed that cell proliferation remained high during the 56 days, suggesting 
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that the cells were behaving as immature chondrocytes rather than fully differentiated cells (see 
above), further supporting the contention that the constructs in this study were “immature” 
during the loading period and therefore unable to elaborate a competent matrix as described 
previously. 
It seems likely therefore, that for scaffolds of higher porosity, such as those used here, a longer 
pre-cultured period may be required to ensure sufficient ECM is laid down and that the quality 
of the ECM is cartilage-like, with a higher starting compressive stiffness, plus the cells 
themselves would then be sufficiently mature to be able to respond to mechanotransductive 
signals. The data in this study suggests scaffold porosity is clearly an important factor to take in 
to account when considering scaffold (and therefore construct) design. It is possible that above a 
certain porosity (as yet unknown), the approach used here might not be feasible. 
Loaded constructs on average had higher compressive modulus values than non-loaded but the 
difference only reached statistical significance at Day 56. This may be that by Day 56, the cells 
within the constructs were beginning to produce a more cartilage-like ECM. In Finlay’s 2016 
study, a significant difference in compressive modulus values between loaded and non-loaded 
constructs was observed at each time point of the loading period and the rate of increase in 
compressive moduli for the loaded constructs accelerated dramatically between Day 28 and Day 
56. The compressive moduli of loaded constructs developed at Day 56 (mean of 12.1 MPa) 
were 12- x higher than those developed in this study (mean of 0.88 MPa). This further 
emphasises that there was a delay in matrix deposition in this study, potentially caused by the 
use of thicker scaffold pads with increased porosity and consequent reduction in cell-cell 
interactions, as suggested previously in this section. This also further emphasises the importance 
of an optimal dimension for the scaffold material, pre-culture period and mechanical loading in 
promoting a chondrocyte-like phenotype, leading to superior cartilage-like matrix and 
consequent mechanical properties within the constructs.  
Given the similarity in collagen and sGAG content obtained in loaded and non-loaded 
constructs through the experimental period, the relative increase in compressive moduli in 
loaded constructs at Day 56 can not be solely explained by the accumulation of matrix but rather 
by the quality of matrix (both composition and density). The histological images obtained from 
constructs at Day 56 revealed differences between loaded and non-loaded constructs (Figure 98 
to Figure 102). Loaded constructs had apparently slightly greater deposited matrix (as judged by 
staining with antibodies to collagen type II and Alcian blue staining) in comparison to the non-
loaded constructs (Figure 100 and Figure 102). In addition, low staining of cartilage-like matrix 
appeared in areas towards the cores of the loaded constructs. This perhaps suggests it is moving 
towards filling the pores at the cores of the constructs with cartilaginous matrix but the rate of 
matrix deposition is slower than expected. Following the initial non-homogenous deposition of 
matrix after Day 28, an imbalance of intra-construct regions would occur as more matrix was 
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deposited. It is possible that those regions with more cartilage-like matrix (i.e. in the 
circumferential edge of the construct) will be stiffer and possibly swell more, therefore these 
regions would be able to take a greater proportion of the applied mechanical load. As this 
process continues it could reach a tipping point where the mechanical stimulation in the stiffer 
areas would become not favourable to matrix deposition, leading it to slow down. This would 
continue until other regions have ‘caught up’ and resulted in a similar matrix composition. 
Histological staining found in areas towards the cores of the constructs at Day 56 is evident that 
these regions had deposited cartilage-like matrix in order to catch up to the other stiffer regions 
with similar matrix composition. The mechanical stimulation to the temporarily-suspended 
regions would then tip back to one that favoured matrix synthesis. This proposed process would 
eventually result in uniform cross-section and homogenous matrix distribution as seen in 
Finlay’s study. Based on the experimental data in this study, it is possible that the accumulation 
of cartilage-like matrix might have continued if the constructs had been cultured with applied 
mechanical loading to a later time point and subsequently produce constructs with relatively 
homogenous cartilage-like matrix and higher moduli values. This proposed process is highly 
theoretical and would require further experimentations with a prolong culture duration (up to 
Day 84) to determine the cause of the slower rate of matrix deposition with the use of thicker 
scaffold pads.    
Overall, moduli of both loaded and non-loaded constructs in this study followed the same trend 
as that reported in Finlay’s study [1] in that values increased with in time and loaded constructs 
had significantly higher moduli at each time point than the non-loaded constructs. However, the 
values obtained from the Finlay’s study were substantially higher than those observed in this 
study. This is strongly correlated with the intensity of histological staining of cartilaginous 
matrix in each of the study which revealed homogenous and regional matrix deposition in 
Finlay’s and the current study, respectively. This further emphasises the lack of cartilaginous 
matrix deposited in constructs in this study and thereby resulted in constructs with substantially 
low compressive moduli.    
5.5.5 Morphometric Appearance and Distribution of Synoviocytes in 
Constructs under Incremental Compressive Tissue Strains 
Synoviocytes within both loaded and non-loaded constructs were visualised by confocal 
imaging in their uncompressed state and during static incremental compressive tissue strains; an 
estimated strain experienced by the constructs within the bioreactor during mechanical loading 
(this was construct-specific, see Section 5.3.7) and 28 % compressive tissue strain 
(corresponding to near maximum physiological loading which lies in the physiological range of 
0 % to 30 % [130], [210], [264]) in order to determine cellular deformation behaviour.  
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Due to the limited capability of the confocal microscopy, such as the restricted laser penetration 
into the cartilage constructs, it was not possible to visualise synoviocytes in regions near the 
cores of the constructs. Thus, this study was limited to the morphometric appearance and 
distribution of synoviocytes at the periphery of the constructs, with images captured from the 
surface to a depth of approximately 40/50 µm. It would also have been ideal if repeat 
measurements had been made on the same cell, or at least in the same population of several cells 
but this was not possible. Different populations of synoviocytes were imaged because the cells 
were densely populated within those constructs developed at the early time points (Day 0 and 
28) which made it impossible to track a single cell population. In addition, the Z-range (the total 
depth) of each image was varied to accommodate visualisation of different populations of 
synoviocytes.  
A clear difference in morphometric appearance and distribution of synoviocytes was observed 
between loaded and non-loaded constructs (Figure 103 to Figure 107). Synoviocytes appeared 
thin and elongated in shape in constructs at Day 0 (Figure 103) and their morphometric 
appearance remained similar in non-loaded constructs at Day 28 (Figure 104), suggesting that 
the majority of synoviocytes had not undergone differentiation with no sign of morphological 
change, which consequently leads to the low cartilage-matrix deposition as shown in the 
histological images (Figure 92 to Figure 94). By Day 56, the majority of synoviocytes still 
remained in an elongated shape but some had started to spread with larger projected areas 
(Figure 106). This perhaps indicates that the synoviocytes were starting to differentiate towards 
a more chondrocyte-like phenotype and increasing the production and deposition of cartilage-
like matrix. 
In contrast, by Day 28, there was evidence of cell morphological changes in loaded constructs 
(Figure 105). Synoviocytes were found to be more spread in appearance and had become more 
sparsely distributed compared to the fibroblast-like morphology observed at Day 0 (Figure 105). 
In response to biochemical and biomechanical signals, morphological change, such as cell shape 
and size, can be an indication of phenotype differentiation/de-differentiation [318]. Alterations 
in chondrocyte morphology have been strongly suggested to relate to changes in chondrocytic 
phenotype [208], [209]. It has been well documented that the in vitro 2D culture of 
chondrocytes induces a switch in phenotype from chondrocytic (differentiated) to fibroblast-like 
(de-differentiated) [209]. These changes are evidenced by the loss of a spherical/ellipsoid 
morphology and a decline in the expression of chondrocyte-specific type II to type I collagen 
ratio [319], [320]. The morphological changes of synoviocytes observed in the loaded 
constructs at Day 28 in the present study suggested the promotion towards a chondrocyte-like 
phenotype, resulting in secretion of cartilage-like ECM. This is further supported by the 
histological staining of cartilage-like matrix including collagen type II and sGAG found around 
the periphery of the loaded constructs.  
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Chondrogenesis is the process by which cartilage is formed, involving stem-cell differentiation 
to mature chondrocytes and the secretion of molecules that form the ECM through the 
coordinated effects of growth/differentiation factors and ECM components [97], [315]. 
Chondrocyte differentiation is a multistep process characterised by successive changes in cell 
morphological features and gene expression [97]. For cartilage tissue engineering, the 
maintenance of a chondrocytic phenotype is crucial to produce cartilage-like matrix [208]. 
Research efforts have been made to develop in vitro culture methods and medium 
supplementation to improve on matrix metabolism to favour a hyaline-like matrix [208], [321]. 
It has been implicated in the literature that cell-cell interaction is an essential event for 
chondrocytic differentiation and the initial formation of cartilage-like matrix [314]. It is evident 
that cell-cell interactions occurred within the loaded constructs at Day 28 as some synoviocytes 
appeared in close proximity with each other (Figure 104). In this study, seeded synoviocytes 
within the constructs were cultured in chondrogenic medium to stimulate cell proliferation and 
initial chondrogenic-like differentiation for synthesis and deposition of a foundation of matrix. 
By Day 28, the effect of mechanical loading coupled with the chondrogenic conditions was 
likely to have promoted further chondrocyte-like differentiation and cartilaginous matrix 
production as supported by the evidence seen in the current study.  
Cell-matrix interactions are also implicated to be significant for the regulation of many 
biological processes important to homeostasis and repair of articular cartilage [97]. ECM is vital 
to the form and function of soft connective tissues and cells are responsible for building and 
maintaining the ECM [84]. Chondrocytes within cartilage establish the ECM during 
development, maintain it in health, remodel it during environmental adaptations and repair it in 
response to diseases and injury [84]. Conversely, as well as providing structural support to the 
chondrocytes and maintaining tissue under mechanical loads, ECM influences many 
chondrocyte functions including migration, adhesion, differentiation and survival. It also plays 
an important instructional role in cell signalling, providing biochemical and biomechanical cues 
that influence the above range of chondrocyte activities. These cues are passed on from the 
ECM to the cell via recognition of ECM proteins by the transmembrane receptors called 
integrins [89], [91]. They have two main functions: 1) attachment between the ECM and the cell 
and 2) signal transduction from the ECM to the cell [97]. In addition to the biochemical cues 
that regulate cellular functions, ECM is able to store a range of cellular growth factors, acting as 
a depot for them [97]. Changes to the physiological conditions can trigger protease activities 
that cause release of growth factors locally, leading to rapid and local growth-factor-mediated 
activation of cellular functions [97]. In particular, proteoglycans (PGs) help trap and store 
growth factors within the ECM [97]. Once secreted, the molecules aggregate with the matrix 
[97]. As a result, resident cells produce the components that make up the ECM via exocytosis 
[322].  
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Chondrocytes can detect and respond to the mechanical load acting on the articular cartilage that 
are perceived by resident chondrocytes as stimuli through integrin-mediated 
mechanotransduction [89], [90]. External mechanical forces (such as applied tissue 
compression) are known to modulate the metabolic activity of articular chondrocytes and are 
transmitted through, or exerted on, constituents of the ECM, matrix receptors and intracellular 
structures via cell-matrix interaction [84], [90]. To increase differentiation towards a 
chondrocyte-like phenotype in tissue engineered cartilage, appropriate mechanical stress is 
crucial in order for the cells to receive the suitable signals for the production of a resilient, load-
bearing cartilaginous ECM [208]. Thus, the expression of cartilaginous matrix proteins is 
essential for the development of suitable in vitro engineered cartilage tissue [209]. In this study, 
in order to maximise the effects of mechanical loading to promote further differentiation and 
deposition of cartilage-like matrix, the ECM needs to contain cartilaginous components that the 
cells can adhere to, so mechanical signals can be transmitted from ECM to the cells. During the 
mechanical loading of constructs, the external applied tissue strain would induce matrix strains 
and associated stresses, which potentially promote assembly of the cytoskeleton into actin fibres 
and focal adhesions [84]. Cell-matrix adhesion involves both binding to ECM proteins and to 
the actin cytoskeleton [91]. Spreading of synoviocytes with large projected area and 
development of thin protrusions observed in loaded constructs at Day 28 and Day 56 (Figure 
105 and Figure 107) might suggest the occurrence of interactions between synoviocytes and the 
ECM as cell spreading and development of large focal adhesion and actin stress fibres are 
morphological features which characterise cell-matrix adhesion [84], [91]. Cells are able to 
detect the ECM rigidity and adjust the applied tension accordingly [91]. Cells experience high 
traction forces when bound to stiff matrix through the formation of robust actin stress fibres and 
focal adhesions and the consequent of larger spread areas [91]. On softer matrices with less 
force applied, this leads to less well developed actin fibres and focal adhesion [91]. The 
presence of defined thin protrusions of synoviocytes observed in the loaded constructs perhaps 
indicate that mechanical loading is having a predominating effect on cellular phenotype via cell-
matrix interactions and synoviocytes are reacting to the mechanical stimuli with the subsequent 
formation of a relatively stiff matrix in order to increase the stiffness of the constructs to resist 
compression. With the slight increase in histological cartilage-like ECM staining and significant 
increase in compressive modulus values observed in loaded constructs compared to the non-
loaded constructs at Day 56, this further emphasises that synoviocytes are responding to the 
compression applied on the constructs that are transmitted through from the ECM as mechanical 
signals by modulating towards a chondrocyte-like phenotype and increasing deposition of 
cartilaginous ECM. This further emphasises the importance of mechanical loading in producing 
‘phenotypically correct’ chondrocyte-like cells, leading to cartilage-like matrix and consequent 
mechanical properties within the constructs.   
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5.5.6 The Effect of Incremental Compressive Tissue Strains on Synoviocyte 
Deformation in Constructs: Morphometric Measurements 
In order to provide a better understanding of Finlay’s hypothesised mechanical mechanism in 
developing cartilage-like constructs [1] and to address the relationship between applied tissue 
strain and resulting cellular strain in constructs developed at different time points, cell 
deformation was examined and quantified under incremental static compressive tissue strain 
values that corresponded to the estimated amount of strain applied to the constructs by the 
bioreactor during mechanical loading (customised to each construct as described in Section 
5.3.7) and at 28 % strain (corresponding to conditions approaching maximum physiological 
loading which lies in the physiological range of 0 % to 30 % [130], [210], [264]).  
Confocal images of synoviocytes within loaded and non-loaded constructs developed at 
different time points revealed that the cells were densely populated, in particular during the 
earlier culture period (Day 0 and Day 28) (Figure 103 to Figure 105). This made it extremely 
difficult to identify the cell boundaries, which is an essential feature required for 3D 
quantification analysis of synoviocyte morphology, therefore only morphological changes of 
cells within constructs at Day 56 were able to be measured. Tracking the same population of 
cells from the uncompressed state to being under different magnitudes of compressive tissue 
strain was also incredibly difficult because the field of view on the confocal microscope changes 
with the application of compressive tissue strain. This, in addition to the high density of cells 
within the constructs made cell identification very challenging. Analysis was therefore 
conducted on different populations of synoviocytes during their uncompressed state and under 
incremental compressive tissue strains within constructs at Day 56. 
In this study, changes in synoviocyte 3D morphology in response to incremental static 
compressive tissue strains were examined and measured using Amira software from the 
confocal volume images of synoviocytes within loaded and non-loaded constructs captured at 
Day 56. Cell morphology was measured 30 mins after the application of compressive loading, 
assumed to represent the equilibrium response. These measurements serve as a baseline for 
more physiologically-relevant dynamic studies in the future. Only synoviocytes that had clear 
cell boundaries were analysed for cell deformation quantification. Due to the difficulty of cell 
boundary identification and extremely time consuming quantification analysis process, ten 
different synoviocytes were measured under different experimental conditions (uncompressed 
state, estimated compressive strain experienced by the constructs under 5 N load applied by the 
bioreactor and 28 % compressive tissue strain) from two constructs in both experimental groups 
(loaded and non-loaded constructs). In addition, morphometric parameters, such as cell width, 
length, height, volume and sphericity, were measured on synoviocytes located at the periphery 
of the constructs due to the limitation with laser penetration on the confocal system.  
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The morphometric measurements of uncompressed synoviocytes corresponded with the cell 
appearance observed in the confocal images of non-loaded and loaded constructs at Day 56. 
When considering cell sphericity measurement, a value of 1 corresponds to a perfect a sphere, 
any value less than 1 indicates departure from the sphere, with lower values signifying least 
spherical structures. Lower values of sphericity (0.30 ± 0.07 and 0.32 ± 0.03 for non-loaded 
Sample 1 and Sample 2, respectively) were obtained for synoviocytes in non-loaded constructs, 
indicating that they were more elongated in shape in comparison to those in loaded constructs 
which had higher sphericity values (0.42 ± 0.05 and 0.41 ± 0.08 for loaded Sample 1 and 
Sample 2, respectively) (Table 3).  
There were no detectable differences in cell volume and height between uncompressed 
synoviocytes in loaded and non-loaded constructs (Table 3).  
When measured under the estimated strain experienced by the construct during mechanical 
loading (14.7 % and 12.4 % strain for Sample 1 and Sample 2 respectively) and 28 % 
compressive strain, there were no significant changes in synoviocyte morphology within loaded 
constructs other than a significant decrease in sphericity observed in Sample 1 between 
synoviocytes at 0 % and compared to those at 28 % applied strain (p< 0.05, Figure 109B). 
In contrast, application of compressive tissue strain had variable but significant effects on 
synoviocyte morphology in non-loaded constructs (Figure 108). Synoviocyte volume 
significantly decreased in Sample 2 between synoviocytes at 0 % and those at 28 % strain (p 
<0.05, Figure 108E) and synoviocytes under an estimated strain applied to the constructs during 
mechanical loading in the bioreactor (21 %) compared to those at 28 % applied strain (p <0.05, 
Figure 108E). A significant decrease in synoviocyte height was observed in Sample 1 between 
synoviocytes at 0 % and those under an estimated strain applied to the constructs during 
mechanical loading in the bioreactor (23.1 %) and at 28 % applied strain (p <0.01 and p 
<0.0001, Figure 108C). In addition, a significant reduction in cell width was observed in 
Sample 1 between synoviocytes at 0 % to compared to those at the estimated strain applied 
during mechanical loading in the bioreactor (23.1 %) and 28 % strain (p <0.01, Figure 108D). 
The lack of changes in cell morphology under application of compressive tissue strains in the 
Day 56 loaded constructs were surprising as previous analysis had indicated that these 
constructs were beginning to show some early signs of differentiation to a more 
chondondrocyte-like phenotype and had a higher modulus value than the non-loaded constructs. 
Based on the experimental data in this study, it seems likely that the lack of a homogeneous 
cartilaginous matrix observed in the loaded constructs at Day 56 in comparison to those in 
Finlay’s 2016 study could influence the deformation behaviour of synoviocytes in a similar site-
specific way.  
It is presumed that internal mechanical stress generated during compression of the construct is 
primarily borne by the matrix and transmitted to the cells [84], [90]. This would be detected by 
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the cells causing them to experience a level of stress which induces cell morphology changes. 
However, matrix stiffness around the cells plays a critical role in transmitting the mechanical 
stress and so influencing cell phenotype [84]. Constructs with low amount of cartilage-like 
matrix (ones developed in this study) will deform more readily as the matrix will not be able to 
bear the load which reduces the transmission of mechanical stress and strain to the cells. In 
contrast, constructs with homogeneity of stiff matrix (such as those produced in Finlay’s study) 
will bear and transmit more of the load to the cells. The construct will only be able to bear load 
and transfer force/deformation to the residing cells if there is a stiff enough foundation of matrix 
otherwise the foundation will deform instead. Histological images (Figure 100 to Figure 102) 
revealed that the amount of cartilage-like matrix produced after Day 56 of mechanical loading 
still remained low in these constructs compared to the homogeneity of matrix deposited in the 
constructs developed in Finlay’s study, suggesting the constructs might not have had a sufficient 
amount of foundations of matrix (and consequently not stiff enough) to bear and distribute the 
load across the constructs and therefore possibly an insufficient level of stress was sensed by the 
cells and consequent no significant change in cell morphology occurred. Indeed, the stiffness of 
all of the constructs at Day 56 had not developed beyond the stiffness of the silicone ring 
(compressive modulus of 0.88 MPa (Day 56 loaded-constructs) vs 2.64 MPa (cured silicone) 
respectively at 18 % strain) which means the silicone ring was still taking the vast majority of 
the load.  
Inspecting the histological images of both loaded and non-loaded constructs taken from Day 56 
revealed inhomogenous staining, suggesting that there were distinct regions with variable 
quantities of collagen type II and sGAG within the constructs that could also influence the 
deformation behaviour of synoviocytes (Figure 98 to Figure 102). This will, in turn, give rise to 
different regions within these constructs with variable compressive stiffnesses. Under tissue 
compression, a stiffer region will be able to bear and transmit more the internal stress generated 
from the load than a less stiff region. The histological images of loaded constructs at Day 56 
revealed strong Alcian blue staining (which corresponds to sGAG content) around the 
circumferential edge, the region where confocal images of synoviocytes were taken (Figure 100 
to Figure 102). However, it is not possible to identify the exact locations which the confocal 
images of synoviocytes were captured in order to map these to the histological findings. Given 
that strong Alcian blue staining appeared but limited change in synoviocyte morphology was 
detected at the superficial of the Day 56 loaded constructs under compressive tissue strains, this 
perhaps suggests that the regions where the synoviocytes were visualised had denser matrix but 
the synoviocytes did not experience much deformation because regions with less stiff matrix 
would deform much more readily. In addition, the proposed assumption of stiffness differences 
in regions with variable amount of matrix may explain the different deformation behaviour of 
synoviocytes observed in the two non-loaded constructs, giving rise to the variable changes in 
morphology that were seen under compressive tissue strains. Consequently, it could be assumed 
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that the microenvironment around the measured synoviocytes may contribute to the differences 
in synoviocyte deformation observed within the two non-loaded constructs. However, based on 
all the experimental results in this study, there is an insufficient amount of data to support the 
proposed assumptions for explaining the effects of deformation behaviour of synoviocytes 
within the loaded and non-loaded cartilage constructs. Site-specific differences in ECM quality, 
including stiffness, might explain the variability of response of the cells under compressive 
loading. For both loaded and non-loaded constructs, the lack of a homogenous matrix renders 
the data collection problematic. In addition, there will be differences in the cell deformation 
behaviour between static and dynamic loading. Even if there are no/little observable changes in 
cell morphology after 30 mins of static compression, this does not mean that the cells don’t 
experience force/deformation whilst in the bioreactor i.e. dynamic conditions. 
It is not possible to provide a huge amount of information regarding the effects of mechanical 
loading on cellular deformation within constructs created at different stages of development. 
There are limitations presented in this study. By not tracking the same population of cells, 
greater variability was added to the data. In addition, it was extremely difficult to identify cells 
with clear boundaries for morphometric measurements due to how densely populated they were 
within the constructs. Hence, only 10 cells were measured per experimental parameters (i.e. 
different strain levels) and groups (loaded and non-loaded constructs at Day 56). The small 
sample size could potentially increase the margin of error which can affect the confidence level 
of the study, especially given the heterogenous nature of the matrix as revealed in the 
histological findings. In addition, only cells that had clear boundaries were measured in this 
study and by selecting a sub population of cells this could potentially skew the data. In order to 
determine the predominant factor that caused the observed effects on synoviocyte morphology 
in this study and to address the relationship between applied tissue strain and the cellular strain, 
constructs with higher compressive modulus and more matrix deposition with greater 
homogeneity need to be developed. In addition, more cells need to be measured to increase the 
sample size, and if possible, track the same population of cells to improve the accuracy of the 
mean value of the measurements. For future experimental studies, by tracking the changes in 
cell morphology, the cell locations within the construct (i.e. top or bottom surface of the 
construct) and the matrix distribution around the cells with confocal and histological imaging 
for each experimental parameter (strain levels) and groups (loaded and non-loaded constructs 
developed at different time points), it will provide a better insight into the mechanism behind 
the construct’s development and the relationship between applied tissue strain and the cellular 
strain within the constructs. Nevertheless, a methodology to visualise, image and quantify live 
cell morphology within cartilage constructs under incremental static compressive tissue strains 
was successfully developed, paving the way for more future cell deformation experiments to 
occur.  
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5.6 Conclusion 
The deformation behaviour of live synoviocytes within cartilage constructs under incremental 
compressive tissue strains was examined in order to better understand the mechanism behind the 
construct’s development and to address the relationship between the applied tissue strain and 
cellular strain. The constructs developed in this study revealed only a small amount of cartilage-
like matrix in comparison to those in a previous 2016 study which resulted in correspondingly 
low compressive modulus values. The main reason for the differences may be related to the 
starting porosity of the scaffolds used in the constructs, emphasising the need to understand the 
relationship between PET scaffold porosity, cell seeding density and time to differentiation. 
There was no significant change in synoviocyte morphology within loaded constructs under the 
estimated strain experienced by the construct during mechanical loading and 28 % compressive 
strain. It was likely that the microenvironment around the measured synoviocytes may 
contribute to the observed effects, in particular the stiffness of the constructs and the matrix 
heterogeneity that would have led to variable quantities of collagen type II and GAG within the 
constructs. However, a further study with larger sample size is required to give a better insight 
into the mechanism behind the construct’s development and the relationship between applied 
tissue strain and the cellular strain within the constructs. Nevertheless, a novel methodology to 
visualise, image and quantify live cell morphology within cartilage constructs under incremental 
static compressive tissue strains was accomplished. 
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Chapter 6 - General Discussion  
This chapter discusses the challenges faced during the investigations of cell deformation 
behaviour in native and tissue engineered cartilage explants by drawing together the issues 
raised in discussions within previous chapters and offers potential strategies for future work to 
address these challenges. The development of live cell staining and imaging methodologies and 
the design and production of a novel compression device used for static tissue compressive 
strain application are points of particular note. 
6.1 Introduction  
Chondrocytes are responsible for the development, maintenance, remodelling and repair of the 
extracellular matrix (ECM) in articular cartilage [53]. The ECM is very versatile and influences 
many tissue functions in addition to its structural role including cell proliferation, adhesion, 
migration, differentiation and cell death [53], [84], [97]. Mechanical compression is known to 
modulate the metabolic and biosynthetic activities of chondrocytes [87], [90], [95]. 
Chondrocytes are able to sense and respond to the mechanical signals imposed by the ECM and 
convert them into biochemical signals through the mechanotransduction process, which is 
believed to be mediated by the transmembrane receptor, integrin [89]–[91]. In cartilage tissue 
engineering, it is important that an appropriate level of stress is received by the cells to favour 
for the promotion of a chondrocyte-like phenotype and induction of deposition of an appropriate 
matrix for tissue maturation [208]. An appropriate cellular response to mechanical signals is 
also essential for the development of in vitro engineered cartilage tissue [209].  
Finlay et al. (2016) [1] attempted to engineer in vitro functional cartilage constructs for long 
term cartilage repair using mechanical stimulation. The resulting constructs achieved high 
compressive modulus and cartilage-like histological appearance comparable to that of native 
cartilage. It was hypothesised that a self-regulating mechanical regime had developed that 
increased the applied stress and strain in conjunction with the maturing constructs’ stiffness and 
thickness. These two processes were believed to be generated as a consequence of the bioreactor 
set-up, in particular construct confinement within a silicone ring, and consequently initiated and 
maintained significant cellular mechanical stimulation to induce continued matrix production 
for formation of cartilage-like constructs. As stated previously in this section, an appropriate 
amount of stress is required to be transmitted from the ECM to the cells in order to promote an 
increased biosynthetic response (i.e. matrix production and deposition). However, the precise 
mechanism(s) behind the construct’s development, in particular at a cellular level had not been 
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investigated. For future translation of the constructs, it would be of interest to identify the 
mechanical stress experienced by the cells within constructs developed at different time points.  
The aim of this thesis was therefore to study cell deformation behaviour in live native cartilage 
and tissue engineered constructs developed at different time points under incremental 
compression in an attempt to understand Finlay’s hypothesised mechanism in developing 
cartilage-like constructs and to address the relationship between applied tissue strain and 
cellular strain. To achieve this, a methodology for visualising, tracking, imaging and 
quantifying cell morphological changes within native and tissue engineered cartilage under 
incremental compressive strains needed to be developed. A novel compression device capable 
of applying tissue strains to native and tissue engineered cartilage and simultaneously allow real 
time visualisation of the changes in cell morphology was developed (Chapter 2). A live cell 
staining using Hoechst 33342 and CellMask Green plasma membrane stains in conjunction with 
confocal microscopy was also developed to visualise, track, image cell morphological changes 
under applied tissue strains (Chapter 3). In addition, a custom workflow was developed on 
Amira visualisation and analysis software for cell deformation quantification analysis via 
morphometric measurements. All the research tools mentioned above were then used to 
determine the cellular deformation behaviour within native cartilage disks (Chapter 4) and 
cartilage constructs (Chapter 5) subjected to incremental compressive strains.  
In this chapter, challenges raised during the development of the required research tools and the 
difficulties, both technical and biological, inherent in the studies of cellular deformation in both 
native and tissue engineered cartilage under incremental compression will be discussed.   
6.2 Development of a Novel Device for Application of Compressive 
Loads with Simultaneous Live Cell Imaging  
Numerous previous studies have investigated the effect of compressive strain on chondrocyte 
metabolism and deformation, mechanotransduction signalling pathways and cartilage 
biomechanical behaviour in vitro using many different approaches including: isolated 
chondrocytes in agarose gel [88], [140]–[144], chondrocytes in native cartilage explants [51], 
[87], [133]–[136], fixed cartilage tissue [137], [138] and intact cartilage fully attached to its 
native bone [85], [145]. Many compression devices with different designs have been 
specifically developed in order to aid these studies and their research questions. However, none 
of the devices used in previously published studies were suitable for the experimental approach 
required for this thesis because fixed and cut tissue approaches were avoided (described in 
Section 2.1). Thus, a novel device was required to be developed to accommodate non-fixed and 
non-cut native cartilage disks and tissue engineered cartilage constructs and allow simultaneous 
application of compressive tissue strain and live cell imaging, in order to address the aim of the 
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work in this thesis; to examine cell deformation behaviour in live native cartilage disks and 
tissue engineered constructs developed at different time points under different magnitudes of 
compressive tissue strains.  
A loading apparatus which adopted a loading configuration of perpendicular loading to the 
confocal laser path was developed to investigate the depth-varying compressive properties of 
human femoral head articular cartilage [135]. The device was specifically modified from a 
similar approach previously used by the same group to determine the variation of the 
equilibrium confined compression modulus of bovine articular cartilage with depth [133], [134]. 
The design of the apparatus allowed observation of chondrocytes in the full depth of a cartilage 
explant subjected to graded levels of equilibrium confined compression. Semi-cylindrical 
cartilage samples were used by cutting the harvested cartilage disk in half perpendicular to the 
articular surface and fluorescently stained the chondrocytes nuclei with ethidium homodimer-1. 
Each cartilage sample was placed between two porous stainless steel platens inside the 
confining chamber of the custom designed testing apparatus and overall tissue compressive 
displacements of 0, 8, 16, 24 and 32 % were achieved by advancing one of the platens slowly. 
The cartilage sample was allowed to stress relax for 60 mins at each compression level, the 
equilibrium load was measured and the tissue surface (perpendicular to the articular surface) 
was imaged to obtain the position of the chondrocytes within the tissue depth using an inverted 
epi-fluorescence microscope. The intra-tissue strain in each zone (from the articular surface to 
the deep zone) within the tissue depth was calculated from the images that captured the position 
changes of the centroids of fluorescent chondrocyte nuclei for each compressed state relative to 
the uncompressed reference state. In a study by Guilak et al. (1995) [87], changes in 
chondrocyte morphology and local matrix deformation in the surface, middle and deep zones of 
canine articular cartilage explants under physiological levels of tissue compression were 
quantified. A similar compressive loading apparatus which adopted the approach of loading 
perpendicular to the optical axis of the microscope’s objective was used in conjunction with 
inverted confocal microscopy to allow visualisation of chondrocyte morphology within the full 
tissue depth and application of unconfined static compression. Compressive tissue strain was 
applied perpendicular to the tissue surface using a digital micrometer with stainless steel 
platens. Semi-cylindrical cartilage samples were also used (similar to those in Chen et al. (2001) 
[135] and labelled with fluorescein dextran. This set-up, allowed for the same single 
chondrocyte or group of chondrocytes from different zones within the cartilage explant to be 
imaged in an uncompressed state, during a strain of 15 % and following removal of 
compression for quantification of changes in chondrocyte morphology and local matrix 
deformation. The devices used in both studies could only accommodate cartilage samples cut 
into a semi-cylindrical shape and this would affect the tissue mechanical integrity and 
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consequently change the local mechanical environment around the cells. In this thesis, the 
device was required to accommodate non-fixed, non-cut samples (i.e. native cartilage disks and 
tissue engineered cartilage constructs) and therefore these devices were not suitable for the 
experimental approach required for this thesis.  
In another study, a novel loading (indentation) system was built to use on a upright confocal 
microscope permitting simultaneous loading and real-time observation of chondrocytes in an 
intact cartilage sample fully attached to its native bone and measuring cell deformation under 
controlled loading conditions [281]. The indentation system consisted of a light transmissible 
indentor (that was fixed on the microscope stage and with a glass tip), a sample holder, a piezo 
actuator, a load cell and a displacement transducer. The system was mounted on the stage of a 
confocal microscope and the light transmissible indentor placed directly in front of the objective 
(an approach of applying loading parallel to the optical axis of the microscope’s objective). 
Compressive loading was applied by the actuator from beneath the sample holder, with the 
tissue sample kept in PBS and held in fixed dental cement, pushing the tissue towards the 
underside of the fixed glass indentor. With this set-up, cell deformation in response to given 
loads could be imaged and measured in real-time directly underneath the loaded articular 
surface. This custom designed indentation system was used in another two studies conducted by 
the same group in 2010 and 2013 [85], [145]. The study in 2010 utilised this loading system to 
compare chondrocyte deformation between healthy and early osteoarthritis fully intact lapine 
cartilage attached to its native bone under compressive loading [145], whilst the other study 
determined chondrocyte deformations in situ under compressive loads ranging from 
physiological to extreme (0 % to 80 % tissue strain) in two regions of rabbit knee joints 
(femoral condyles and patellae) [85]. These studies wanted to investigate the intrinsic behaviour 
of chondrocytes in their physiological environment therefore they were particularly interested in 
preserving the tissue integrity and maintaining the chondrocytes in its native environment (i.e. 
intact cartilage attached to its native bone). Due to the specificity to intact cartilage samples 
fully attached to its native bone and the complexity of the loading system used in these studies, 
it was decided that it was not suitable for the purposes of the work to be carried out in this 
thesis.  
The different loading devices used in previously published studies were designed and built 
specifically for each study in order to achieve the measurements required to test their respective 
hypotheses in different imaging applications. Some of the studies required the loading device to 
simultaneously apply compression and accommodate imaging to full cartilage depth whilst 
other studies were interested in determining the chondrocyte behaviour in fully intact cartilage 
and were consequently restricted to one region of the cartilage, the articular surface. However, 
these devices were considered not suitable for experiments in this thesis because none of the 
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devices were able to accommodate non-fixed, non-cut cartilage disk and tissue engineered 
cartilage construct samples and allow simultaneous application of compressive tissue strain and 
live cell imaging. Thus, a novel device was required to be developed in order to address the aim 
of the work in this thesis.  
The compression device developed for this thesis (see Section 2.3.3) was required to be capable 
of applying a range of precise compressive strain magnitudes and allow confocal imaging of cell 
deformation in real time in order to study the cell deformation behaviour in native and tissue 
engineered cartilage disks under incremental compression. It was important to minimise 
compromising tissue integrity through sample cutting as much as possible as alteration to the 
3D structure of cartilage samples could affect the structural and mechanical environment around 
the cells, which in turn would potentially affect the cell mechanics. In addition, fixed tissue 
approaches such as that used by Clark et al. (2003) and Choi et al. (2007) [137] were avoided as 
the instantaneous properties of cells within the cartilage samples would be lost in fixed tissue. 
Thus, the device was required to accommodate native and tissue engineered cartilage disks with 
dimensions of approximately 5 mm in diameter and 1-2 mm in thickness. It also needed to keep 
cells within the cartilage tissue samples viable for the duration of experiments. 
Based on these design requirements for studying cell deformation behaviour in compressed 
native and tissue engineered cartilage in this thesis, a new device for applying precise levels of 
static compressive strain to native and tissue engineered cartilage disks was developed (see 
Chapter 2). The compression device was specially designed to allow simultaneous visualisation 
of vital cells within native and tissue engineered cartilage disks by mounting it upon the stage of 
an (Nikon A1R) inverted confocal microscope and applying static compressive strain. As 
discussed in Section 2.3, two approaches of parallel and perpendicular loading to the focal plane 
of the microscope’s objective were considered. However, the configuration of loading parallel 
to the confocal optical path was adopted because its advantages outweigh those of the 
perpendicular loading approach to the optical axis, in particular for practical reasons associated 
with the need to visualise live cells within the samples and the access to more regions (central 
region of both surfaces) of the samples. A simple and effective way to apply precise 
compressive strain was conducted through the use of a micrometer. The accuracy of strain 
application was validated against the Bose ElectroForce 3200 mechanical testing machine by 
measuring the thickness of cartilage tissue (which is more representative for future samples in 
the experimentations in this thesis) and a more resistant acrylic disk. The result suggested that 
the micrometer and mechanical testing machine were sufficiently similar in their ability to 
measure displacement. Therefore it was decided that the micrometer was suitable to apply strain 
within the compression device. In addition, the design of the developed compression device was 
validated and optimised in terms of the dimensions of the components that made up the device 
- 263 - 
  
(i.e. coverslip thickness, the internal diameter of the well and the opening window for cell 
visualisation) and the ability to withstand 5N of load (the same load applied in the bioreactor 
during the development of constructs).  
Chondrocytes are responsible for the synthesis of ECM components of cartilage, including Type 
II collagen and proteoglycan (PG) [139]. From the literature, studies have illustrated that the 
biosynthetic responses of chondrocytes could be affected by applied mechanical load [121]–
[128] In vitro studies of chondrocyte metabolism showed that static loading and loading below a 
frequency of 0.001 Hz resulted in biosynthetic inhibition, whereas dynamic loading enhanced 
stimulation to tissue synthesis [127], [128], [131], [188]. For example, static compression has 
been shown to reduce chondrocyte PG and protein synthesis [131], [323]. In contrast, dynamic 
compression has been demonstrated to stimulate the biosynthetic response of chondrocytes, 
though the level of these responses are largely dependent on the amplitude and frequency of the 
applied mechanical load [124], [127], [128], [131], [188], [211].  
The experimental condition used in this study to study cell deformation was that of static 
loading. Although this is likely to reflect the native and tissue engineered cartilage response to 
loading at physiological compressive levels, they do not take into account of the time-dependent 
variation on the local mechanical environment in and around the cells. Articular cartilage of 
major load bearing joints is exposed to a complex dynamic loading environment during normal 
activity [130], [324]. Chondrocytes within cartilage under physiological conditions may be 
subjected to a variety of mechanical loading in their local environment, including compressive 
and tensile stresses and strain, fluid flow, hydrostatic pressure and osmotic pressure [139]. The 
local cellular environment, which largely influences cell deformation behaviour [95], [146]–
[148], under cyclic tissue loading would not be comparable to that under static loading, 
therefore the cell deformation behaviour observed in native and tissue engineered cartilage disks 
in this thesis during steady-state conditions may be different to that seen in the same samples 
subjected to cyclic compression.    
Chondrocytes deformation behaviour has been extensively investigated, generally under static 
compressive loading, in native cartilage [21], [87], [137]  and in other scaffold materials, such 
as agarose [88], [142]–[144], [325]. Conversely, not many studies to date have investigated the 
deformation of chondrocyte under dynamic loading. In addition, to the author’s best knowledge, 
no study has managed to determine 3D measurements of cells within native and tissue 
engineered cartilage under cyclic loading. This is due to the practical difficulties of loading in a 
controlled, physiological, dynamic manner and simultaneously capturing 3D morphological 
changes. A study by Knight et al. (1998) [141] investigated the deformation behaviour of 
isolated chondrocytes in agarose during cyclic loading. From their deformation index (X/Y) 
data, which represented the ratio of cell diameters measured parallel (X) and perpendicular (Y) 
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to the axis of compression, they found that the level of chondrocyte deformation during cyclic 
loading (between 0 % and 15 % compressive strain at a frequency of 0.3 Hz) was initially similar 
to that observed during static 15 % compressive strain but reduced over the 20 mins period of 
cyclic loading, attributable to the cyclic nature of loading. In contrast, the level of deformation 
stayed constant throughout the static loading duration [141]. Wu and his co-workers (2006) 
utilised a finite element model to determine the mechanical response of chondrocytes subjected 
to unconfined cyclic compressive loading [211]. The results showed that chondrocyte 
deformation was location-dependent within a homogenous cartilage matrix during cyclic 
loading and that deformation was further affected by load magnitude. However, the frequency 
of cyclic loading was found to have no significant effect on cell deformation. It was therefore 
speculated that biosynthetic responses of chondrocytes to cyclic loading depend upon cell 
location and load magnitude [211]. Another study conducted by Chanhine et al. (2007) [139] 
investigated the deformation behaviour of single chondrocytes and their local mechanical 
environment under transient loading. The experimental results showed that a significant increase 
in compressive strain occurred in the microenvironment of the chondrocyte under transient 
loading, with the compressive strain recorded to be approximately 7 x higher in the intracellular 
region and 5 x higher in the pericellular matrix (PCM) than the ECM at peak ramp. The 
experimental result was incorporated in to a finite element model of chondrocyte deformation 
which demonstrated a significant strain amplification mechanism in the intracellular region. The 
results suggested that the PCM acts as a mechanical transducer for the chondrocyte, by 
amplifying the ECM strains to within and around the cellular environment during transient 
loading and at equilibrium and this amplification mechanism could possibly regulate 
chondrocyte mechanotransduction [139].   
The compression device developed in this thesis was used for application of static compressive 
strain. However, application of dynamic compression in the device would better replicate the 
loading experienced by the cells within the constructs. This is because cartilage tissue 
engineered constructs developed in this thesis and in the study conducted by Finlay et al. (2016) 
[1] were created by applying a dynamic mechanical loading regime using a force controlled 
bioreactor. However, experimentally, it is difficult to record and quantify the three-dimensional 
(3D) changes to cell morphology in cyclic loading conditions due to the practical difficulties of 
loading in a controlled, physiological, dynamic manner and simultaneously capturing 3D 
morphological changes (as indicated by the few previously published dynamic loading studies). 
Thus, unconfined uniaxial static compression was selected as the loading method for the device. 
Nevertheless, the morphometric measurements obtained under static compression in this thesis, 
both in the native and tissue engineered cartilage deformation experimentation, were still 
meaningful and will serve as a baseline for more physiologically-relevant dynamic studies in the 
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future beyond this thesis. In addition, the compression device may be used in studies to examine 
cell deformation in different cartilage preparations, including isolated cells in agarose gel, 
cartilage/bone explants and fixed cartilage tissue as well as different connective tissues (i.e. 
tendon and ligament) and investigations to determine the chondrocyte biosynthetic responses 
under static compression. 
 In order to more closely resemble the mechanical conditions experienced by the cells within the 
constructs during construct development, a more ‘physiologically-relevant’ study using 
dynamic loading should be conducted. Further experimental work to modify the existing 
compression device or develop a new loading apparatus to apply controlled, physiological, 
dynamic compression would be required. In addition, silicone rings (used during mechanical 
loading of the constructs in this thesis and in the study conducted by Finlay et al. (2016) [1]) 
could be incorporated to the dynamic loading set-up of the device to further replicate the 
mechanical conditions that the constructs were subjected to during the development process in 
order to address the relationship between the applied dynamic compressive strain and cellular 
strain. It is possible that video microscopy (high contrast video imaging) [139], [141] and 
potentially 3D time-lapse imaging could be used for capturing images of cells during the 
application of cyclic loading on the constructs. However, the speed of the image acquisition 
must be quick enough to capture cell deformation during the unstrained and strained phases.  
6.3 Live Cell Staining and Imaging Methodology  
A live cell staining and imaging method that was capable of visualising, tracking and imaging 
changes in cell morphology within native and tissue engineered cartilage during different 
magnitudes of static compressions was successfully established and developed in this thesis. 
The essential requirements for the desired staining method (discussed in Chapter 3) included 1) 
allows stains to penetrate samples of both native cartilage and engineered cartilage constructs, 
2) provides specific and highly resolved visualisation of cell morphology for 3D quantification 
and 3) tracks and images cells multiple times without significant signal loss. Fluorescent 
staining has been consistently used to label living cells. In Chapter 3, two staining methods used 
for cell visualisation (method using Acridine Orange and SiR-actin Probe and method using 
Hoechst 33342 and CellMask Green Plasma Membrane Staining) were developed and compared 
for their suitability for the required application in live cell sequential imaging within native and 
tissue engineered cartilage under non-loaded conditions as a prelude to subsequently 
determining cell deformation behaviour under compressive loads. It was found that both 
staining methods were able to penetrate native and tissue engineered cartilage revealing 
morphology of the respective embedded cells. However, the dual staining method of Hoechst 
33342 and CellMask Green plasma membrane stains showed superior fluorescence signal 
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retention compared to the staining method of Acridine orange and SiR-actin during and after 
tracking selected cells on multiple confocal scans. Fluorescence signal loss would result in loss 
of cell morphology detail and therefore could potentially affect the accuracy of quantitative data 
obtained from the images. It appeared that CellMask Green plasma membrane stain was more 
photo-stable in comparison to the SiR-actin probe under the same illumination conditions (same 
dose of laser and imaging acquisition settings) which decreased the likelihood of 
photobleaching, an effect where a fluorophore degrades slowly following excitation leading to 
its permanent damage and consequent inability to fluoresce [230]. This would inevitably 
introduce potential errors in any morphometric measurements obtained from the subsequent 
images, therefore the staining method of Hoechst 33342 and CellMask Green plasma membrane 
was chosen as the staining method for this thesis.  
It was originally proposed to track the same population of the respective cells in native and 
tissue engineered constructs under incremental compressive strains but it was not possible to do 
this for cartilage constructs as they were highly cellular and the cells were densely packed 
within the constructs developed at early time points (Day 0 and 28) (which will be discussed 
later in this chapter). Nevertheless, it was still important to minimise the occurrence of 
photobleaching.  
In addition to the staining method itself, microscopy system selection, imaging conditions and 
image acquisition settings could also influence the retention of the fluorescence signal together 
with the photobleaching effect. Therefore these were carefully considered in this thesis. 
Confocal laser scanning microscopy (CLSM) was used as the visualisation system used for this 
thesis. CLSM is a high resolution imaging technique that uses the principle of fluorescence 
excitation to enables optical sectioning of non-transparent samples (could be fixed or living 
cells and tissues) that have been labelled with one or more fluorescence stains [228]. 
Chondrocyte deformation has been investigated in previous studies under static compression, 
generally with the use of confocal microscopy in native cartilage explants [21], [51], [87], 
[133]–[138], [210], intact cartilage [85], [145] and isolated chondrocytes seeded in agarose [88], 
[140]–[144]. Confocal microscopy is based on point illumination of a sample with a laser, 
which the laser is scanned across the sample to construct optical section, and spatial filtering of 
the returning light emission with a pinhole to block out of focus light from outside the focal 
plane [228]. Confocal microscopy offers several advantages over conventional optical 
microscopy. The major advantages of the confocal microscopy include the removal of out of 
focus light to increase optical resolution, the ability to construct a non-invasive 3D view of the 
sample by collecting of serial optical sections (Z stack) and the ability to record real time 
changes occurring at the cellular level [326]. Due to the advantageous features and the best 
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available system at the time, an Nikon A1R inverted confocal microscope was used for the 
experimentations in this thesis.  
In Chapter 3, attempts to minimise the occurrence of photobleaching with regards to imaging 
conditions and image acquisition settings were described. The use of ProLong® Live Antifade 
Reagent was investigated. This is a reagent which is able to metabolise the free radical singlet 
oxygen molecules generated during imaging that can degrade neighbouring dye (stain) 
molecules. As discussed in Section 3.3.5, experimental data suggested that the presence of 
ProLong anitfade reagent in the imaging solution provided environmental protection to 
fluorophores which aided the retention and duration of the fluorescence signal [327]. No 
previous chondrocyte deformation studies have used any antifade reagents to aid with 
photobleaching effects. In a study by Madden et al. (2013) [85], in which superficial zone 
chondrocyte deformation in intact rabbit cartilage under compressive tissue strains (0-80 %) was 
investigated, photobleaching effects was believed to be contributed to the morphometric 
measurements in the final confocal scans which may have led to measurement errors and 
potentially constraint image acquisition over longer time duration. Guilak (1995) [210], 
examined changes in 3D morphology of the nuclei of chondrocytes during compression of 
canine patellofemoral groove cartilage explants using confocal microscopy, also found rapid 
photobleaching effects without the use of antifade reagents. In addition (as discussed in Chapter 
3), image acquisition settings were optimised based on the photo-stability of the stains and the 
capability of the current Nikon A1R inverted confocal microscope used in this thesis with 
regards to minimise the chances of photobleaching. It is well known that there is risks of 
photobleaching to the sample (cells/tissues) associated with high intensity of excitation light and 
long repeated exposure time [223]. In addition, the breakdown products of the fluorophore can 
also be toxic to a cell so it is likely to suffer from phototoxicity effect if fluorophores are excited 
near the ultra-violet portion of the spectrum which can lead to direct cell damage from the light 
source [230]. As observed in Chapter 3, with the excitation light kept to a minimal, fluorescence 
fading of SiR-actin was detected after sequentially imaging a region of interest within native 
cartilage samples repeatedly four times, suggesting that acquiring four repeated images in the 
same region of native cartilage was beyond the capability of the stain and that the exposure time 
to excitation light was too long. It was therefore proposed that three sequential images would be 
used to track chondrocytes within the native cartilage. Some previous chondrocyte deformation 
studies, such as Schinagl et al. (1996) [134] and Turunen et al. (2013) [328], ensured 
photobleaching was kept to a minimal by using lower laser power and reduced excitation light 
exposure time.  
In addition to minimisation of the photobleaching effect, it was also important to obtain high 
resolution images (with clear visible contrast between the features of interest and the 
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background) to capture the cell morphology changes in native and tissue engineered cartilage 
samples under incremental compression for quantification analysis. Resolution is defined as the 
minimum distance between two points on a sample that can be defined by a certain level of 
contrast between them [329]. In other words, resolution is the amount of details that an image 
holds. Higher resolution means more fine details and an ability to capture smaller structures 
[230]. A number of strategies can be employed to increase the resolution of an image. In theory, 
image resolution in confocal microscopy depends on the numerical aperture (NA) of the 
objective and the wavelength of the light [228], [259], [329], [330]. 
The NA determines the resolving power of an objective [260]. The higher the NA of an 
objective, the better the resolution. In addition, the total resolution of the entire microscope 
system is dependent on the NA of the microscope’s condenser, therefore correct alignment of 
the microscope optical system is also essential to ensure maximum resolution [331]. When 
selecting the objective for the imaging method here, there was no difference in NA between 
40x, 60x and 100x oil lenses. The 40X lens had a higher working distance (vertical distances 
between the front of the objective and the closest surface to the sample when the sample is 
focused) than the other objectives, which allowed for more space available to manoeuvre the 
lens during focusing on the sample. This magnification still provided a good enough resolution 
(having similar NA to the other two objectives) with better overall image brightness (image 
brightness decreases as magnification increases [260]. It was therefore chosen as the objective 
for all of the experimental studies in this thesis.  
However, in practice, the theoretical maximum resolution of the confocal microscope is often 
not achieved [329]. In live cell imaging experiments, experimental limitations and the properties 
of the sample itself also dictate the realistic resolution possible for imaging [332]. In addition, 
the capability of a microscope to produce high resolution images would also be worthless if 
sufficient contrast was not achieved [332]. Image contrast is created by differences in signal 
intensity and/or colour which allow features or details in an image to become visible [332]. In 
other words, the ability of a feature to stand out with respect to background and other adjacent 
details is a measure of image contrast [332]. Hence, the influence of noise and the amount of 
signal intensity (noise to signal ratio) would affect the image contrast and consequently 
resolution and quality of the resulting images [329]. Since resolution requires a certain level of 
contrast and contrast is affected by the noise to signal ratio, the image contrast level attained in 
practice is ultimately determined by the interaction of the sample with light (the number of 
photons detected), the dynamic range of signal and the efficiency of the optical system in 
conjunction with the ability to reliably record the photons collected within the detector [332]. In 
the experiments in this thesis, experiential factors such as the type of sample (cartilage explants 
and constructs), the image acquisition protocol (tracking the same population of chondrocytes 
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within native cartilage with sequential imaging and tracking different populations of 
synoviocytes within tissue engineered constructs), cell viability and photobleaching dictated the 
amount of light intensity and duration of exposure placed on the sample, consequently 
determining the attainable resolution. For example, to reduce the photobleaching effect, the 
laser power level and the excitation light exposure time should be kept as low as possible. 
However, limitation to light intensity and exposure duration would result in a reduction in signal 
to noise ratio and low contrast level, consequently affecting the resolution of the image. In 
contrast, low amounts of signals from the fluorophores can be improved by increasing the light 
intensity to provide more energy to excite them but there is then a risks of photobleaching. In 
addition, low signals can be improved by opening the pinhole in front of the detector to allow 
more illumination to pass through to the sample [329], [333]. The overall intensity and signal to 
noise ratio will seem to improve but the detector will be picking up the unwanted extrafocal 
signal from planes outside the focal plane, and consequently the axial resolution deteriorates 
[333]. Thus, there is a trade-off between photobleaching and image quality. Given that image 
contrast may be dictated by these factors, the best resolution possible within the constraints 
imposed by the experiment was attempted.  
In the development of the imaging method used in this thesis, the image acquisition setting was 
optimised with respect to minimisation of the photobleaching effect without sacrificing image 
quality too much. As discussed in Section 3.6.5, keeping these considerations in mind, it was 
proposed that the laser power was kept at 5 % so it was as low as possible to minimise any 
photobleaching effect but was still able to provide enough light to excite the fluorophores to 
yield the number of photons detected to provide the contrast required for high resolution 
images. The pinhole was set at the theoretical optimum of  1 Au to provide a diameter that gave 
the best compromise between light throughput, noise and resolution and no line averaging 
(normally used to reduce noise) was used to reduce illumination time in order to minimise the 
photobleaching effect. In addition, the 3D image depth was set at approximately 20 µm with 0.2 
µm optical section intervals to reduce the exposure time in ROI (kept in mind that 3 sequential 
images are captured in each ROI) but still capable of tracking a population of cells.   
Optimisation of image acquisition settings achieved the best output capability of the confocal 
system available at the time of this thesis. Confocal microscopy is one of the most widely used 
imaging technique in tissue engineering research [227], [228], [334], but there are many other 
commercial advanced imaging systems and optical instrumentations available that have the 
capability to improve image resolution without introducing photobleaching effect.  
The use of a high-speed resonant scanner, such as the Nikon A1R HD25 or the Olympus 
FV3000RS hybrid scanner, coupled with a high sensitivity detector could potentially improve 
on image contrast and consequently on resolution and reduce photobleaching and phototoxicity 
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[262]. Resonant scanning was designed to improve scanning speed. It is driven by a different 
waveform than (traditional) galvo scanners, which adapts a linear sawtooth wave. It uses a high 
frequency sinusoidal wave which can translate into speeds up to 30 frames per second. With the 
improved scan speed, the resonant scanner is capable of scanning the sample and creating pixels 
required for the image much quicker compared with the galvo scanner. This means that a higher 
sampling rate could create more pixels in the same amount of time resulting in better resolution 
images. In addition to quicker scan speeds, shorter dwell time to capture an image would be of 
benefit in reducing the photobleaching and phototoxicity effects from laser irradiation. 
However, shorter pixel dwell times could also potentially results in less signal detected and a 
consequent reduction in image resolution. By incorporating a highly sensitive detector such as a 
Nikon A1-DUVB-2 GaAsP detector with resonant scanning, this would be able to collect weak 
fluorescence signals without increasing laser power or opening the pinhole of the detector to 
increase excitation light which compromises image quality [213]. However, the suggested 
scanners and detectors have not been used in previous studies to examine cell deformation in 
native and tissue engineered cartilage and therefore these could be explored in further 
experimental work. 
A shortcoming that became apparent during the development of the live cell staining and 
imaging method used in this thesis was the restriction of the tissue regions in which cells could 
be imaged and examined. Although the image resolution is very high, confocal microscopy has 
a very limited penetration depth [228], [230], [335], [336]. Typically, the penetration depth is 
limited to roughly 50-100 µm for confocal microscopy depending on the sample transparency 
and the wavelength of the excitation light [213], [227]–[229]. When focusing deep into a 
sample, image quality could deteriorate as a result of fluorescent light returned from the sample 
becoming scattered, absorbed and defocused as it passes back through the sample and 
consequently very little emitted fluorescence reaches the detectors [228], [230]. For every 
sample, there is a depth at which light scattering occurs and where traditional fluorescence 
techniques are no longer effective. Generally, longer wavelength light has a deeper penetration 
depth than shorter wavelength light due to less light absorption and scattering [213], [228]. For 
the experiments in this thesis, the penetration depth was limited to around 50-80 µm beneath the 
sample surface, meaning only cells located at the periphery of the cartilage tissues were imaged. 
In comparison to the range previously achieved in the field, studies examined 3D deformation 
behaviour of chondrocytes in native cartilage achieved the maximum imaging depth of around 
40-50 μm without cutting the tissue to expose the cross-sectional area [85], [145]. Thus, the 
penetration depth achieved by using Hoechst 33342 and CellMask Green plasma membrane 
stains in this thesis was similar to the range previously achieved in the field. 
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It is possible that multiphoton microscopy could be used as an alternative approach to improve 
the penetration depth in to the samples as required by this study. The multiphoton system 
typically has at least a twofold improvement in the imaging penetration, allowing imaging at 
much deeper levels than the confocal microscope [213], [227], [228], [230] The penetration 
depth of multiphoton microscopy is approximately 400 µm but it can reach up to 1 mm or 
higher depending on the transparency of the sample [227]. It uses much longer wavelengths of 
light (near-infrared) to excite the fluorescent molecules which scatter less than the visible 
(short) wavelength that is normally used in the confocal microscopy as it scans through tissue, 
thus enabling deeper penetration [227], [228], [230]. In addition, infrared wavelengths have a 
much lower phototoxic effect to living cells and tissues than excitation light near the ultra-violet 
wavelengths [230]. In multiphoton imaging, two-photon fluorescence microscopy is the most 
commonly used form [227]. It relies on two low energy photons being absorbed simultaneously 
by a single fluorophore to excite and subsequently to generate fluorescence [227], [228]. This 
process requires a high intensity of photons and is typically achieved by using ultra-short pulsed 
laser illumination which provides sufficient photon density at the focal point [228]. Excitation 
achieved by two-photon collision is restricted to the focal plane where the high intensity laser 
light is most concentred, thus producing a natural pinhole effect that filters the out-of-focus light 
[227], [228], [230]. As a result of no out-of-focus absorption (from regions above and below the 
focal plane), the multiphoton detector collects all the emission light from the excitation, 
minimising signal loss (compared to confocal microscopy which uses a pinhole to eliminate out-
of-focus light from the focal region), therefore a greater proportion of the excitation light is used 
to penetrate the tissue, allowing deeper penetration [227], [228], [230]. In addition, there is no 
out-of-focus light that will contribute to the image which results in consequent excellent image 
contrast. In addition to the excitation being restricted to only the focal plane, there is 
significantly less photobleaching and phototoxicity (two major limitations of imagining living 
cells and tissues by fluorescence microscopy) and sample can be imaged for a much longer 
period compared to confocal microscopy, where fluorophores along the whole illumination path 
are excited [227], [228], [230]. For these reasons, multiphoton microscopy could be used to 
improve on imaging penetration and photobleaching for further experimental work. With the 
improved imaging penetration, it might be possible to assess the chondrocyte deformation 
within the middle zone of native cartilage without causing damage and disruption to the 
chondrocytes and the matrix by cutting the sample. 
6.4 Quantification of Cell Deformation via Amira Software 
Examination of cells by microscopy has been the primary method for studying cellular 
dynamics and function in life science research for decades [228], [230], [337]. If the cells (either 
in two-dimensional (2D) or three-dimensional (3D) cultures) are stained appropriately, 
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visualisation can be captured through the acquisition of fluorescence images by advanced 
imaging systems, such as confocal microscopy and multiphoton microscopy [337], [338]. These 
imaging systems are capable of collecting large numbers of high resolution images of cells in a 
short space of time for time-lapse experiments and live cell imaging studies. However, a 
bottleneck exits at the image analysis stage with regards to the long analysis time required to 
extract cell measurements from the fluorescence images. There are many image analysis 
software tools available for extracting quantitative measurements of cell parameters, such as 
morphology, count, intensity and texture, from either 2D or 3D fluorescence image data [338]. 
Open access software tools, such as ImageJ and The Visualization Toolkit have been used in 
studies to quantify cell morphological changes within cartilage explants and isolated 
chondrocytes in agarose [51], [85], [145], [328]. However, software such as ImageJ is generally 
used more towards manual analysis of individual images [337], [338]. Marcos can be written in 
ImageJ in order to adapt it to specific image analysis tasks but this would require the researchers 
to learn a programming language [337]. Some studies utilised custom programmes written in 
commercial software (i.e. ImagePro and Matlab) or Java to view, identify, measure and track 
cells within cartilage tissues in 2D and 3D images under unstrained and strained conditions [94], 
[137], [144], [337], [339]. By developing their own scripts or code in the software, this can 
accommodate image analysis tasks specific to their studies. Although specific for purpose, 
customised in house image analysis solutions are not available for all to use and therefore limit 
the ability to compare data from different groups. 
Amira software, a 2D-5D visualisation and data analysis software [340], was used in the current 
study to measure cell parameters including: cell length, width, height, volume and sphericity in 
3D fluorescence images in order to quantify cell morphological changes under incremental 
static tissue compression. This particular image analysis tool was chosen because the software 
interface is user-friendly and easy-to-use which allows researchers who might not have 
extended expertise in computer programming to easily perform cell dynamics quantification 
analysis. In addition, Amira is a highly interactive software in which the data set can be 
displayed as graphics throughout each stage of software operation to visually support users in 
data analysis. The software was designed to analyse data from various imaging systems (i.e. 
micro-CT, Ultrasound, MRI and confocal microscopy) and handle large data sets in different 
file format. The software also adopts a modular design that enables the creation of custom 
workflow of combined modules to provide flexibility and specificity to the study. Thus, it is not 
targeted to a particular imaging application but has the capability to accommodate many 
experimental set-ups (i.e. counting, tracking or measuring morphology of various sized objects, 
from particles to entire cells) that present unique challenges for processing and analysing the 
imaging data. Different modules can be mixed and matched in numerous ways, customised to a 
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particular imaging task or application. Another major advantage of Amira software is that the 
image processing step can be conducted in an automated fashion once the custom workflow has 
been set up and saved. Upon the completion of image processing and cells identification steps, 
the software is also able to simultaneously perform 3D volume rendering and various 
measurement of cell morphology parameters (as mentioned pervious in this section) in a high 
throughput manner. Although Amira is relatively new to the market, the software has been used 
in published work where similar image analysis demands to those required in the current work 
were needed to be met. Amira has been used to measure porosity, surface area and volume from 
images of the microstructure of various types of samples (i.e. bituminous coal [341], Arkose 
rock [342] and used molten carbonate fuel cell cathodes [343]) captured using various imaging 
systems (i.e. micro-CT and X-ray microtomography). To the author’s best knowledge, it is the 
first time it has been used for quantitative image analysis of native and tissue engineered 
cartilage under static compressive strain. 
A custom workflow was developed by the author on Amira software specifically to analyse the 
confocal images and perform cell morphometric measurements within native and tissue 
engineered cartilage (see Chapter 4 and Chapter 5, respectively) in order to quantify cell 
deformation behaviour under incremental compressive strains. The image analysis process, 
which consisted of three stages: image processing, cells identification (also called segmentation) 
and data analysis (measurements), was conducted in a semi-automated fashion. This would 
reduce bias due to subjective observation and the time required for cell morphology evaluation 
from the confocal images. Several modules were selected and combined to form the workflow 
used for the current image analysis application and each module setting was adjusted 
appropriately in order to address the three image analysis steps. Once the workflow was 
satisfactory, the order of modules and their settings were saved and the workflow was applied 
on every image set to perform the same analysis. Upon starting the analysis, the 3D data from 
the confocal images was separated into images of cell nuclei and plasma membrane and loaded 
into the software. Both set of images travelled through the workflow and were processed by 
each module in order. Modules including ‘Gaussian Filter’, ‘Interactive Thresholding’, ‘Fill 
Holes’, ‘Remove Small Spots’ and ‘Border Kill’  (only applied to chondrocytes in the cartilage 
deformation experiment) were used to process the images. The processing stage was particularly 
important in the image analysis process as it cleans up the images, reducing noise levels, which 
helps to improve accuracy on the cells identification stage. It was performed automatically and 
only required a short analysis time per image. The resulting processed images highlighted 
objects that were potentially nuclei and plasma membrane based on fluorescence intensity and 
both images were then merged together prior to the cells identification step.  
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Next, the cells identification stage was conducted in which cells were recognised and selected 
from the processed images for morphometric measurements. However, this stage posed the 
most challenging problem for the image analysis process in the current study. The software 
allows the user to segment structures or regions of interest in 3D images using a variety of 
automatic, semi-automated and manual tools. In the current study, the software was capable of 
easily picking out cells that had clear cell boundaries from the 3D confocal image data sets (all 
the 2D slices). In this case of clear cell boundaries, the nuclei and plasma membrane of cells 
were merged together and identified as individual cells for morphometric measurements. 
However, it was not straight forward in some cases where cells were touching unwanted 
surroundings (i.e. pericellular matrix (PCM)) and each other. In work described in Chapter 4, 
the chondrocytes within the native cartilage were well-dispersed but chondrocytes were in close 
contact in some occasions and the green CellMask plasma membrane stain appeared to have 
stained the PCM around the chondrocytes as well as the plasma membrane. In the case of work 
described in Chapter 5, the synovicytes within the cartilage constructs were confluent and 
present in tight, dense collections of cells, in particular in both loaded and non-loaded constructs 
at Day 0 and Day 28. Since synoviocytes were highly densely populated within the constructs, 
many of them touched and overlapped each other, which made it difficult to recognise and 
separate them as individual synoviocytes. For this reason, cell measurements were only 
performed on confocal images of synoviocytes within Day 56 constructs. In addition to the high 
density of synoviocytes within the constructs, analysis was conducted on different populations 
of synoviocytes during their uncompressed state and under incremental tissue compression 
because tracking the same population was incredibly difficult as the field of view changed with 
the application of tissue compression. These issues are highlighted in both Chapters 4 and 
Chapter 5 and made cells identification a lot more challenging and an extra step was needed to 
separate touching chondrocytes or remove PCM from the chondrocytes and separate touching 
synoviocytes within native and tissue engineered cartilage, respectively. Thus, morphometric 
measurements were made possible by manually defining dividing lines in 2D with the use of the 
lasso tool to separate different objects in order to achieve the removal of PCM and separation of 
touching cells.  
Once this was completed, cell nuclei and plasma membrane could be found more easily and 
were merged together to be identified as individual cells for morphometric measurements. 
However, objects separation needed to be conducted manually on each cell on every 2D image 
that made up the 3D data, and therefore this extra step to identify cells for morphometric 
measurement was extremely time-consuming and required considerable effort and 
concentration. Consequently, this led to low sample numbers in both native and tissue 
engineered cartilage deformation experiments. Cell morphometric measurements were 
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performed on the same 37 cells from four cartilage samples under the selected strain levels in 
the native cartilage experiment, whilst data was collected on 10 different synoviocytes at each 
strain level per construct and from two different constructs in each loaded and non-loaded group 
in the cartilage construct experiment. Madden et al. (2013) [85] examined morphological 
changes of the same chondrocytes in cartilage samples from two regions of the rabbit knee joint 
(femoral condyles and patellae) and managed to measure 4-8 chondrocytes per sample from 
four cartilage samples per joint region. In another study, Han et al. (2010) [145] quantified 
chondrocyte deformation in healthy and early osteoarthritis (OA) intact articular cartilage under 
static compression and the same group of chondrocytes (a total of 48 chondrocytes per 
experimental group) were tracked for quantitative morphometric measurements. The number of 
cells measured in this thesis was therefore similar to those of previous studies achieved in the 
field. It is possible that these studies might also experience similar challenges imposed on the 
measurement method in this thesis.    
 
In order to reduce the time required for the cells identification stage during image analysis and 
consequently increase sample numbers in the current study, the use of a more specific stain to 
define cell borders could avoid the time-consuming segmentation step used to exclude 
unwanted objects, such as the PCM, from the chondrocytes in the cell deformation study in 
compressed native cartilage (Chapter 4). Whilst the ability to specifically visualise defined cell 
borders is important for effective cells identification in the image analysis process, the stain is 
also required to retain the fluorescence signal after repeated imaging. In addition to the densely 
packed synoviocytes observed in the cell deformation study in cartilage constructs (Chapter 5), 
it was problematic to recognise and separate clumped synoviocytes for morphometric 
measurements. In some cases, it was not possible to identify individual synoviocytes due to 
undefined cell borders. In other cases, dividing lines between touching synoviocytes were easier 
to identify and these were segmented manually in every 2D image that formed the 3D data on 
the software but this imposed a significant constraint on the speed of the image analysis process. 
It is possible to decrease the number of synoviocytes being imaged by reducing the depth image 
to a monolayer of cells within the constructs. This could potentially avoid observing some 
touching synoviocytes in the vertical z-axis. In addition, tracking the same synoviocyte during 
its uncompressed state and under incremental tissue compression could be achieved by applying 
the strain more slowly to the selected value while following the synoviocyte live on the confocal 
microscope before acquiring the image. However, this approach is extremely time-consuming 
and could induce photobleaching effects. It would not be possible to speed up the image 
analysis process for densely distributed touching synoviocytes on the x-y axis unless the cell 
seeding concentration were to be lowered at the beginning of construct development.  
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Once the cells were segmented, the last stage was to perform morphometric measurements on 
identified cells. In the current study, measurements such as cell length, width, height and 
volume were selected as well as manually inserted specific equation (i.e. sphericity) on the 
software. When the measurements settings were saved, the software was able to perform this 
stage automatically and could be used to reproduce the analysis on all of the image data sets 
which consequently saved time and reduced subjective bias associated with manual 
measurements. In this work, Amira software demonstrated the capability to analysis 3D 
confocal image data and perform cell morphometric measurement in a semi-automated fashion 
and has the potential to progress to automation with improvement on sample staining technique 
and adjustment to the image acquisition method.  
6.5 Chondrocyte Deformation within Native Cartilage  
Many studies have been conducted to investigate chondrocyte deformation in native cartilage 
explants [21], [51], [87], [133]–[139], intact cartilage [85], [145] and isolated chondrocytes in 
agarose gel [88], [140]–[144].  
In the present study, the deformation response of chondrocytes within bovine cartilage disks 
subjected to incremental compression was investigated in order to address the relationship 
between applied tissue deformation and cellular strain. It’s the first time, to date, that a given 
population of articular zone chondrocytes within bovine cartilage explants was compressed 
under 10 % and 15 % compressive tissue strain and repeated confocal images of the same 
chondrocytes captured and tracked under live cell conditions in the uncompressed state and 
during the two applied compressive strains (as described in Chapter 4). Cell morphometric 
measurements were recorded to determine changes in 3D chondrocyte morphology in response 
to incremental tissue compression. The major findings of Chapter 4 showed that articular zone 
chondrocytes underwent significant changes in morphology, size and volume with overall tissue 
compression and these deformational changes were substantially greater than the applied tissue 
strains. The chondrocyte deformation observed in this study together with data previously 
reported in the literature [85], [87], [133]–[137], [145] suggest that the deformation response is 
associated with the local microenvironment around the chondrocytes. In particular, the PCM is 
believed to play a critical role in controlling the mechanical environment in and around the 
chondrocytes. In addition, the significant deformation changes observed in the study were 
presumed to be due to the specific composition and structure of the superficial matrix and its 
mechanical properties [51]. This is because the large axial compressive cellular strain reported 
in this study is consistent with previous measurements of cell strain under compression in the 
superficial layer of cartilage explants [87], [137]. Thus, the mechanical properties of ECM and 
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PCM around the chondrocytes should be investigated along with the cell deformation response 
under compression in future studies.  
It is possible to determine the local ECM strains by labelling cell nuclei to measure the change 
in vertical distance between given groups of cells at each applied compression level. Label-free 
techniques, such as second harmonic generation (SHG) imaging, could be used to reveal 
differences in the architecture and organisation of the collagen within ECM and enable 
observation of the microenvironment around chondrocytes between loaded and non-loaded 
states [300], [344]. SHG imagining, an extension to multiphoton microscopy, is a non-linear 
optical process that has the ability to generate second harmonic signals from non-
centrosymmetric structures (i.e. collagen, myosin and microtubules) when excited by ultra-short 
laser light [344]–[347]. This complementary technique to multiphoton microscopy utilises the 
excitation of two photons (induced by the incident laser beam) which simultaneously interact 
with dense non-centrosymmetric structures (like collagen in cartilage ECM) and convert into a 
single photon of exactly the same total energy and twice the frequency, without absorption and 
re-emission of photons [347], [348]. It can provide 3D, submicron resolution images of collagen 
in cartilage and has the capability to  penetrate in to tissue to a depth of up to a few hundreds of 
micrometres (which is one of the benefits in using infrared excitation in multiphoton 
microscopy) without any need for tissue sectioning and staining [345], [348]. Examination and 
characterisation of surface morphology of cartilage, structural, morphological and organisation 
alteration in collagen and the detection of different collagen types were achieved by using SHG 
imaging in healthy or osteoarthritic native articular cartilage and in cartilage under (tensile) 
strain conditions [345]–[349].  
In addition to fluorescence staining for cell visualisation, immunostaining of type VI collagen 
(i.e. a primary anti-collagen type VI antibody, followed by a FITC conjugated fluorescent 
secondary antibody) [339]  or keratan sulphate (i.e. a primary anti-keratan sulphate antibody 
used with rhodamine conjugated fluorescent secondary antibody) [143] could be used to 
delineate the PCM region under applied tissue compression as these matrix molecules are 
generally presence in PCM. By using multiphoton fluorescence and SHG microscopy together, 
it is possible to define the deformation changes in chondrocytes, PCM and ECM in order to 
examine the relationship between cellular, PCM and ECM strains in different zones within the 
cartilage prior to and during incremental compression.  
6.6 Synoviocyte Deformation within Cartilage Constructs  
Finlay et al. (2016) [1] attempted to engineer functional cartilage constructs in vitro for long 
term cartilage repair using mechanical stimulation. Constructs were created through the 
combining of PET scaffolds and bovine synoviocytes followed by incubation in chondrogenic 
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culture for 4 weeks before being subjected to cyclic compressive loading for 1 hr at 1 Hz, 5 days 
per week for 28, 56 or 84 days. To date, no attempt has been made to investigate the constructs 
at the level of the single cell. The aim of the study in this thesis was to better understand the 
mechanism(s) behind the construct’s development and to address the relationship between 
applied compressive strains and cellular strain. In order to fulfil the aim, a novel compression 
device and a dual staining method using Hoechst 33342 and CellMask Green plasma membrane 
(as described in Chapter 2 and Chapter 3, respectively) were specifically developed and used in 
conjunction with confocal microscopy to determine the deformation response of living 
synoviocytes within cartilage constructs (at different time points of their development) 
subjected to incremental compression. Cellular deformation was examined under the estimated 
tissue strain applied to the constructs in the bioreactor during mechanical loading. A higher 
compressive strain of 28 % was also used in this study in an attempt to access how synoviocytes 
would react under conditions approaching maximum physiological loading which lies in the 
physiological range of 0 % to 30 % [130], [210], [264], in terms of any changes in cell 
morphology.  
The histological and compressive moduli findings revealed that the constructs created in this 
study appeared to have a lack of cartilage-like matrix and low compressive moduli after 56 days 
of culture under loaded and non-loaded conditions in comparison to those in Finlay’s study (as 
discussed in Section 5.5) [1]. It is believed that the use in this study of a scaffold with higher 
porosity potentially limited cell-cell interactions within the constructs which could have 
hindered the rate of cell differentiation and subsequent cartilaginous matrix deposition, and 
therefore resulted in less matrix filled pores within the scaffold. It is possible that more porous 
materials take longer for these kinds of interactions to occur and if the porosity is greater than a 
threshold value, it might not happen at all. The DNA data also suggested that the mechanical 
loading was stimulating cell proliferation rather than differentiation therefore the synoviocytes 
hadn’t differentiated to the same extent as previously observed in Finlay’s study [1]. In addition 
to the use of a scaffold with higher porosity, it is possible that insufficient initial cartilage-like 
matrix had been deposited, indicated by the histological images after the 4-week pre-culture 
period, as a result of the synoviocytes being early in their journey towards differentiation to a 
chondrocyte-like phenotype. This would mean that synoviocytes may be unable to elaborate the 
correct cartilage-like matrix and/or enough amount of matrix (and thus insufficiently stiff) to be 
able to transmit mechanical signals to the synoviocytes in mechnotransduction. Also, whilst the 
matrix deposited might not be competent for the transmission of mechanical signals to the 
synoviocytes, the cells themselves may not have had the correct phenotype to be able to respond 
in the way that was seen previously. Based on the histological findings, there was also a lack of 
homogenous cartilaginous matrix with variable quantities of collagen type II and sGAG in 
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distinct regions within both loaded and non-loaded constructs at Day 56. It is possible that this 
is also due to the use of a thicker scaffold material (with higher porosity) which could have 
hindered the rate of cell differentiation and consequently affected the deposition of cartilage-like 
matrix within the constructs.  
As discussed in Section 5.5.6, there were no significant changes in cell morphology under 
incremental compression in the Day 56 loaded constructs. It seems likely that this was 
influenced by the lack of a homogenous cartilaginous matrix. Histological analysis showed that 
there were distinct regions with variable cartilage-like matrix present within the constructs and 
these could give rise to different regions with variable compressive stiffnesses. Given that more 
GAGs appeared but no significant synoviocyte deformation was detected at the superficial of 
the Day 56 loaded constructs under compressive tissue strains, this perhaps suggests that the 
regions where the synoviocytes were visualised had denser matrix but the synoviocytes did not 
experience much deformation because regions with less stiff matrix would deform much more 
readily. The different deformation behaviour of synoviocytes observed in the two non-loaded 
constructs may also be explained by the proposed assumption of stiffness differences in regions 
with variable amount of cartilage-like matrix. Based on all the experimental results in this study, 
there was an insufficient amount of data to support the proposed assumption of site-specific 
differences in ECM quality, including stiffness, for explaining the effects of deformation 
response of synoviocytes within the loaded and non-loaded constructs. It was not possible to 
identify the exact locations which the confocal images of synoviocytes were captured and map 
these to the histological findings Thus, the lack of a homogenous matrix renders the data 
collection problematic.   
The difficulties, both biological and technical, inherent in this study, were clearly the reasons 
why it was not possible to provide much information with regards to the effects of mechanical 
loading on cellular deformation within constructs created at different stages of development. 
Thus, in order to determine the predominant driving factor in explaining the observed effects on 
synoviocyte morphology and to address the relationship between applied tissue strain and 
cellular strain, constructs with higher compressive modulus and more matrix deposition with 
greater homogeneity needed to be developed. By using scaffolds with the same porosity as the 
pervious study for future experimental studies, constructs with homogenous distribution of 
cartilaginous matrix and fully differentiated chondrocytes could potentially be created. 
Consequently with further differentiation cells would be distributed more sparsely within the 
constructs which would make cells identification easier and allow more cells to be measured to 
increase the sample size. This would also allow tracking changes in cell morphology from the 
same population of cells possible in order to improve the accuracy of the mean value of the 
measurements. In addition, tracking the cell location within the construct (i.e top or bottom 
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surface of the construct) and the matrix distribution around the measured cells with confocal and 
histological imaging could provide a better insight into the effects of compressive loading on 
cellular deformation for each experimental parameter (strain levels) and groups (loaded and 
non-loaded constructs created at different stages of development). It is possible that the 
proposed technique of utilising the multiphoton fluorescence and SHG imaging together 
(described in Section 6.5) could be used simultaneously to observe the changes in cell 
morphology and the local microenvironment around the measured synoviocytes. Multiphoton 
and SHG microscopy can be used to visualise fluorescently labelled synoviocytes, and the 
collagen structure around the synoviocytes within the ECM, respectively. Thus, this study has 
highlighted the importance of scaffold selection for engineering the constructs and the need for 
more information on, for example, initial cell seeding density for subsequent matrix 
development and cell differentiation. Despite the shortcomings, this study provides a platform 
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Chapter 7 - Conclusion  
This investigation sought to determine cell deformation in native and tissue engineered cartilage 
under incremental tissue compression and to address the relationship between applied tissue 
deformation and cellular strain.  
To summarise the findings: 
 A novel compression device which uses a configuration of loading along the focal axis 
of the (Nikon A1R) confocal microscope was successfully developed to allow 
visualisation of cells within native and tissue engineered cartilage in real time, under 
controlled static unconfined compressive loading conditions.  
 A dual staining method of Hoechst 33342 and CellMask Green plasma membrane 
stains with superior retention of fluorescence signal following the repeat capture of 
three sequential volume images was developed and used to visualise, track and image 
cell morphology in native cartilage and tissue engineered constructs under controlled 
loading conditions..  
 Image acquisition settings of the confocal microscope were optimised to achieve the 
best resolution possible within the constraints, both technical and biological, imposed 
within the experiments. Galvo scanning proved to be more superior at retaining the 
fluorescence signal compared to resonant scanning and was therefore selected as the 
image acquisition method used in the experiments.  
 Significant changes in deformation of chondrocytes in the superficial zone of bovine 
cartilage explants were determined under 10 % and 15 % compressive tissue strains. 
This represented the first time that incremental strain levels were applied and the 3D 
deformation behaviour of the same chondrocytes tracked within the cartilage tissue. 
These deformation changes were substantially greater than the overall applied tissue 
strains suggesting that large morphological changes might occur in the superficial zone 
of cartilage during physiological compressive loading. It is likely that the local ECM 
environment as well as the PCM around the chondrocyte may contribute to the 
observed effects.  
 For engineered constructs, only a small amount of cartilage-like matrix deposition was 
seen in contrast to the previous 2016 study, with correspondingly low compressive 
modulus values. The primary reason for the differences may be related to the starting 
porosity of the scaffolds used in the constructs, emphasising the need to understand the 
relationships between scaffold porosity, cell seeding density and time to cell 
differentiation. Synoviocyte morphology did not change significantly within loaded 
constructs under the estimated strain experienced by the construct during mechanical 
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loading and under 28 % compressive strain. The observed effects were likely be 
influenced by the microenvironment around the measured synoviocytes, in particular 
the stiffness of the constructs and the matrix heterogeneity that would have led to 
distinct regions with variable quantities of collagen type II and GAG. 
 It is concluded that a novel methodology to visualise, track, image and quantify cell 
morphology within native and tissue engineered cartilage under static tissue compression was 
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Chapter 8 - Future work  
The achievements and the findings of this study present numerous possibilities for future work. 
The long term aim of this study was to provide a better understanding on the loading 
mechanism that was previously used by Finlay et al. (2016) [1], in particular the mechanism (s) 
underpinning the construct’s development.  
For the cartilage deformation experiment described in Chapter 4, it was highlighted that the 
mechanical properties of ECM and PCM around the chondrocytes need to be investigated along 
with the cell deformation response under incremental compression in a future study. It was 
believed that chondrocyte deformation was largely influenced by the local ECM as well as the 
PCM around the chondrocyte.  
Following the cartilage construct deformation experiment described in Chapter 5, a future study 
would need to be carried out. In order to determine the effects of incremental compression on 
synoviocyte deformation within constructs created at different stages of development and to 
address the relationship between applied tissue strain and the cellular strain, constructs with 
higher compressive modulus and more matrix deposition with greater homogeneity would need 
to be created. In addition, more synoviocytes need to be measured to increase the sample size 
and if possible, track the same population of cells in order to improve the accuracy of the 
measurements. The proposed assumption of site-specific differences in ECM quality, including 
stiffness, explaining the observed effects on synoviocyte morphology in this study could also be 
tested. As discussed in Section 5.5, the aim would be to track the changes in synoviocyte 
morphology, the synoviocyte locations within the construct and the matrix distribution around 
the synoviocytes for each experimental parameter (strain levels) and groups (loaded and non-
loaded constructs developed at different time points).     
The success of the methodology developed here to visualise, track, image and quantify cell 
morphology within native and tissue engineered cartilage under static tissue compression 
presents an interesting platform for future study to investigate cell deformation under more 
‘physiologically-relevant’ dynamic loading. Further work on modifying the existing 
compression device or developing a new loading apparatus to apply controlled, physiological, 
dynamic compression could be conducted to study the effects of dynamic compressive loading 
on the cell deformation behaviour within native and tissue engineered cartilage and to address 
the relationship between the applied dynamic compressive strain and cellular strain. As 
discussed in Section 6.2, the compression device could be used in studies to examine cell 
deformation in different cartilage preparations, including isolated cells in agarose gel, 
cartilage/bone explants and fixed cartilage tissue as well as different connective tissues (i.e. 
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tendon and ligament) and investigations to determine the chondrocyte biosynthetic responses 
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